Mechanisms of Membrane Remodeling by Peripheral Proteins and Divalent Cations by Shi, Zheng
University of Pennsylvania
ScholarlyCommons
Publicly Accessible Penn Dissertations
2015
Mechanisms of Membrane Remodeling by
Peripheral Proteins and Divalent Cations
Zheng Shi
University of Pennsylvania, zhengshi@sas.upenn.edu
Follow this and additional works at: http://repository.upenn.edu/edissertations
Part of the Biophysics Commons, and the Physical Chemistry Commons
This paper is posted at ScholarlyCommons. http://repository.upenn.edu/edissertations/2011
For more information, please contact repository@pobox.upenn.edu.
Recommended Citation
Shi, Zheng, "Mechanisms of Membrane Remodeling by Peripheral Proteins and Divalent Cations" (2015). Publicly Accessible Penn
Dissertations. 2011.
http://repository.upenn.edu/edissertations/2011
Mechanisms of Membrane Remodeling by Peripheral Proteins and
Divalent Cations
Abstract
Biological membranes undergo constant shape remodeling involving the formation of highly curved
structures. As one of the most extensively studied membrane remodeling events, endocytosis is a ubiquitous
eukaryotic membrane budding, vesiculation, and internalization process fulfilling numerous roles including
compensation of membrane area increase after bursts of exocytosis. There are multiple independent endocytic
pathways which differ by their speed as well as the proteins that are involved in. Bin/Amphiphysin/Rvs (BAR)
domain proteins, such as endophilin, are responsible for sensing or generating membrane curvature in
multiple endocytic pathways. In this dissertation, I elucidate the mechanisms of membrane remodeling
through in vitro experimental studies with synthetic lipid bilayers.
Firstly, I investigated the binding and assembly of endophilin on planar membranes. Endophilin was found to
be attracted to the membrane through electrostatic forces and to subsequently oligomerize on the membrane
with the help of the protein’s N-terminal helices.
Next, I studied the mechanisms that govern membrane shape transitions induced by BAR domain proteins.
The initiation of membrane curvature occurs at well-defined membrane tensions and protein surface densities.
Importantly, the membrane budding and tubulation initiated by membrane tension reduction provides a
mechanistic explanation for high speed endocytic pathways. The experimentally determined membrane shape
stability diagram shows remarkable consistency with a three-parameter curvature instability model.
Comparing different BAR domain proteins, the ability of three BAR domain proteins to generate high
membrane curvature increases significantly from endophilin to amphiphysin, and to SNX9. The protein-
protein attraction strength was identified as one of the most important factors that leads to the dramatic
difference among these structurally similar proteins.
Furthermore, I examined membrane interactions of α-synuclein, an intrinsically disordered protein whose
aggregation is a hallmark of Parkinson’s disease. The binding of α-synuclein monomers was found to linearly
expand the membrane area before the protein is able to induce membrane curvature. The area expansion is
achieved by thinning of the bilayer. As I experimentally demonstrate, these features make α-synuclein a
reporter of membrane tension as well as a promoter for endocytosis.
Finally, I found that Ca2+ ions can induce membrane invaginations through the clustering of charged lipids,
albeit less efficiently than BAR domain proteins. As I will discuss, this suggests an intriguing role of Ca2+ ions
in the evolution of life.
Degree Type
Dissertation
Degree Name
Doctor of Philosophy (PhD)
Graduate Group
Chemistry
This dissertation is available at ScholarlyCommons: http://repository.upenn.edu/edissertations/2011
First Advisor
Tobias Baumgart
Keywords
alpha Synuclein, BAR domain proteins, Divalent cations, Membrane curvature, Membrane dynamics, Protein
membrane interactions
Subject Categories
Biophysics | Chemistry | Physical Chemistry
This dissertation is available at ScholarlyCommons: http://repository.upenn.edu/edissertations/2011
 
 
MECHANISMS OF MEMBRANE REMODELING BY PERIPHERAL PROTEINS 
AND DIVALENT CATIONS 
 
Zheng Shi 
 
A DISSERTATION 
in 
Chemistry 
Presented to the Faculties of the University of Pennsylvania 
in 
Partial Fulfillment of the Requirements for the 
Degree of Doctor of Philosophy 
 
2015 
 
Supervisor of Dissertation 
_____________________ 
 
Dr. Tobias Baumgart, 
Associate Professor of Chemistry 
 
Graduate Group Chairperson 
______________________ 
Dr. Gary A. Molander, 
Hirschmann-Makineni Professor of Chemistry 
 
Dissertation Committee: 
Dr. Jeffery G. Saven, Professor of Chemistry 
Dr. Feng Gai, Edmund J. and Louise W. Kahn Endowed Term Professor of Chemistry 
Dr. E. Michael Ostap, Professor of Physiology 
 
 
MECHANISMS OF MEMBRANE REMODELING BY PERIPHERAL PROTEINS 
AND DIVALENT CATIONS 
COPYRIGHT 
2015 
Zheng Shi 
 
This work is licensed under the  
Creative Commons Attribution- 
NonCommercial-ShareAlike 3.0 
License 
 
To view a copy of this license, visit 
http://creativecommons.org/licenses/by-ny-sa/2.0/
iii 
 
 
 
 
 
 
 
Dedicated to my parents and my sister 
For their unconditional love and support 
 
  
iv 
 
ACKNOWLEDGMENT 
First of all, I want to express my sincere gratitude to Professor Tobias Baumgart, who has 
helped me in every aspect possible through the last five years. He is the reason why I fell 
in love with biophysics and want to become a good scientist in the future. I simply 
couldn’t have asked for a better advisor.  
 
I want to thank my committee members, Professor Jeffery Saven, Professor Feng Gai, 
and Professor Michael Ostap, for their priceless time, comments, and encouragements. 
They motivated me to think deeper about my research and were there for me whenever I 
needed help. 
 
I want to thank everyone I have overlapped within the Baumgart Lab, for being amazing 
labmates and supportive friends. Particularly, I want to thank Dr. Tingting Wu, Zhiming 
Chen, Dr. Benjamin Capraro, and Dr. Katarzyna Jankowska. We collaborated on multiple 
fruitful projects and had the best time doing experiments together. I’m also grateful to Dr. 
Michael Heinrich, who trained me to use optical tweezers when I had little idea about 
how to carry out an experiment. I want to thank Dr. Chih-Jung Hsu and Dr. Wan-Ting 
Hsieh for being the nicest people I know and helping me in every way they could when I 
was new to the lab. I want to thank Ningwei Li, Jaclyn Robustelli, Dr. Zachary Graber, 
and Vinicius Ferreira for spending valuable time reading and commenting on my 
manuscripts and thesis chapters. I also want to thank Dr. Chen Zhu, Chun Liu, and Dr. 
Sanghamitra Deb for sharing and discussing ideas with me. 
 
I want to thank Professor Elizabeth Rhoades for her tremendous help with my α-
synuclein projects. I also want to thank Professor Kathleen Stebe and Dr. Marcello 
Cavallaro for teaching me about liquid crystals, Professor Min Wu and Maohan Su for 
introducing me to FBP17. I also benefited from enlightening discussions with Professor 
Adam Cohen, Professor Ravi Radhakrishnan, Dr. Ramakrishnan Natesan, Ryan Bradley, 
Professor Jonathan Sachs, Mike Lacy, Professor James Petersson, Dr. Rebecca Wissner, 
John Ferrie, Professor Paul Janmey, Dr. David Slochower, Professor Tom Lubensky, 
Professor Wei Guo, Professor So-Jung Park, and Professor Zahra Fakhraai. 
 
I want to thank my friends at Penn Chemistry, particularly, Dr. Yu-Hsiu Wang, Dr. 
Zhengzheng Liao, Dr. Shi Liu, Chun-Wei Lin, Fan Zheng, Yanxin Wang, Fang Liu, 
Qingjie Luo, Xinle Liu, and Diomedes Saldana-Greco. They made gradschool much 
more fun than I thought it would to be. I will never forget the days when we went on road 
trips, got drunk, or had group studies together. 
 
I’m extremely grateful for my parents and my sister who have been spoiling me for more 
than 25 years. I know they will always be there for me and will always be proud of 
whatever small things I achieve. I feel bad for missing and sometimes even forgetting 
their birthdays and other important occasions in the past five years. I wish I will be able 
to visit them more frequently in the future. 
v 
 
When writing his best seller ‘A Brief History of Time’, Stephen Hawking was famously 
warned that for every equation in the book, the readership would be halved. Therefore, at 
the end, I want to thank my future readers, for being a member of the special group of 
people who are willing to be tortured by some 90 equations in this thesis, it means a lot to 
me…  
vi 
 
ABSTRACT 
 
 
MECHANISMS OF MEMBRANE REMODELING BY PERIPHERAL PROTEINS 
AND DIVALENT CATIONS 
Zheng Shi 
 
Tobias Baumgart 
Biological membranes undergo constant shape remodeling involving the formation of 
highly curved structures. As one of the most extensively studied membrane remodeling 
events, endocytosis is a ubiquitous eukaryotic membrane budding, vesiculation, and 
internalization process fulfilling numerous roles including compensation of membrane 
area increase after bursts of exocytosis. There are multiple independent endocytic 
pathways which differ by their speed as well as the proteins that are involved in. 
Bin/Amphiphysin/Rvs (BAR) domain proteins, such as endophilin, are responsible for 
sensing or generating membrane curvature in multiple endocytic pathways. In this 
dissertation, I elucidate the mechanisms of membrane remodeling through in vitro 
experimental studies with synthetic lipid bilayers.  
Firstly, I investigated the binding and assembly of endophilin on planar membranes. 
Endophilin was found to be attracted to the membrane through electrostatic forces and to 
subsequently oligomerize on the membrane with the help of the protein’s N-terminal 
helices.  
vii 
 
Next, I studied the mechanisms that govern membrane shape transitions induced by BAR 
domain proteins. The initiation of membrane curvature occurs at well-defined membrane 
tensions and protein surface densities. Importantly, the membrane budding and tubulation 
initiated by membrane tension reduction provides a mechanistic explanation for high 
speed endocytic pathways. The experimentally determined membrane shape stability 
diagram shows remarkable consistency with a three-parameter curvature instability 
model. Comparing different BAR domain proteins, the ability of three BAR domain 
proteins to generate high membrane curvature increases significantly from endophilin to 
amphiphysin, and to SNX9. The protein-protein attraction strength was identified as one 
of the most important factors that leads to the dramatic difference among these 
structurally similar proteins.  
Furthermore, I examined membrane interactions of α-synuclein, an intrinsically 
disordered protein whose aggregation is a hallmark of Parkinson’s disease. The binding 
of α-synuclein monomers was found to linearly expand the membrane area before the 
protein is able to induce membrane curvature. The area expansion is achieved by thinning 
of the bilayer. As I experimentally demonstrate, these features make α-synuclein a 
reporter of membrane tension as well as a promoter for endocytosis.  
Finally, I found that Ca2+ ions can induce membrane invaginations through the clustering 
of charged lipids, albeit less efficiently than BAR domain proteins. As I will discuss, this 
suggests an intriguing role of Ca2+ ions in the evolution of life. 
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CHAPTER 1 Background and significancea 
Cellular membranes are highly dynamic and are a feature of the structural complexity of 
biological cells [1-3].  Membrane shape transitions are often coupled with specific 
functions of cellular compartments [4-6]. For example, remodeling of membranes, such 
as in vesicle budding [1, 3, 7] and membrane tubulation [8-11], is required for cellular 
signaling and cargo transportation. Thus, the diversity and dynamics of membrane shapes 
are vital for cell physiology [5]. 
There are many diseases in which membrane instability is believed to play a role. During 
fever, high body temperature induces RBC hemolysis and membrane fragmentation [12, 
13]. In Alzheimer’s disease, altered membrane lipid composition is believed to cause an 
inherent tendency toward destabilization of cellular membranes [14, 15]. More recently, 
the irreversible collapse of nuclear membrane envelopes was found to be responsible for 
massive DNA damage and tumor formation [16].  
Endocytosis is one of the best understood biological processes which potentially involve 
membrane curvature instabilities [17-19]. The formation of highly curved membrane 
structures is believed to be a result of the interplay between lipids and various peripheral 
proteins [3, 20, 21].  The mechanism by which proteins generate and stabilize / 
destabilize membrane shapes, however, is still under debate. Understanding protein 
binding and assembling behaviors on membranes will serve as a starting point for 
explaining these processes. This aspect will be discussed in Chapter 3, as the beginning 
                                                          
a Parts of this chapter are reproduced with permission from Advances in Colloid and Interface Science 
208,76-88. 2014. Shi Z, Baumgart T. Dynamics and instabilities of lipid bilayer membrane shapes.  
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of a series of experimental efforts toward understanding the mechanisms of membrane 
remodeling by peripheral proteins (Chapter4~6). 
Leibler proposed in a theoretical study that membranes can become intrinsically unstable 
in a scenario where local membrane curvature and membrane composition couple [22]. 
However, these theoretical predictions have not been fully tested by experiments until 
very recently [23], due to the difficulties in quantifying membrane properties in or near 
unstable regimes. The experimental realization of testing a modified Leibler theory (see 
Section 1.3) will be described in Chapter 4, using endophilin, a major protein in 
endocytosis (see Section 1.6), as an example for the curvature coupling species on the 
membrane. Endophilin is a member of BAR domain containing proteins that are well-
documented to induce membrane curvature through their crescent shape membrane 
binding interfaces (see Sections 1.4.2). Therefore, in Chapter 5, I will compare different 
BAR domain proteins: endophilin, amphiphysin, and SNX9 in their membrane curvature 
sensing and generation abilities, with the goal of revealing the molecular properties that 
distinguish different (but structurally similar) BAR domain proteins. Then, I will examine 
peripheral membrane remodeling proteins outside the BAR protein family. As an 
example, the biophysics of α-synuclein membrane interactions will be discussed 
extensively in Chapter 6. α-Synuclein is structurally much simpler than BAR domain 
proteins. In Chapter 7, I will seek to investigate one of the simplest group of molecules 
that may significantly interfere with membrane structures. Instead of proteins, I will 
discuss in Chapter 7 the effect of divalent cations, particularly Ca2+ ions, on membrane 
stability. Ca2+ ion represents an important signaling molecule and plays central roles in 
3 
 
many disparate signaling pathways [24]. Therefore, the potential biological impact of 
Ca2+ induced membrane instability will also be discussed.  Finally, I will suggest, from 
my perspective, several interesting directions and open questions in these areas. 
The purpose of the current chapter is to provide an overview of the mechanics and 
dynamics of membrane shape as well as their coupling with protein-membrane 
interactions with an emphasis on the origin of curvature instabilities.  I will begin by 
reviewing the basic concepts regarding determination of equilibrium membrane shapes 
and thermal membrane fluctuations. Membrane tension as a consequence of constraining 
membrane fluctuations will also be reviewed. Curvature instability will be defined as the 
scenario where fluctuation amplitudes grow divergently with time [22] and an instability 
criterion will be derived for a near-planar membrane. I will next discuss protein-
membrane interactions and situations where proteins may induce curvature instabilities. 
Finally, I will introduce the known physiological functions of the proteins as well as 
those of divalent cations that will be studied in this thesis.  
1.1 Membrane Shape 
1.1.1 Basic aspects of membrane mechanics 
The lipid bilayer is the most fundamental structural component of biological membranes 
[25]. The physical properties of the bilayer have been extensively studied since the early 
1970s [25-28], as a first step toward understanding complicated cellular membrane 
behaviors. The membrane’s curvature elastic energy was found by Wolfgang Helfrich to 
play the major role in determining the shape of vesicles [27]. A large variety of 
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experimentally observed shapes of red blood cells (RBC) can be explained simply by 
minimization of the curvature elastic energy Felastic  : 
 





 dACCF selastic 
2)(
2
1
, (1.1) 
with appropriate constraints such as the area volume ratio of the cell [29, 30]. Here κ is 
the bending rigidity, C is the local mean curvature, Cs is the spontaneous curvature of the 
bilayer, σ is membrane tension and A is the membrane surface area.  
Related to the experiments in the following chapters of this thesis, here I will illustrate 
how to determine the equilibrium shape of a membrane tube pulled out from a near 
planar membrane reservoir following Helfrich’s spontaneous curvature model.  
For a tube of length L and radius R, the free energy of the tube, including the elastic 
energy defined in equation 1.1 and the contribution from external pulling force f, is [31, 
32]: 
fLC
R
RLF stube 





  2)
1
(
2
1
2  (1.2) 
When minimizing the free energy of the tube, the surface tension acts to reduce the radius 
(and therefore decrease the total area of the tube) while the bending rigidity of the 
membrane works against the radius reduction (to avoid membrane bending). The balance 
between these two defines the mechanical equilibrium of the tether. The equilibrium 
radius R0 and pulling force f0 can then be calculated by 
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and 
0)
1
(
2
1
2 0
2
0
0 








fC
R
R
L
F
s
eq
tube   (1.4) 
These two equations give: 
2
0
21
sC
R



 (1.5) 








 ss CCf
2
0
2
2


  (1.6) 
When a membrane does not have a spontaneous curvature (Cs=0, as for a bare bilayer 
with symmetric lipid composition on both leaflets), the expressions for equilibrium radius 
and pulling force reduce to: 


2
0 R  (1.7) and  220 f  (1.8) 
These equations clearly show that one can determine the bending rigidity of a bilayer by 
measuring the tension dependence of either the tube radius (equation 1.7) or the pulling 
force needed to maintain the tube (equation 1.8). Notice that because the tube was 
assumed to be connected to an infinite membrane reservoir, the mechanical equilibrium 
does not require an optimal value for L, meaning that tubes pulled to different length will 
have the same equilibrium radius and pulling force.  
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When particles (such as proteins or ions) are asymmetrically bound to the bilayer or when 
the bilayer has an asymmetric lipid composition with respect to two leaflets (e.g. plasma 
membrane), the membrane will exhibit a non-zero spontaneous curvature. In the former 
case, the spontaneous curvature will be determined by the cover fraction of the particles 
on the tube (ϕt) with Cs= C0ϕt, here, C0 is the intrinsic spontaneous curvature of the 
particle. The total free energy of the system including the free energy of the tube and the 
free energy from the interaction between particles can be written as: 
fLaC
R
C
R
RLF tt
t
total 





 

 22
2
0
0
2
)(
2
1
)(
2
1
2
2  (1.9) 
Here ‘a’ is the inverse osmotic compressibility of the particles (on the membrane),   is 
the particle coverage on the flat membrane, representing a reservoir for the particle. The 
spontaneous curvature of the membrane Cs in equation 1.2 is replaced by C0ϕt. This 
effectively leads to a linear coupling between the particle cover fraction and the curvature 
of the membrane as represented by the term 
R
C t 0 .  Notice that, when comparing to 
equation 1.2, the term 22
0
2
1
tC   (resulting from expanding the term in the parenthesis of 
equation 1.2) is replaced by 22
0 )(
2
1
 tC . This is to ensure that at equilibrium, ϕt will 
equal to   at the limit of zero curvature (see equation 1.13).  
Similar to equations 1.3 and 1.4, the mechanical equilibrium of the tube with 
asymmetrically bound particles is: 
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
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2
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 t
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R
 (1.10) 










 t
t C
Ca
f 


 0
22
0
0
2))((
2  (1.11) 
The particle-bound membrane system also needs to reach chemical equilibrium; this can 
be calculated by: 
0))((2
0
02
00 








R
C
CaLR
F
t
eqt
tube 

 (1.12) 
Or 
)(
2
00
0
aCR
C
t




  (1.13) 
Equation 1.13 shows a linear increase of the particle density on the tube (ϕt) with respect 
to the tube curvature (1/R0). This can be used to interpret the preference of the particle for 
membrane curvature (also see Chapter 5). Notice that at zero membrane curvature, ϕt will 
reduce to the particle density of the flat reservoir ( ). When plugging equation 1.13 into 
equations 1.10 and 1.11, the equilibrium radius and pulling force of the tether are: 


2
0
eff
R    (1.14) and  00 222 Cf eff   (1.15) 
with )1(
2
0
2
0
Ca
C
eff




 . 
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From equation 1.15 it can be seen that if the bound particle has a positive intrinsic 
spontaneous curvature (C0>0, such as N-BAR proteins), a smaller force will be needed to 
maintain the tube compared to when there are no bound particles. However, if the particle 
exhibits a negative intrinsic spontaneous curvature (C0<0, such as I-BAR proteins or Ca
2+ 
ions, see Chapter 7), the force-tension0.5 relation will have a smaller slope while having a 
larger intercept. Therefore it will not be easy to predict whether the particle will increase 
or decrease the force needed to maintain the tether. For instance, with C0<0 particles, the 
force at zero tension will be larger than bare membrane. However, if the tension is 
infinitely high, the particle bound tether will require a lower pulling force than a bare 
membrane tether due the decreased slope predicted by equation 1.15. 
In Helfrich’s spontaneous curvature model, the membrane is treated as a two-dimensional 
flexible film. While the model captures the essence of membrane geometries, the 
understanding of detailed, experimentally observed mechanical behaviors requires 
accounting for details of the membrane’s bilayer architecture (such as the area difference 
between the two leaflets of the bilayer) [33, 34].  
When treating the membrane as a three-dimensional object, an important aspect of 
membrane mechanics one needs to keep in mind is the membrane’s highly anisotropic 
elasticity in the third dimension (compared to the two in-plane dimensions). We will 
consider the in-plane directions to be x and y, and the third direction perpendicular to the 
membrane plane to be z (Fig. 1.1). The elastic moduli for the three directions typically 
follow Exx~Eyy>>Ezz. The in-plane moduli are usually measured in terms of the 
membrane area expansion modulus KA, which has a typical value of 0.2 N/m [35]. The 
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transverse elastic modulus of the membrane Ezz is typically between 0.4~4 MPa [36]. To 
compare these two values, the considerations below can be followed.  
Firstly, the conservation of the bilayer volume Vmem requires ΔVmem = Δ(amem dmem) = 0, 
leading to a relation between area amem and thickness dmem of the bilayer and their 
corresponding deformations Δamem, and Δdmem: 
mem
mem
mem
mem
d
d
a
a 


. To deform the bilayer 
in the transverse direction (z direction), the necessary energy to be supplied to the bilayer 
is: memmemzzzz daEG  . To deform the bilayer in the in-plane directions (for example x 
direction), the necessary energy to be supplied to the bilayer is: 
memmem
mem
A
memAxx da
d
K
aKG   . Therefore the in-plane elastic modulus of the 
membrane Exx (same for Eyy ) can be defined as Exx = KA/dmem. Assuming d=4nm, one 
obtains Exx ≈ 50 MPa, which is more than one order of magnitude larger than the 
transverse elastic modulus, Ezz = 0.4~4 MPa. 
As an example, consider a piece of membrane with the dimensions of 
100nm×100nm×4nm (x×y×z, roughly the size of a synaptic vesicle or a clathrin coated 
pit). To deform the membrane by 0.01% (Δamem = 1nm
2 or Δdmem = -0.4pm) through 
application of an in-plane (x or y direction) force, the energy that will be needed is
TkaKG BmemAxx 48 , indicating this process is unlikely to happen due to thermal 
fluctuations. However, only TkdaEG Bmemmemzzzz 4~4.0 is needed (to achieve the same 
extent of deformation) if the force is applied in the z-direction, which is roughly within 
the range of thermal noise. 
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Equilibrium studies of membrane geometries reveals the underlying physics that 
contribute to cellular shapes. On the other hand, the mobility and shape transitions of 
cellular membranes are influenced by membrane dynamics. One of the most fundamental 
dynamic behaviors of a lipid bilayer is its fluctuations under thermal agitation. Analyzing 
the fluctuation spectrum can yield basic physical properties of the membrane and its 
interaction with the surrounding environment [37, 38]. Another aspect of cellular 
dynamics involves the membrane deformation under external forces, which can be 
exerted either by solution flow [39, 40] or through the interaction with the cytoskeleton 
[41, 42]. Dynamics studies of membranes are able to elucidate the spatiotemporal aspects 
of biological activities. For example, motility of cells is usually driven by a cyclic 
generation and healing of membrane blebs or protrusions, with velocities ranging from 
0.1μm/min to over 10μm/s [43-45]. 
1.1.2 Basic aspects of membrane shape fluctuations 
Thermal out-of-plane fluctuations of membranes, also known as the “flicker phenomenon” 
[37], can be experimentally quantified through a variety of methods such as phase 
contrast microscopy [37], reflection interference contrast microscopy [46] or a recently 
developed optical tweezers method [47]. Recent reviews on this topic are available, see 
Refs [48-50].  
The free energy of a near-planar bilayer as determined by its curvature elastic energy can 
be written in the Monge representation [22, 34, 50],  
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  dxdyhF  
22
2
1
  (1.16) 
where h denotes the height profile of the bilayer relative to the x, y plane (spontaneous 
curvature of the membrane and membrane tension are neglected here for simplicity). To 
analyze the fluctuation spectrum of the membrane, it’s usually advantageous to work in 
the Fourier space following: 
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The Fourier transform of the free energy of the bilayer is: 
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 (1.18) 
Here, A is the observed membrane surface area, the asterisk represents taking the 
complex conjugate of the indicated term, and )(q  is the delta function. 
)(qLdxe
L
iqx 

was used in the third step of the above derivation. 
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The thermal average of the fluctuation amplitudes is connected to membrane properties 
through the equipartition theorem. 
TkqhAq B
2
1
|)(|
2
1 24   (1.19) 
Or, in the more commonly used format: 
4
2|)(|
qA
Tk
qh B

   (1.20) 
Thus, by measuring the spatial frequency spectrum at q>π/L (when fluctuation 
wavelength is comparable to the size of the cell or vesicle L, this analysis is no longer 
accurate [37, 51]), the membrane’s bending rigidity κ can be determined. This serves as 
another way to measure κ in addition to measuring the radius or pulling force of a 
membrane tube (equations 1.7 and 1.8).  
The dynamics of membrane fluctuations are governed by the hydrodynamics of the 
surrounding solution through the Navier-Stokes equation for incompressible liquids: 
0
)( 2




v
pvvv
t
v




 (1.21) 
Here, ρ is the density, v

 is the velocity, η is the viscosity, and p is the pressure of the 
enclosed fluid. For small amplitude motions discussed here, the nonlinear convective 
term vv

)(   can be neglected [37, 52, 53].  
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Consider a planar wave in the x-direction with wavenumber q0, then the velocity and 
pressure of the liquid can be written as iwtxiqiwtxiq ezppezvv   00 )(,)(

 and the height of 
the membrane as
iwtxiq
ehh

 00 . For simplicity, only consider the liquid below the 
membrane will be considered as illustrated in Fig. 1.1. However, it can be easily shown 
that a membrane with liquid on both sides will exhibit the same general behavior [52, 54]. 
 
Figure 1.1 Sketch of a fluctuating membrane in a liquid environment. 
 A fluctuating membrane, with a height profile of h, surrounded by a liquid solution (grey, only 
lower part is drawn) with viscosity η, velocityv

, and pressure p. 
‘∂/∂t’ and ‘∂/∂x’ can then be replaced by ‘iw’ and ‘iq0’ respectively. From now on, I will 
use the prime sign to denote ‘∂/∂z’. The Navier-Stokes equation now becomes: 
0)(')(
)('))('')(()(
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0
2
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 (1.21’) 
Solve the equation set for vz(z) leads to: 
 
 
z 
inner 
outer h(x, t) 
x 
pv,


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The eigenvalues of the 4th order derivative equation can be derived by assuming vz(z) = 
eλz, which leads to the following 4th order equation for λ: 
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Therefore, the eigenvalues for equation 1.22 are 02,1 q  and )(
2
04,3 q
iw



 , 
giving the solution for  vz(z): 
lzzqlzzq
z eCeCeCeCzv
  4321
00)(  (1.24) 
with 

iw
ql 
2
0
2
, and C1 ~ C4 as constants. 
Assuming the liquid to be stationary at z , C3 and C4 should be zero. Therefore,
lzzq
z eCeCzv 21
0)(  . Similarly, one can solve for vx(z) and p(z), leading to the solution 
to the equation of motion: 
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The unknown constants C1 and C2 can be determined from the following boundary 
conditions at the bilayer-liquid interface: 
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)( iiijijij vvpT    is the viscous stress tensor and Pz is the elastic restoring force 
due to membrane deformation. The first equation indicates there is no external force in 
the x-direction. The second equation describes the balance of forces in the z-direction, 
between liquid stress and the restoring force caused by membrane bending.  
Equation (1.26) can be used to calculate the unknown consntants, 
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The coefficients C1 and C2 as a function of h can then be obtained: 
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Continuity of the velocity at the membrane-liquid interface requires, 
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which is a first order approximation of the kinematic boundary condition 
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This equation yields, with the expressions for C1 and C2, 
hq
wqiwlqq
qiw
t
h 4
0222
00
23
0
0
4)(4








. (1.30) 
With 
iwtxiq
ehh

 00 and the expressions for C1 and C2 obtained from equation (1.28), 
equation (1.30) leads to the dispersion relation: 
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Define the unitless quantities: 
2
0
0
2 q
iw
S


 and 2
0
4
q
y  , the dispersion relation becomes: 
021)1( 0
2
0  SyS  (1.32). 
The roots of the dispersion relation give the eigenfrequencies of fluctuation modes. Since 
y<<1 (as will be discussed later), equation (1.32) has two roots for a certain wave vector 
q0, with the smaller one close to S0=0 and the larger root close to S0=1/2. 
For S0~0, one obtains the slow mode, 
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In this case, the inertial term ‘
t
v



  ’ can be neglected while solving the Navier-Stokes 
equation (Stokes approximation). Equation (1.29) then becomes h
q
t
h
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(this can be 
shown either by calculating a new general solution to replace equation (1.25) or by 
setting ρ=0 in equation (1.30)). Assuming 
iwtxiq
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dissipation mode


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0qiw  . 
For S0~1/2, one can get the fast mode  
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1 q
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Numerical solutions for the slow and fast modes are shown in Fig. 1.2. It is worth noting 
that both modes are non-propagating since exp(iwt) decays exponentially with time, 
indicating that the membrane is stable against perturbation [37]. Actually, it is easy to see 
that when y<y*~0.145, there are always two real roots lying between S0=0 and S0=0.5 
for equation (1.32). This also means that for any wavenumber smaller than
 /*4* 20 yq  , there are two pure imaginary values for the eigenfrequencies w, as 
shown in Fig. 1.2. Therefore, the membrane fluctuations will always exhibit two stable 
dissipating modes when q0< q0*. 
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Taking typical values for the bending rigidity, liquid viscosity and density: κ=10-19J, 
ρ=103kg/m3, η=10-3J s/m3, it can be easily shown that 0
11105.2 qy   . Since the upper 
cutoff for q0 is defined by the spacing of lipids a0 (about 1nm) as q0 <π/a0~10
9m- 1 [37, 
56], this leads to y < 0.025. Thus, physically meaningful membrane fluctuations are 
always stable. 
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Figure 1.2 A comparison of dispersion relations with different boundary conditions.  
Dispersion relations resulted from equation 1.32 (black) and 1.32’ (gray) are plotted. As can be 
seen in the figure, the slow modes (lower part) of two dispersion relations are identical 
(overlapped). However, the fast mode (upper part) shows a difference (as becomes clear in the 
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zoomed-in figure of the inset) between two dispersion relations. κ=10-19J, ρ=103kg/m3, η=10-3J 
s/m3 were used for the plot and the dashed line represents the corresponding value for log(q0*). 
For the boundary condition equation (1.26), Brochard et al. [37] used 0| 0zxv  instead 
of 0| 0zxzT . If one assume the former boundary condition, the dispersion relation will 
be 
0)1( 0
5
0
2 
l
q
qw   (1.31’) or 0)121(21 00
2
0  SySS   (1.32’) 
For a certain y<y**~0.155 (or q0< q0**), equation (1.32’) also gives two dissipation 
modes between S0=0 and S0=0.5. As shown in Fig. 1.2, the dissipation modes resulting 
from two different boundary conditions behave very similarly. In fact, the two slow 
modes are indistinguishable; only the fast modes differ slightly without affecting the q0
2 
dependency. Note that both boundary conditions have been successfully applied to 
explain experimental data [22, 37, 38, 57]. Only techniques with an extremely high 
tempo-spatial resolution would have the potential to identify the ‘correct’ boundary 
condition.  
The foregoing discussion describes the dissipation of thin-film fluctuations into the 
surrounding bulk liquid. Therefore, the results are also applicable to lipid monolayers 
where only one side of the membrane is bordered by bulk liquid. One major difference 
between the fluctuation behaviors of a lipid bilayer and a monolayer is that liquid on both 
sides of a bilayer can dissipate the fluctuations, modifying the slow dissipation mode to
 4/
3
0qiw  . 
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For a membrane in the vicinity of a substrate, the fluctuation spectrum of the membrane 
will be modified due to the presence of steric repulsion and van der Waals attraction 
between the membrane and substrate [52, 53, 57]. In biological systems, this substrate 
effect could be a result of membrane adhesion to the cell cortex, cytoskeleton or to other 
surfaces [34, 58-60]. 
In this case, the free energy of the membrane can be modified as follows, 
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with V(z) representing an effective interaction potential. In a harmonic approximation, the 
interaction potential can be approximated as 2/)( 2hzV  , with 
22 / dzVd evaluated 
at the average position of membrane.  
The velocity field of the liquid between the membrane and the substrate should be 
vanishing at the position of the substrate instead of at z , as was used for deriving 
equation (6). Consequently, the dispersion relation of a fluctuating membrane at a 
distance l0 from the substrate becomes (only the slow mode is considered) [57], 















)1(,
2
)1(,
)()cosh()sinh()()(sinh
)()(sinh
00
0
4
0
00
2
0
6
03
0
000000
2
0000
2
2
0000
2
0
4
0
lq
q
q
i
lq
qq
il
w
lqlqlqlqlq
lqlq
q
q
iw






  (1.33’) 
21 
 
Once the dispersion relation is obtained, the power spectrum of membrane undulations 
can be calculated from the fluctuation dissipation theorem. It can be shown that the 
power spectrum is entirely dominated by the slow mode [22, 37]. Thus, for the following 
discussion, I will focus on the slow mode only. 
1.1.3 An additional dissipation mode as the result of inter-leaflet friction 
As discussed above, membrane shape fluctuations are influenced by the membrane’s 
bending rigidity, and therefore equation (1.33) is also called the ‘bending mode’ of 
dissipation [2, 38, 61]. A second way of damping membrane fluctuations takes into 
account the double-leaflet structure of the lipid bilayer [34, 38, 62]. Local membrane 
bending generates a lipid density difference between the two monolayers, a process 
which can be damped by the friction in the tail region of the hydrocarbon chain while two 
monolayers are sliding over each other [34]. As will be shown below, the presence of 
inter-leaflet friction will change the fluctuation spectrum and give rise to an additional 
dissipation mode. This effect is more pronounced when two leaflets are intrinsically 
asymmetric [8], which is biologically significant since peripheral proteins as well as 
lipids are known to distribute asymmetrically across the plasma membrane [63]. 
Consideration of the lateral redistribution of lipids leads to the following modified free 
energy expression, 
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k is an elastic area compressibility modulus, d is the distance between the mid-surface of 
the bilayer and the neutral surface of a monolayer, ρ± is the scaled deviation of lipid 
density from its equilibrium value, and ‘+’ and ‘-’ represent the outer and inner leaflet, 
respectively. In the presence of the interaction potential V(z),  additional modifications of 
the membrane fluctuation spectra are thoroughly discussed in Ref. [53]. 
Dynamics of the liquid on both sides of the membrane are still determined by the Navier-
Stokes equation, but the balance of forces at the boundary (equation (1.26)) is altered by 
the lateral redistribution of lipids. The modified boundary conditions are [38], 
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The first equation displays the balance of forces in the x-direction, between the viscous 
stress of 3D liquid motion and the 2D forces on membrane (surface pressure gradient, 
viscous stress in the membrane and inter-leaflet friction, where µ is the membrane 
viscosity and bf is the inter-leaflet friction coefficient). The second equation describes the 
balance of forces in the z-direction. Here, kd 22~  describes the renormalization of 
bending rigidity by the effect of elastic stretching and compression, and ρ is defined as 
2/)(    , representing the density difference between two monolayers. 
The equation of motion is determined by the continuity of velocity 0|/  zzvth , and 
lipid density 0|// 
  zx xvt . Solving equation (1.21) with the new boundary 
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conditions and applying the Stokes approximation to obtain expressions for vx and vz, 
yields the following equation of motion for the membrane: 
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The two eigenvalues of the dynamical matrix M, γ1 and γ2, represent two dissipation 
modes of the membrane fluctuation (γ=-iw); these are shown in Fig. 1.3 for a typical set 
of membrane parameters. In order for the membrane to be stable, γ1,2 should be larger 
than zero so that exp (-γ t) will decay with time. This leads to kd 22~  , which is always 
true considering kd 22~   and   is positive. Thus, lateral redistribution of lipids only 
provides an alternative way to damp membrane fluctuations; the linear stability of the 
bilayer with respect to perturbation is not altered. Since the system has three degrees of 
freedom ( ,,h ), where 2/)(     is the average lipid density, there is a third 
dynamic mode corresponding to  . However, it is easy to see that fluctuation of  is 
decoupled from the other two degrees of freedom and therefore will not influence the 
shape of the membrane [38, 64]. 
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Figure 1.3 Dispersion relation for a single bilayer membrane with interleaflet damping. 
The black and gray solid lines are the fast and slow viscous modes, respectively. The dotted line 
represents the conventional bending mode: γ=κq03/4η (adapted from Fig.2 of [38],κ=10-19J, 
k=0.07J/m2, d=10-9m, η=10-3J s/m3, μ=10-9J s/m2, bf=3×109J s/m4 are used for the plot). 
At small q0, expanding the expressions for γ that result from equation (1.37) about q0=0 
gives
fb
kq
2
2
0
1  and 


4
3
0
2
q
 . γ2 corresponds to the damping of the conventional 
bending mode via the surrounding liquid. It differs from equation (1.33) by a factor of 
two, which is due to the fact that I only considered the liquid on one side of the 
membrane in deriving equation (1.33). γ1 is a new ‘slipping mode’, which describes the 
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damping of inhomogeneous lipid density by inter-leaflet friction. At large q0, 



4
~ 3
0
1
q
  
and


 ~2
k
 ; here γ1 becomes the rate for dissipation in the surrounding liquid, with an 
effective bending rigidity~ . The increase of the effective bending rigidity is due to the 
inability of lipid density to respond as fast as the decay of height fluctuations [38]. In this 
regime, the dissipative mechanism for γ2 is related to the properties of the 2D membrane, 
which changes from inter-leaflet friction to the membrane viscosity. 
A number of studies have contributed to the measurement of the inter-leaflet friction 
coefficient bf [8, 38, 62, 65-67]. The results vary largely for different systems, from 
7107.2   up to 49103  msJ , making it hard to estimate the contribution of interleaflet 
friction. Here, I take the result from the most recently developed experimental technique 
[66], where bf was measured as 
49103  msJ  for an unsupported bilayer and found to be 
independent of lipid chain length. Taking typical values for the physical constants:
J1910 , 22107   mJk , sPa  310 , one can see that γ2 is comparable to γ1 at around 
q0=0.5m-1. For smaller wavelengths (λ<1 m), the dominating pathway for dissipation 
begins to be controlled by membrane properties instead of the bulk liquid viscosity. For 
the membrane viscosity μ, recent measurements have obtained 2910   msJ  for a 
liquid disordered phase and 2810   msJ for a liquid ordered phase [68], consistent 
with earlier measurements [65, 69]. Thus, the contribution from membrane viscosity can 
usually be neglected compared to interleaflet friction considering q0 < 10
9m-1 and μq0
2 < 
bf. 
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The additional dissipation mode discussed above has been confirmed both by molecular 
dynamics simulations of a coarse-grained (CG) bilayer model [61], and by flicker 
spectroscopy studies of the fluctuation spectrum of giant vesicles [67]. The simulation 
observed a double-exponential decay of the fluctuation, with decay rates nicely agreeing 
with the predicted values for γ1 and γ2 [61]. The experimental fluctuation spectra were 
found to systematically deviate from the pure-bending behavior at large wavenumbers 
and the relaxation rates of the fluctuation clearly obeyed ~ q0
2 [67]. These findings 
directly support the existence of the slipping mode and the crossover of the dominating 
dissipation mode from bending to slipping as q0 increases. 
It should be noted that, in the above discussions, a number of simplifying assumptions 
were made. For example, the overall (average) geometry of the membrane was not 
considered beyond a planar geometry, the magnitude of fluctuations was assumed to be 
small, and membrane shear dissipation was neglected. These simplifications, while valid 
in most cases, do not capture certain phenomena that occur in special situations. For 
example, membrane shear viscosity becomes essential in highly curved membrane tethers 
[64]. It is also likely that the presence of peripheral proteins on the bilayer can greatly 
enhance the shear viscosity of the membrane. A model regarding the complex dynamic 
behaviors of biological membranes without most of these simplifications is discussed 
numerically in a recent paper [64], illustrating new and nontrivial dynamics of lipid 
membranes. 
Besides the above-mentioned flicker spectroscopy study [67], the slipping mode of the 
bilayer was revealed in experiments that involved local delivery of a basic pH solution to 
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giant vesicles. In these experiments, upon the arrival of chemicals at the vesicle surface, 
Fournier et al. observed a large-amplitude undulation of the membrane followed by 
ejection of membrane tubules [5, 8, 70, 71]. In interpreting these observations, the basic 
solution was assumed to increase the repulsion between lipid head groups, thus locally 
decreasing the lipid density of the outer monolayer. By measuring membrane undulations 
under chemical modification, one can test the coupling between lipid density and bilayer 
shape which is controlled by inter-leaflet friction as discussed in the preceding section.  
Consider that, at time zero, the basic chemical (such as OH-) reduces the equilibrium lipid 
density of the outer leaflet by ε. The free energy of the bilayer as in equation (1.35) then 
becomes 

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Carrying out a derivation equivalent to equation (1.37) and considering the fact that ηq0 
<< bf and μq0
2<< bf for the lipid bilayer, the relaxation dynamics for the chemically 
modified bilayer can be written as 
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The eigenvalues of this modified dynamical matrix are 
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Since tt QePeth 21)(    , with P and Q determined by the initial conditions: h(t=0)=0 
and ρ(t=0)=- ε/2. This leads to:  
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From equation (1.41) one can easily see that the membrane undulation converges to zero 
at infinite time, thus indicating stability of the bilayer. At )/()/ln( 2121  t , h(t) 
achieves its maximum: 
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kdq
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For a few percent variation of the effective headgroup area (ε~0.01), hmax can easily 
achieve a macroscopic value (~1μm). By measuring the shape undulation of the 
chemically modified vesicle, the inter-leaflet friction coefficient was fitted as 
49102  msJ [8], in good agreement with the more recently measured value mentioned 
above. More realistic and complicated models were also discussed by Bitbol and Fournier: 
spontaneous curvature of the membrane was accounted for and was allowed to be 
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modified by chemicals [5, 70]; where both the membrane binding kinetics and the effect 
of inhomogeneous concentration of chemicals were examined [71]. 
1.2 Membrane tension 
1.2.1 Physical origin of entropic membrane tension 
As discussed above, membranes undergo thermally excited shape fluctuations to increase 
their configurational entropy [2]. In reality, instead of being a free-floating bilayer, 
biological membranes are usually constrained by the shape of the cell and the dynamic 
coupling with the cytoskeleton [34, 41, 60, 72, 73]. The geometrical constraints imposed 
by the membrane shape, or any external restrictions, will reduce the configurational 
entropy and create a lateral tension in the membrane [35, 56]. Taking these contributions 
into account, the free energy of the membrane should then be written as, 
  dxdyhhhF   22
22 ||
2
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where σ is membrane tension and 
0
22 |/  zdzVd  again represents the contribution 
from the harmonic interaction potential. Accordingly, the fluctuation spectrum as 
determined from the equipartition theorem is modified to yield [37, 74], 
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Macroscopic observation of projected surface area as a function of membrane tension 
allows determination of the compressibility of membranes. The decrease of effective or 
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projected membrane area relative to the real membrane surface area (ΔA) due to the 
undulations can be calculated from the fluctuation amplitude [56],  
 
A
dAhA 2||
2
1
 (1.45) 
or more conveniently, in Fourier space 
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Equations (1.44) and (1.46) lead to 
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Replacing the sum by an integral, 
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and considering the lower and upper limit for the integration as defined by π/A0.5 (A~L2) 
and π/a0, the total decrease of projected area can be calculated from equation (1.47) and 
(1.48), 
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with, 
2
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2,1
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In the limit of σ>>κΩ, x1 = 0 and x2 = -σ/κ. Equation (1.49) then simplifies to 
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Thus, a certain amount of area is hidden in the roughness of membrane undulations. At 
zero tension, the amount of hidden area is )/ln(8/|/|
2
0aATkAA B   ; increasing 
membrane tension will serve to flatten out undulations and increase projected area. 
Defining ΔAexp as the change of membrane area relative to the initial membrane state with 
tension σ0, Equation (1.50) changes into the more commonly used format [75], 
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When a stretching force is applied to the bilayer (experimentally this is usually done by 
aspirating a vesicle with hydrostatic pressure [35, 76] or by expanding the substrate of a 
supported lipid bilayer [73, 77]), entropic tension adds to the normal elastic stretch 
response of a fluid membrane [56]. Thus, the total area change (ΔAt) as one increases 
membrane tension (compared to the initial σ=σ0 membrane) can be written as 
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where KA is the elastic modulus of membrane area expansion.  
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Accordingly, two different regimes of membrane tension response to stretching of the 
projected area can be observed: in the low-tension regime, equation 1.52 is dominated by 
the entropic term and membrane area will increase logarithmically with tension. In the 
high-tension regime, the enthalpic or elastic stretching term becomes important, leading 
to a linear relation between area and tension. By fitting experimental data in the two 
regimes, bending and elastic stretching moduli can be extracted respectively, and the 
crossover tension for the two regimes is found to be around 0.5mN/m [35]. This two-
regime behavior is also verified by CG simulations [78], from which one can obtain a 
more detailed description of the structural rearrangements of bilayers under tension. 
Notably, equation 1.52 serves as a third independent way to measure membrane bending 
rigidity, in addition to equations 1.7, 1.8, and equation 1.20. 
For simplicity, I used a plane-wave approximation in treating fluctuation modes. For 
vesicles, it is more appropriate to expand the membrane with respect to a spherical shape 
[79]. However, the resulting physical relations are very similar. Regarding equation (26), 
for example, in the quasi-spherical approach, only the pre-factor for membrane tension 
needs to be changed from π2 to 24π [35]. For a discussion of the entropic tension of non-
spherical shapes, and more precise evaluation of the tension induced by constraining 
membrane fluctuations, see Ref. [80]. 
In deriving equations 1.49~1.52, the conservation of total membrane area sets a 
constraint to relate entropic tension to the hidden membrane area. During membrane 
fusion, however, a significant amount of lipids will be added into the bilayer and total 
membrane area will increase. Studies have shown both theoretically [81], and by 
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experiments [82], that during fusion of oppositely charged vesicles, membrane tension 
will become negative and local instabilities of the vesicle can occur. Conversely, 
increasing membrane tension was found by mesoscopic simulations to facilitate the 
fusion of vesicles into membrane bilayers [83]. Another example of tension regulation of 
the membrane area was demonstrated by reversibly straining a lipid bilayer that was 
coupled to an elastic PDMS sheet [73, 77].  By stretching the elastic support, the bilayer 
expands laterally by fusing adhered lipid vesicles which compensates for the membrane 
tension induced by the lateral strain. Upon compression, spherical or tubular protrusions 
are found to nucleate and subsequently grow out of the membrane [77]. The formation of 
tubules under compression indicates the existence of a critical (negative) membrane  
tension, beyond which the planar bilayer is destabilized and expels lipid tubes to relax its 
area in the plane [73]. The membrane tubes, stabilized by a negative pressure imbalance 
between two sides of the bilayer, transform its shape dynamically when the liquid volume 
enclosed between the bilayer and PDMS sheet is changed. Interestingly, the tubules will 
thin out, collapse, and detach after a rapid decrease in liquid volume [77]. 
1.2.2 Biological significance of membrane tension 
The roles of membrane tension in regulating dynamic cellular behaviors are gaining more 
and more attention in recent years, with studies ranging from cell shape and motility, exo- 
and endocytosis, to intracellular signaling and gene expression [59, 84-93]. Cells are 
known to maintain their unique membrane tensions which usually arise from two sources: 
hydrostatic pressure across the lipid bilayer and cytoskeleton-membrane adhesion [59]. 
The latter contribution is postulated to play the primary role, considering the large surface 
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area-to-volume ratio of most mammalian cells [58]. However, separating the relative 
magnitude of each source is difficult since they are not independent from each other [88].  
In order for the cells to maintain a relatively stable membrane tension, sudden tension 
changes need to be buffered by depleting / restoring membrane reservoirs [86, 88].  
Membrane reservoirs can store 20% - 40% of the plasma membrane area and usually 
exist in the form of membrane folds, caveolae and blebs [85, 88]. 
The dynamic membrane shape transition required for cell migration is determined by the 
elastic free energy of the membrane, in which tension plays a major role. Membrane 
tension is also closely involved in the regulation of membrane trafficking processes since 
the addition or removal of lipids during vesicle fusion or fission directly alters the 
magnitude of stress in the membrane. Generally speaking, increasing membrane tension 
will slow down the rate of cell motility [93, 94], activate exocytosis [87], and inhibit 
endocytosis[95]. Particularly, during the membrane invagination stage of clathrin-
mediated endocytosis (CME), vesicles can easily form when membrane tension is low, 
however, extra force from actin polymerization is required if the cellular plasma 
membrane is under high tension [96]. Another notable example is the recently discovered 
ultrafast endocytosis pathway in neurons[91], where the exocytosis was found to be 
tightly coupled to the formation of endocytic vesicles, very likely through the tension 
decrease caused by the fusion of synaptic vesicles. 
1.3 Membrane shape instabilities 
As discussed above, negative membrane tension, accomplished by physically 
compressing or adding lipids into the membrane, could cause a planar membrane to 
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become unstable, leading to the formation of non-planar shapes including membrane 
tubules [73, 82]. Spontaneous tubule formation can also be triggered chemically by the 
binding of polymers [97, 98] or even the addition of a simple basic pH solution to giant 
vesicles, as mentioned above [8]. More importantly, membrane tubules play important 
biological roles and can be induced by membrane curvature sensing and generating 
proteins [20]. Some peptides are also known to induce protrusions from supported lipid 
bilayers [99]. Real-time tubulation of giant vesicles has recently been reported for 
proteins containing F-BAR domain [100], N-BAR domain [23], I-BAR domain [101] as 
well as α-synuclein [102]. However, unlike the dynamics of membrane fluctuations, the 
rate and mechanism of membrane tube formation have not been well described.  
There are numerous phenomena involving membrane shape instabilities. Apart from the 
above-mentioned spontaneous membrane tubulation, externally applied perturbations 
such as by means of optical tweezers or the anchoring of polymers / nanoparticles can 
induce a pearling instability [103-106]. Membrane tubulation can also be induced by 
asymmetric adsorption and crowding of particles on the membrane [98, 107, 108]. 
Vesicles can undergo shape transitions induced by temperature change or by the coupling 
between local membrane composition and curvature [34, 109-112]. Among these 
phenomena, the ones induced by macromolecule- (in particular protein-) binding to 
membranes are especially interesting due to their biological significance.  
Several models have been proposed to explain membrane shape instabilities [22, 28, 98, 
113, 114]. The model directly applicable to curvature-inducing proteins considers the 
coupling between membrane curvature and protein density [22, 106]. When a planar 
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membrane becomes unstable, the effective bending rigidity of the membrane will become 
zero and shape fluctuations of the membrane will increase with time until reaching 
macroscopic levels [22]. Here, I will once again mainly focus on membranes with a near-
planar geometry, so that membrane fluctuations can be easily represented by planar 
waves. For membrane shape transitions between nontrivial configurations, extensive 
discussions can be found in the following contributions [34, 109, 115, 116].  
Consider that proteins with a normalized local density ϕ (equivalent to fractional protein 
coverage, ranging from 0 to 1) can diffuse in the membrane with a diffusion coefficient D. 
The interaction between proteins can be described by the Ginsburg-Landau free energy 
[22, 54, 117], 
  dxdybaFprotein }||2
1
2
1
{ 22   (1.53) 
where ‘a’ is the inverse osmotic compressibility which is dependent on protein density 
[118], ‘b’ is normally a constant and can be expressed (in a simple lattice model) as 
‘ TkB / ’ where β is the excluded area of the protein and λ represents an effective  
‘interaction area’ for the energy in a protein density gradient [119]. The first term 
describes the free energy density for a homogeneous system while the second term 
represents the energy cost of inhomogeneous protein distribution.  
If the protein has an intrinsic curvature, as most curvature sensing and generating proteins 
do [20], the elastic energy of the bilayer with the contribution from membrane tension 
will be written as: 
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2   (1.54) 
where C0 describes the intrinsic spontaneous curvature of the protein after binding to the 
membrane.  
For simplicity, the coupling between protein and membrane is assumed to be isotropic, 
and the contributions from membrane inter-leaflet friction and the interaction potential 
V(z) are not considered in the following dynamic analysis. the modification of membrane 
instability criterion in the presence of a harmonic interaction potential will be briefly 
discussed at the end of this section. For inclusions anisotropically coupled to membrane 
curvature, the Gaussian curvature of the membrane will be affected in addition to the 
mean curvature [120-123].  
It can be easily seen from equation 1.54 that the presence of spontaneous curvature leads 
to an effective coupling between protein density and local membrane shape, with the 
coupling strength described by κC0. 
  hdxdyCFcouple
2
0  (1.55) 
Thus the total energy of the membrane and protein can be written as, 
  dxdybahChhF eff }||2
1
2
1
||
2
1
)(
2
1
{ 2220
222   (1.56) 
here, aeff=a+κC0
2 is the effective inverse osmotic compressibility after accounting for the 
spontaneous curvature of a membrane patch covered by a protein molecule. Both ‘aeff’ 
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and ‘b’  are assumed to be positive to exclude the situations of spontaneous demixing of 
proteins [22]. 
The dynamics of the bulk liquid is still determined by the Navier-Stokes equation and the 
corresponding force balance equations at the membrane-bulk liquid interface. The 
restoring force of the membrane includes the contributions from membrane tension and 
protein distribution: 
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Here,   ),(),( yxyxc  is the deviation of local protein density from its average value
 , and it is assumed to follow 
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
 00 . 
Motions of the membrane and of the proteins on the membrane are described by 
hq
a
DC
cDq
a
b
cDq
c
F
a
D
j
t
c
eCCv
t
h
effeffeff
iwtxiq
zz
4
0
04
0
2
0
2
650
)(
)(| 0








 


   (1.58) 
The first equation is identical to equation 1.29 with C5 and C6 representing the constants 
determined by the new set of boundary conditions in equation 1.57.  The second equation 
describes the diffusion of proteins on the membrane. Here, protein binding from the bulk 
liquid is ignored since protein / membrane binding is usually diffusion-controlled and the 
diffusion of protein in the bulk solution is typically much faster than on the lipid 
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membrane. If membrane binding and unbinding of protein molecules is considered, the 
time dependence of the local protein density will be modified to [54], 
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where
bDiwqL /
2
0  , Db and   are the protein’s diffusion coefficient and 
characteristic diffusion length in the bulk, respectively, and τ is the residence time of the 
protein on the membrane. The presence of bulk diffusion will affect the fluctuation 
spectrum. For example, an oscillatory damping mode emerges at large q0, but the 
curvature instability criteria will not be changed as discussed in Ref. [54]. 
In equation (1.58), C5 and C6 can be determined from equation (1.57) and the resulting 
equation of motion for the membrane is: 
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here, m is independent of h and c and 
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Using 
iwtxiq
ehh

 00  and
iwtxiq
ecc

 00 , equation (1.60) gives the dispersion relation of the 
system: 
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with unitless variables defined as 
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When there is no coupling between protein density and membrane curvature (C0=0), 
equation (1.61) reduces to equation (1.32). 
In the slow mode limit (S0<<1), since 1/ζ~10
-8<<1, and if bq0
2/aeffζ<<1 can also be 
assumed as in [22], the dispersion relation approximates to: 
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The fluctuation modes as the roots of the dispersion relation are: 
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Here, iw is always real, indicating that the mode remains non-propagating [22]. Fig. 1.4 
shows iw as a function of q0 for both zero and non-zero tension situations. 
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Figure 1.4 iw as a function of q0; the planar membrane is stable when iw<0.  
Membrane tension σ=0 in (a) and σ=10-4N/m in (b). The black lines represent the ‘iw-’ branch, the 
gray lines represent the ‘iw+’ branch, the dotted lines are iw=0. As shown, ‘iw+’ is always 
negative while ‘iw-’ is positive for 0<q0 < q*+ in (a) and for q*-<q0 < q*+ in (b). It can be seen that 
the presence of membrane tension lowers the range and amplitude of the unstable (iw>0) regime. 
(κ=10-19J, η=10-3J s/m3, D=10-12m2/s , aeff=4×10-4N/m , b=10-19J, C0=108m-1 were used for the 
plots). 
While the iw+ branch is negative for all values of q0, iw- can become positive in certain 
situations for q*-<q0 < q*+, (in the case of zero tension, q*- =0), indicating the possibility 
of unstable modes. q* can be easily determined by equating iw- to zero: 
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Thus, the criterion for the existence of unstable fluctuation modes is equivalent to the 
existence of real values for q* satisfying equation (1.64), which is: 
 babaC effeff 4
2
0
2   (1.65) 
Or 
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If bq0
2/aeffζ<<1 does not hold, equation (1.62) becomes, 
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However, the expression for q* is not altered, because q* was determined by equating the 
constant term (0th order term in S0) in equation (1.62) to zero. Thus, the curvature 
instability criterion shown in equation (1.66) is the same irrespective of the magnitude of 
bq0
2/aeffζ. 
The instability criterion does not contain any information about the dynamics of the 
system (that is, η or ρ for the hydrodynamics of the bulk liquid and D for the diffusion of 
proteins on membrane), meaning that equation (1.66) can be directly obtained from the 
free energy of the membrane and protein. This will be shown in the following paragraphs. 
From equation (1.56), the free energy density can be written as, 
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The breakdown of local thermodynamic stability is described by the spinodal equation 
[124], 
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which is equivalent to equation (1.64), and the resulting instability criterion is the same as 
equation (1.66) [54]. 
In the presence of the interaction potential V(z), an additional term 2/2h should be added 
to equation (1.68), modifying the spinodal equation to 
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Therefore, the instability criterion becomes equivalent to the existence of a real and 
positive q0, which satisfies equation (1.70). Analyzing this third order (in q0
2) equation 
gives the instability criterion in the presence of the harmonic interaction potential 
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If 0 , these two equations reduce to equation (1.65). It can be seen from the instability 
criteria that (positive) σ and Ω serve to stabilize the membrane. 
From equilibrium analysis, the height fluctuation can also be easily determined from the 
equipartition theorem, 
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Thus, the stability of a planar membrane is only determined by the system’s free energy. 
However, dynamic analysis is required to understand the detailed behaviors of the 
membrane while crossing into the unstable regime.  For example, the fluctuation modes 
in equation (1.63), which correspond to the rate of macroscopic membrane shape change, 
can only be given by solving the dynamic equations. The dynamic analyses of membrane 
shape instability in the presence of cytoskeleton-membrane interactions are discussed in 
Refs [92, 125]. 
When there is no adhesion, the instability criterion is a simple three-term expression
|| 0Cbaeff   . Then proteins on the membrane can be approximated with a 
two-dimensional Van der Waals model. Accordingly, the inverse osmotic compressibility 
of protein molecules of the average cover fraction   with attraction strength α and 
excluded area β is [118]: 
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Thus, the instability criterion can be written as 
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Then, the experimentally determined stability limit can be fitted to the expression
3
2
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  , with ai being constants defined in equation set 
(1.75). The fitting parameters correspond to three molecular properties of the protein and 
protein-membrane interaction: the intrinsic spontaneous curvature of the protein after 
binding to the membrane C0; the energy cost for inhomogeneous protein distribution b; 
and the protein-protein attraction strength α (equation set 1.76). Furthermore, these three 
parameters can be correlated with three measurable physical properties as in equation set 
(1.77): the protein’s membrane curvature coupling strength: κC0, the maximum tension 
that allows the shape transition: σ*, and the protein density required for tubulating a 
tensionless membrane: ρ0. 
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where  is defined as  )5.131arccos(
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To study the effect of C0 (the spontaneous curvature of the membrane induced by protein 
binding) on the stability limit, equation (1.74) can be rearranged to:  
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with  bbCb 20 2  . From this equation, the transition-density required 
for tubulating a piece of ‘constant tension’-membrane will increase with C0 for a cover 
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fraction smaller than 1/3. Similar to the tension effect, there is also an upper spontaneous 
curvature limit  bbC 20 2*   beyond which further protein binding will no 
longer be able to tubulate the membrane. More interestingly, an additional tension limit
3
22** ab    follows from this analysis, indicating the upper tension limit where 
neither protein density nor spontaneous curvature can be adjusted to induce membrane 
shape transition. For endophilin this value is, σ** = 0.28± 0.07 mNm-1 (See section 4.3). 
A remaining question is what kinds of shapes the membrane will attain after the planar 
geometry becomes unstable, for example due to proteins binding to and coupling with the 
curvature of the membrane. Experiments indicate the formation of membrane tubules [8, 
97, 100, 126] or microvesicles [127, 128] when a flat membrane experiences a curvature 
instability. Phenomena such as the formation of membrane protrusions during RBC 
crenation [22, 54] and the curling of ruptured RBC membrane[129] could also be the 
results of curvature instability. Once the instability threshold is reached, nonlinear effects 
become important (such as, membrane shape can no longer be accurately described by 
the small slope approximation as in equation1.16) and accurate shape transitions of the 
membrane can only be evaluated numerically. A simplified simulation of a one-
dimensional membrane indicated the development of membrane fingers and buds 
(depending on the strength of the curvature coupling) with a tendency toward vesicle 
emission [54].  
Another way to understand the phase diagrams of new membrane shapes is through a 
mean-field treatment of the Ginsburg-Landau free energy. In this approach, mean field 
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energies of different undulated phases (represented by trial functions with undulation 
wavelengths determined by the coupling strength) are compared with the planar 
homogeneous phase to figure out the lowest energy configuration [130]. In-plane meso-
structures such as stripe phase and hexagonal phase will form when the coupling strength 
is strong. In the case of anisotropic coupling, membrane phases of both positive and 
negative curvature can be induced [131]. Similar methods can also be applied to study 
buckling phenomena of lipid monolayers [132, 133] or polymer thin films which, unlike 
fluid lipid layers, have a non-zero in-plane shear elasticity [134]. 
1.4 Peripheral proteins on membranes 
Apart from the lipid bilayer structure, proteins are major components of biological 
membranes. Thus, it is important to understand variations of membrane shapes and 
fluctuation spectra in the presence of protein inclusions. 
1.4.1 Protein interactions on the two dimensional surface 
Membrane inclusions can perturb the bilayer structure and impose restrictions on thermal 
fluctuations; both effects will lead to membrane-mediated modifications of the interaction 
between inclusions [131, 135-138]. The disturbance-induced attraction is short-ranged, 
fading away exponentially with a characteristic length 2/1
0 )/( l  [135, 137].  The 
fluctuation-mediated interaction falls off as 1/R4 for a distance R<<l0  [137, 138]. For 
R>>l0, the distance dependence becomes 1/R
8 [137].The latter force, which exists as long 
as there is a difference between membrane and inclusion rigidity, will dominate at a large 
length scale comparable to the dimension of the inclusion. More comprehensive 
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descriptions of the fluctuation-induced force between inclusions of arbitrary shapes 
embedded in membranes under tension can be found in Refs. [137, 139].  
Energetically speaking, the perturbation of the fluctuation spectrum will contribute to the 
free energy associated with protein or peptide insertion into the membrane. Thus, the 
larger fluctuations of low-tension membranes will make it harder for inclusions to 
incorporate into the lipid bilayer compared with the corresponding high-tension situation 
[131]. The diffusion of these fluctuation-suppressing particles on the membrane is also 
expected to be slower when membrane tension is increased [140].  
The influence of proteins on fluctuation spectra and thus membrane tension has been 
relatively well studied for active membranes [141, 142].  The presence of active protein 
pumps adds a non-equilibrium noise source to the dynamic equations. This will lead to an 
amplification of membrane fluctuations, equivalent to an increase of effective 
temperature or decrease in effective bending rigidity in equation (1.52) [141]. 
Additionally, membranes will effectively become thinner under tension, which affects the 
hydrophobic mismatch interaction between membrane inclusions [78].  Thus, by properly 
controlling membrane tension, one may control the amount, and the distribution, of 
proteins on the membrane (also see Chapter 6.5). 
Coarse-grained simulations revealed that proteins adsorbed on lipid bilayers can 
experience attractive interactions purely as a result of induced-membrane curvature [6], 
similar to what was observed for the much larger membrane-bound colloidal particles 
[143]. For proteins with an intrinsic curvature or anisotropic shape, this curvature-
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mediated attraction can lead to spontaneous aggregation and formation of highly ordered 
protein structure on the membrane [6, 144-146]. Additionally, the interactions between 
membrane inclusions depend on factors such as charge and hydrophobicity of the 
inclusions, and their hydrophobic mismatch or orientation relative to the membrane [6, 
135, 147, 148]. 
As discussed above, there are many different types of forces leading to protein 
aggregation on membranes. Formation of aggregates may significantly change the 
physical properties and membrane interaction behaviors of protein [147]. Thus, the aim to 
understand membrane binding and subsequent two-dimensional assembly of peripheral 
proteins has become an active area of research. Biologically, this is important for 
understanding protein-mediated cellular membrane phenomena such as exo- and 
endocytosis, protein sorting, and biogenesis of organelles such as the endoplasmic 
reticulum and the Golgi apparatus [6, 148]. 
1.4.2 Proteins and membrane curvature 
As discussed in Section 1.3, in order for the membrane to undergo a shape transition 
(become unstable), it is required for the bilayer to have a non-zero spontaneous curvature. 
This can be clearly seen through the instability criterion (equation 1.66): the absolute 
spontaneous curvature (|C0|) has to be larger than zero in order for the right hand side of 
the equation to be possibly larger than the left hand side. The origin of the bilayer 
spontaneous curvature, however, can vary largely depending on the membrane and 
membrane interacting particles (e.g. proteins, ions) that are under investigation. 
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Firstly, the spontaneous curvature of a bilayer is the sum of the spontaneous curvatures of 
its two monolayer leaflets. For a bilayer with the same lipid composition (symmetric) in 
both leaflets, the contributions for the two monolayer spontaneous curvatures cancel out, 
so that a symmetric bilayer always has a zero spontaneous curvature. This is usually the 
case for bilayers made in in vitro through randomly mixing and rehydrating lipids. 
However, for cellular membranes, this is no longer the case because lipid transport 
proteins in the membrane (i.e. flippase, floppase, and scramblase) can move lipids across 
the bilayer, thereby dynamically maintaining different lipid compositions in the two 
leaflets [149, 150]. For example, most of the phosphatidylserine (PS), 
phosphatidylinositol (PI), and phosphatidylethanolamine (PE) lipids are only present in 
the inner leaflet of plasma membrane, while phosphatidylcholine (PC) and 
sphingomyelin (SM) lipids are mostly found on the outer leaflet [151]. Some of the lipid 
species, such as PE and PIP2, have shapes that severely deviated from a cylinder (zero 
spontaneous curvature), and the asymmetric distribution of those lipids will lead to a non-
zero spontaneous curvature of the bilayer [152]. 
More importantly, the binding of proteins or ions to one of the bilayer leaflets can also 
induce a non-zero spontaneous curvature of the membrane. The crowding effect of the 
membrane bound particles will cause the bilayer to preferentially bend away from the 
particles, resulting in a positive spontaneous curvature [98, 107, 108]. Interestingly, some 
membrane interacting proteins, such as BAR domain proteins, have an intrinsically 
curved membrane binding interface (BAR domain dimer) [20, 153] (see Fig 1.5). By 
imposing their shapes onto the membrane, the bilayer will subsequently adapt a 
51 
 
spontaneous curvature. The membrane will be deformed (curvature generation) when the 
BAR domain induced membrane spontaneous curvature is large enough (equation 1.66).  
The crescent shape BAR domain, however, is not the only feature a protein can utilize for 
generating membrane curvature. Some proteins (such as ENTH domain, synucleins, 
ALPS motif, N-BAR domain) can form an amphipathic membrane insertion helix after 
binding to the bilayer [20, 154] (see Fig 1.5). This will increase the area of the protein 
bound leaflet of the membrane. To release the stress caused by the different areas of the 
two leaflets, the bilayer will bend away from the protein thereby exhibiting a positive 
spontaneous curvature. Finally, the proteins can oligomerize after binding the membrane 
[155-157]. The oligomerized structures can have a spontaneous curvature that is different 
from its monomeric form, such as in the case of clathrin [156]. The membrane area 
covered by the oligomeric protein patch will exhibit a different composition from the 
bare membrane. The line tension that may exist between these two regions can also lead 
to membrane deformation, so that the length of the contact line can be minimized [158, 
159]. 
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Figure 1.5 Crystal structure of ENTH domain and endophilin N-BAR domain.  
This figure is adapted from Ref. [160]. Upper: epsin ENTH domain as an example of proteins that 
form an amphipathic insertion helix after membrane binding. Lower: endophilin N-BAR domain 
(dimer) as an example of proteins that have a crescent shape membrane binding interface as well 
as membrane insertion helices. 
1.5 Synapses and the synaptic vesicle cycle 
Neurons are the computation units that process and transmit information in our body. The 
‘computing’ is achieved through the synapse, where the input action potential leads to the 
fusion of synaptic vesicles to the presynaptic plasma membrane. As the output signal, 
neurotransmitters are released in a quantized fashion to the postsynaptic terminal of the 
next neuron [161] (also see Fig. 1.6).   
Many proteins are involved in actively maintaining communication within the pre-
synaptic terminal (synaptic bouton). In a study by Wilhelm et al. [162], the 
concentrations of various proteins in the synaptic bouton were measured. This allows one 
to estimate the density of individual protein species on the membrane.  
For example, 2524.40±67.27 endophilin monomers were found in the synaptic bouton, 
yielding a concentration of 16.86μM (Supplementary Table S1 of ref [162]). The 
synaptosome surface area was measured to be 2.31±0.14μm2 (Figure 1c of ref [162], note 
that this estimate neglects protein binding to internal membranes such as synaptic 
vesicles). Considering the fact that an endophilin molecule can bind no more than 100 
lipids, and the lipid’s head group size of 0.7nm2, the ratio between the number of 
membrane binding sites M to number of proteins P can be estimated to be M/P > 10. The 
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membrane binding constant of endophilin, KD, typically ranges between 0.1~1μM 
depending on the membrane composition [118, 163], and therefore KD/P < 0.1. 
Assuming a simple one-step membrane binding mechanism for endophilin, the fraction of 
membrane bound protein will be: 
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In the situation of synaptic endophilin where KD/P<<1 and KD/P<< M/P, it can be easily 
shown that the fraction of membrane bound protein is close to one since 
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Therefore, it can be assumed that essentially all the endophilin molecules in synaptic 
boutons to be bound to the plasma membrane giving density of endophilin dimers on the 
membrane to be (neglecting competitive binding effects through other types of 
membrane-binding molecules):  
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Many protein species in the synaptic bouton are embedded in the membranes of synaptic 
vesicles, leading to a crowded environment on the vesicle surface (protein/lipid = 1:3) 
[161]. These proteins can roughly be categorized into transport proteins and trafficking 
proteins [161, 164]. The transport proteins are responsible for vesicle acidification and 
54 
 
neurotransmitter uptake, while the trafficking proteins are mostly responsible for 
exocytosis of synaptic vesicles.  
Synaptic vesicles are packets of neurotransmitters with a diameter of roughly 40nm, 
which fuse into the active zone of the plasma membrane through well-coordinated actions 
of exocytic protein machineries, such as the SNARE complex, synaptotagmin, and others 
[165]. The fusion process begins with the interaction between the v-SNARE 
(synaptobrevin, anchored on the synaptic vesicle)  and the t-SNAREs (sytaxin-1 and 
SNAP-25, anchored on the plasma membrane), which aids in docking the synaptic 
vesicle onto the active zone [166]. The v-SNARE and t-SNAREs form a four-helix 
bundle called the trans-SNARE complex (SNAP-25 contributes two helices), which can 
‘zip’ together to form a cis-SNARE complex [165]. The ‘zippering’ process, which 
effectively pulls the synaptic vesicle and the plasma membrane together, supplies 65kBT 
per SNARE complex to overcome the energy barrier of vesicle fusion (50~100kBT) [167]. 
During the zippering process, Sec1/Munc18 like proteins serve as a clamp to catalyze the 
transition of the trans- SNARE complex into the cis- SNARE complex. This ensures 
rapid fusion of synaptic vesicles in vivo [165]. In order to achieve a synchronized 
neurotransmitter release of multiple vesicles, a protein called complexin is necessary to 
maintain the SNARE complex in a half-zippered ‘frozen’ state [168]. Finally, upon the 
Ca2+ influx triggered by the action potential, the calcium binding protein synaptotagmin, 
which contains two (water soluble) C2 domains and anchors on the synaptic vesicle, will 
displace complexin in a membrane attached environment, thereby allowing rapid fusion 
of synaptic vesicles [169].  
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Figure 1.6 Neuron synapse and (ultrafast) synaptic vesicle recycling.  
This figure is adapted with permission from Ref. [170], where it was used to illustrate the process 
of ultrafast endocytosis discovered by Watanabe et al. [91]. As illustrated in the figure, action 
potentials (here triggered by a pulse of blue light) lead to an influx of calcium ions into the 
presynaptic neuron. This subsequently causes docked synaptic vesicles to fuse with the cell 
membrane at the active zone, releasing neurotransmitters onto the membrane of the postsynaptic 
neuron. This chain of events occurs within 1~2 ms. Then, the vesicles are recycled through 
endocytosis, which requires actin, dynamin, and many other proteins (here, the authors observed 
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an ultrafast mode of endocytosis, which lead to the formation of large vesicles (d~80nm) within 
50–100 ms after the onset of the light flash [91]). The same authors later discovered that the large 
endocytic vesicles form endosomes and that synaptic vesicles are generated from the endosome 
through clathrin mediated endocytosis [171]. 
1.6 Endocytosis 
The fusion of synaptic vesicles increases the area of the plasma membrane thereby 
decreasing membrane tension. The plasma membrane will then need to undergo 
endocytosis in order to maintain the homeostasis of both the plasma membrane area and 
the pool of synaptic vesicles [172, 173]. The endocytosis pathway can be divided into 
two major categories: clathrin-mediated endocytosis (CME) [7, 174] and clathrin 
independent endocytosis (CIE)[175], which are characterized by the involvement or lack 
of involvement, respectively, of a clathrin coat (a protein lattice made of triskelion shape 
monomers) in the membrane bending and vesicle formation process. 
1.6.1 Clathrin mediated endocytosis and associated proteins 
CME is one of most well-studied cellular processes involving membrane deformation [7, 
173, 174, 176]. The most significant characteristic of CME is the formation of a flat 
clathrin lattice covering the so-called clathrin coated pit (CCP), which subsequently 
bends into a polyhedral coat, essentially wrapping around the forming vesicle[177]. 
However, the entire process (the engulfing of cargo through membrane invagination and 
subsequent vesicle formation and scission) requires coordinated action of more than 30 
proteins, ranging from clathrin, adaptor proteins, and epsin, to BAR domain proteins and 
dynamin [21, 178-181]. These proteins are believed to play distinct roles at different 
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stages of CME. Clathrin [156, 178], an adaptor protein called AP2 [178, 182], and/or an 
F-BAR protein called FCHo [7, 183] have been shown to play essential roles in 
controlling the initiation of membrane curvature at the onset of CME. ENTH domain 
containing proteins such as epsin are also recruited to the endocytic sites during the 
formation of clathrin coated vesicles (CCVs) and may play a role, together with PIP2, in 
membrane curvature generation and cargo selection [7, 21, 184].  BAR domain proteins, 
such as endophilin, amphiphysin, and SNX9, are recruited at a later stage but seconds 
before the scission of CCVs, likely playing the role of generating and stabilizing the 
highly curved neck that connects the CCV to the plasma membrane [7, 21]. The Src 
homology 3 (SH3) domain of the BAR domain proteins then recruits the GTPase 
dynamin and the inositide phosphatase synaptojanin, which are responsible for 
downstream endocytic processes such as scission and uncoating of the vesicles, 
respectively [7, 21]. Membrane recruitment dynamics of FBP17, another F-BAR protein, 
does not fall into any of the above stages, and therefore, its biological function in CME is 
still unclear [21, 185].  
These endocytic proteins are sequentially recruited to the plasma membrane and work 
together to produce CCVs from initially flat membranes. Therefore, topics such as 
membrane binding kinetics, assembly, and cooperativity between these proteins on 
membranes are of essential importance in achieving a better understanding of the CME 
process. 
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1.6.2 Clathrin independent endocytosis and its ‘ultrafast’ speed 
Apart from CME, there are many other endocytic pathways that operate independently 
with each other in the cell. Unlike CME, these pathways may be marked by a different 
type of coat proteins, such as caveolin[186], or in many cases, no coating proteins can be 
identified at all[172, 175]. Here, I will focus on two of the most recently discovered CIE 
pathways, namely, the fast endophilin mediated endocytosis (FEME)[187] and the 
ultrafast endocytosis (UFE) [91, 171].  
Both CIE pathways exhibit significantly faster speed when compared to CME. This is 
most prominent in UFE, where the formation of endocytic vesicles were observed within 
50ms after fusion of synaptic vesicles. Traditional CME processes are roughly 100 fold 
slower, with the entire CCV formation process lasting roughly 50s, due to the limited rate 
of sequential protein binding [21]. In addition to the speed, another prominent difference 
between CIE and CME is the smaller number of protein species that are involved in CIE. 
In UFE, only dynamin and actin were found to be crucial for the formation of endocytic 
vesicles. In FEME, only one of the BAR domain proteins, endophilin, marks and controls 
the membrane deformation during endocytosis[187], whereas in CME more than ten 
different protein species were found to be potentially involved in membrane curvature 
generation or stabilization [7, 21]. 
1.6.3 BAR domain proteins on the membrane 
The structure of membrane binding interfaces of many endocytic proteins have been well 
characterized by crystallographic studies [7] (see Fig. 1.5). For proteins with a high 
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intrinsic curvature, such as BAR domain proteins, ordered protein lattices were directly 
observed on highly curved membrane tubules through cryo-electron microscopy [155, 
188]. On the other hand, the curvature initiation process during endocytosis occurs on 
membranes with low curvature. However, research regarding BAR domain proteins’ 
dynamic behavior on planar membranes on has begun only recently [157, 189, 190]. Thus, 
there exists a clear gap between our understandings of these proteins’ intrinsic molecular 
properties and their final configurations on highly curved endocytic structures. Studies of 
protein-membrane interaction dynamics will serve as a link to this gap. 
Kinetic membrane binding studies of endocytic proteins have been initiated a few years 
ago [163, 191]. More recently, endophilin was found to be able to oligomerize on 
relatively flat membranes, both experimentally [157] and through CG simulations [189, 
190, 192]. The presence of an oligomerization step in the protein-membrane interaction 
mechanism highlights the role of protein density in this dynamic process. For example, in 
the study of membrane interaction kinetics of endophilin, the protein density dependence 
of observed dissociation rates turns out to be the key evidence confirming the presence of 
protein oligomers on flat membranes [157]. In experiments probing membrane curvature 
sorting of amphiphysin, protein density was argued to determine the mechanism by 
which amphiphysin can sense membrane curvature [193]. CG simulations have also 
shown a critical particle number required for driving the formation of small vesicle buds 
[194], further supporting the idea that protein density is a regulator of two-dimensional 
protein assembly on the membrane. 
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From simulation studies, it was concluded that the aggregation of particles precedes 
membrane vesiculation and tubulation [6, 145, 195], and a sufficiently high density of 
particles is needed to influence membrane topography [194, 196]. Experimentally, 
protein concentrations leading to near saturation of proteins on the membrane surface 
were used when studying the formation of protein lattices on membrane tubules [155, 
188]. Taking these together, it is tempting to speculate that, at least for BAR domain 
proteins, the oligomerization of proteins on the membrane acts as a precursor for the 
generation of highly curved membrane structures and the overall dynamic process is 
controlled by protein density on the membrane. This has been suggested in order to 
explain experimental observations using simpler peptides, where membrane-bound 
peptides were found to undergo in-plane segregation before inducing membrane tubules 
at higher peptide densities [99]. 
1.7 α-Synuclein and its physiological functions 
α-Synuclein is a 140 amino acid protein intrinsically disordered in solution. The 
aggregation of α-synuclein into β-sheet-like fibrils is a hallmark of Parkinson’s 
disease[197]. Monomeric α-synuclein forms a shallowly inserted amphipathic helix after 
binding to a membrane bilayer containing negatively charged lipids, which can lead to 
membrane remodeling [198-201]. Depending on the curvature of the membrane, the helix 
may exhibit a broken (hairpin) or extended structure [199]. The presence of lipid vesicles 
will also promote the aggregation of α-synuclein into β-sheet structures[202]. 
In neurons, α-synuclein is one of the most abundant protein species, with a concentration 
of tens of micromolars [162]. However, the physiological role of α-synuclein is still 
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unclear. It has been widely speculated that α-synuclein mediates the fusion of synaptic 
vesicles into the plasma membrane, however, whether α-synuclein will promote or inhibit 
vesicle fusion is still under debate [162, 203-206]. Recent experiments also suggest that 
α-synuclein may play a role in the early stages of endocytosis [207, 208]. More 
specifically, knocking out synucleins will slow down the kinetics of endocytosis. This is 
consistent with the ability of α-synuclein to generate membrane curvature (see Section 
1.4.2), thereby α-synuclein potentially plays a role in initiating membrane curvature 
during endocytosis. In Chapter 6, I will elucidate the mechanism of α-synuclein 
membrane interactions, which will be a critical step towards understanding the 
physiological and pathological functions of α-synuclein. 
1.8 Roles of calcium in cellular functions and evolution 
As discussed in Sections 1.5 and 1.6, modern cells modulate membrane shape and 
therefore control vesicle trafficking in an extremely delicate manner through highly 
evolved protein machineries. However, in early living organisms without evolved protein 
machineries, it is tempting to believe that a much simpler form of chemical signaling may 
have played the role of controlling the trafficking of macromolecules across the cell 
membrane. 
Interestingly, evolutionary history shows that multicellular life (about 1.6 billion years 
ago) coincides with a surge of calcium concentration in the ocean [209] (Fig. 1.7). Before 
the surge, during a period of more than 2 billion years, when ocean calcium concentration 
remained in the sub millimolar range, life on Earth existed only in single cellular form. 
After the surge, almost all modern animal phyla suddenly appeared within a short period 
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of time about 525~530 million years ago; this is known as the Cambrian explosion. 
During the Cambrian explosion, calcium levels in sea water reached concentrations above 
10 millimolar, 100 fold higher than what single cellular life had experienced. This raises 
the question about the role calcium may have played in the evolution of life [210]. 
 
Figure 1.7 Change of pH and calcium concentration in sea water.  
This figure is adapted with permission from Ref. [209] which shows the change of Ca2+ (black) 
and pH (red) in the ocean after the Earth’s formation about 4.6 billion year ago. The first life (as 
single cells) on earth arose about 4 billion years ago. Multicellular life began around 1.6 billion 
years ago. The Cambrian Period refers to the time period between 541.0±1.0 to 485.4±1.9 million 
years ago, the beginning of which is marked by the Cambrian explosion (also known as the 
‘Evolution’s Big Bang’).  
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Today, all living cells maintain an exceptionally low concentration (about 100nM) of free 
Ca2+ ions in the cytosol while calcium concentrations in the extracellular environment are 
typically more than 104 times higher [211]. This steep trans- plasma membrane calcium 
concentration makes Ca2+ ions an important signaling molecule for numerous cellular 
processes, ranging from vesicle trafficking and fertilization to metabolism and muscle 
contraction [212, 213]. For example, calcium influx (raising the cytosolic Ca2+ ions to 
hundreds of micromolars), can trigger exocytosis and neurotransmitter release at the 
synapse [214].  
In Chapter 7, I will investigate the potential role of Ca2+ ions as a membrane shape 
modulator. This will help elucidate how Ca2+ ions may have aided the evolution of life, 
as well as the various membrane-related physiological functions of Ca2+ ions in modern 
cells.  
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CHAPTER 2 Experimental materials and methods  
2.1 Materials 
Lipids 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1-palmitoyl-2-oleoyl-sn-
glycero-3- phosphocholine (POPC), 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS), 
1,2-dioleoyl-sn-glycero-3-phospho-(1'-rac-glycerol) (DOPG), 1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine (DOPE), Cholesterol (Chol),  1,2-dimyristoyl-sn-glycerol (DAG), 
L--phosphatidylinositol (4)- and (4,5)-bis-phosphate (PI(4)P and PI(4,5)P2; Brain, 
ammonium salts) and Distearoylphosphatidylethanolamine-N-(biotinyl(polyethylene 
glycol)2000) (DSPE-Bio-574 PEG2000) were obtained from Avanti Polar Lipids 
(Alabaster,AL). 2-(3-(diphenylhexatrienyl)propanoyl)-1-hexadecanoyl-sn-glycero-3-
phosphocholine (DPH-PC), Streptavidin-FITC, Alexa Fluor® 488 (AF-488) C5-
maleimide, BODIPY® FL DHPE (N-(4,4-Difluoro-5,7-Dimethyl-4-Bora-3a,4a-Diaza-s-
Indacene-3-Propionyl)-1,2-Dihexadecanoyl-sn-Glycero-3-Phosphoethanolamine, 
Triethylammonium Salt)  and Texas Red-1,2-dihexadecanoyl-sn-glycero-3 
phosphoethanolamine (triethylammonium salt) were from Invitrogen/Life Technologies 
(Grand Island, NY). Bodipy-TMR-PI(4,5)P2-C16 (Glo-PIPs) were from Echelon 
Bioscience Inc. Streptavidin conjugated microspheres with mean diameter of ~6μm were 
from Polysciences, Inc. (Warrington, PA). Casein, Tris, Hepes, DTT and EDTA were 
obtained from Fisher Scientific (Rochester, NY). Tris(2-carboxyethyl)phosphine (TCEP) 
was from Pierce/Thermo Fisher Scientific (Rockford, IL). Fatty acid free albumin from 
Bovine serum (BSA), Spermidine were from Sigma-Aldrich.  All commercial reagents 
were used without further purification.  
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Plasmids encoding human amphiphysin 1 and rat endophilin A1, respectively, were 
kindly provided by P. De Camilli. Rat endophilin A1 plasmid was used to generate via 
mutagenesis expression plasmids for full-length and N-BAR domain only endophilin, 
both containing a single cysteine at position 241 (for details see Ref. [157]). The full 
length 6XHis-SNX9 pET15b vector was obtained from Addgene. All constructs were 
confirmed by sequencing.  
Amphiphysin and endophilin were expressed as GST fusion proteins in BL21(DE3)RIL 
CondonPlus bacteria (Stratagene). The proteins were extracted from the cell lysate via 
affinity chromatography and after cleavage of the affinity tag further purified by ion 
exchange and size exclusion chromatography (for details see ref.[157]). Full length 
SNX9 was expressed and purified as previously described [215, 216]. The proteins were 
labeled with Alexa Fluor® 488 C5-maleimide for fluorescence imaging and unbound dye 
was removed by passing through three HiTrap Desalting columns (GE).  
N-terminally acetylated α-synuclein bearing an S9C mutation (mol. wt. = 14.5 kDa) was 
expressed, purified and then labeled with Alexa-488 maleimide at S9C as previously 
described [217, 218]. ENTH_GFP was expressed and purified following ref [219]. All 
proteins were stored at -80 ℃ after purification.  
For the BAR domain proteins, bulk concentrations were determined by measuring UV 
extinction at 280 nm and by standard Bradford Assay. To calculate the labeling efficiency 
of the proteins, concentrations of fluorophores were determined by measuring the 
absorbance at 494 nm. All the protein samples used in the experiments were ultra-
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centrifuged after thawing to remove potential aggregates. No sample stored at 4 °C for 
longer than three days after thawing was used in this study. The final protein buffer 
consisted of 20 mM HEPES, 150 mM NaCl, and 1 mM TCEP (for endophilin and 
amphiphysin) or 2 mM DTT (for SNX9), to prevent cysteine-mediated crosslinking of 
proteins. For α-synuclein, the concentration was determined by measuring the absorbance 
at 280nm and using [P]=A/(ε0d), where the extinction coefficient ε0=5960M
-1cm-1 and 
path length d=1cm. 
2.2 Membrane preparations 
2.2.1 Preparation of giant unilamellar vesicles (GUVs) 
GUVs were prepared in sucrose solution by the standard method of electroformation with 
a certain amount of lipid dye (typically 0.3%Texas Red-DHPE) in desired lipid 
compositions. 40μL (occasionally, 50μL were used for compositions with DOPE and 
25μL were used for compositions with PIP2) of 1mM lipid mixture in chloroform 
(chloroform/methanol=3:1 for compositions with PIP2) solutions were evenly spread on a 
certain region of an indium tin oxide (ITO) covered glass slides [76]. An additional 0.5% 
DSPE-Bio-574 PEG2000 was added into the lipid mixture when preparing GUVs for 
membrane bending rigidity measurements through tether pulling. The ITO slides with the 
lipid film were evacuated for at least two hours to remove the remaining organic solvents. 
Then two ITO slides are used to form a chamber with 0.8mm thick rubber spacers. 
400~450μL of 0.3M sucrose (0.25M sucrose was used when more excess area are needed 
from the GUV) solution are injected into the chamber for rehydrating the lipid films. A 
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10Hz and 2~4V (peak to peak) electrical filed was then applied to the chamber for 2 
hours to get the final GUV solutions. 
2.2.2 Preparation of large unilamellar vesicles (LUVs) 
LUVs are prepared by standard extrusion techniques [220]. Chloroform solutions of lipid 
stock were gently evaporated, by using compressed air, from a round-bottom flask, which 
was subsequently evacuated for at least two hours. Vesicle compositions are represented 
as the mole fraction of each lipid species. DPH-PC was included at 0.7 mol% for 
stopped-flow Fӧrster resonance energy transfer (FRET) studies. For other fluorescence 
studies, 1 mol% of the indicated lipid dyes are used. Lipids were hydrated at 1~3 mg/ml 
(2mg/ml for stopped flow) with indicated buffer conditions, under overnight incubation at 
room temperature or bath sonication at 40 °C for 10-15 min. Lipid dispersions were 
extruded at least 13 times through single polycarbonate membranes (Whatman/GE 
Healthcare Biosciences, Piscataway, NJ). Dynamic light scattering consistently revealed 
an average hydrodynamic radius of 75 ± 15~30 nm for all lipid compositions utilized in 
stopped-flow studies. For EM tubulation assays, 400 nm pore sizes were used. For other 
measurements, 100nm pore sizes were used, unless otherwise specified. 
2.2.3 Preparation of small unilamellar vesicles (SUVs) 
In addition to the procedures described in the previous section, the preparation of SUVs 
involve a step of three repetitive freeze and thaw cycles of the lipid solution before 
extrusion .Furthermore, compared to the preparation of LUVs, a longer sonication time 
(>30min) and smaller pore size (~50nm) were applied for the preparation of SUVs. 
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2.3 Image analysis procedures 
The contour of GUVs are fitted to a Gaussian ring by MATLAB (The MathWorks, 
Natick, MA), following the equation below: 
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Here, I is the intensity of a pixel at coordinate (x, y) of the image, a is the height of the 
peak, (x0, y0) is the center position of the GUV, r0 is the radius of the GUV, σmem is the 
width (between 1/e positions) of the Gaussian peak which also provides a measure of the 
apparent width of the membrane bilayer (with the resolution limit), b is the background 
of the image. 
For pipette aspirated GUVs, the pipette region is excluded during the fitting. Fig. 2.1 
shows a typical fitting result of the protein channel images of an aspirated GUV. For 
details about the fitting code, see Appendix C. The fitted intensity resulting from the 
MATLAB code can be further double checked by comparing it to the measurements with 
ImgaeJ (through manual drawing two circles enclosing the GUV membrane and 
measuring the average fluorescence intensity within the two circles). It is found that the 
results agree well with each other (Fig. 2.1e). 
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Figure 2.1 Image analysis of an aspirated GUV.  
(a) The raw image of an aspirated GUV taken with a confocal microscope (green channel). (b) 
The fitted Gaussian ring to the raw image shown in (a). (c) Illustration of the fitted region of the 
raw image, with the excluded (upper right corner) part represented by the average profile of the 
fitted part. (d) The region of the raw image inside the GUV, this can be used to calculate intensity 
changes inside the GUV. Scale Bar: 10μm. (e) For the same image stack of a GUV binding with 
protein (ENTH_GFP), the change of fluorescence in the protein channel is measured by both 
MATLAB (blue) and ImageJ (black) and normalized to corresponding maximum values.  
2.4 Calibration of protein density on the membrane 
The measured fluorescence intensity can be converted to protein number density ρ(t) on 
the membrane, using the method of Ref. [193], as follows. GUVs containing x% 
BODIPY and (100-x)% DOPC were prepared (x: 0.1~0.7) and at least ten independent 
GUVs were imaged under the same settings as during the recording of GUV-protein 
association. A linear fit (r2=0.99) was carried out to get the relation between measured 
GUV fluorescence intensity and BODIPY density on the membrane. The quantum yield 
difference between BODIPY and AF-488 was determined to be BODIPY/‘AF-488’=0.5, 
by imaging bulk solution intensity of SUVs (containing BODIPY) and AF-488 labeled 
proteins under the same solution conditions as in the experiments (50mM NaCl, pH 
7)[221]. The average lipid headgroup area was assumed as 0.7 nm2. The relation between 
imaged average fluorescence intensity (FL, in arbitrary units for 16-bit images) and 
dimeric endophilin N-BAR density (ρ in the unit of μm-2 and with a labeling efficiency 
LE) on GUVs is: FL/LE = (4.9±0.2)×ρ (measured on May 10, 2013, for more 
information see Fig. 2.2) 
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Figure 2.2 Protein density calibration.  
Protein density calibration was carried out following Ref. [193]. GUVs containing x% BODIPY 
and (100-x)% DOPC are prepared (x: 0.1~0.7)and imaged under the same setting as in recording 
GUV-protein association. Quantum yield difference between BODIPY and AF-488 is measured 
as BODIPY/‘AF-488’=0.5, by imaging bulk solution intensity of SUV (containing BODIPY) and 
AF-488 labeled proteins under the same solution condition as the experiments (50mM NaCl, pH 
7). Average lipid headgroup area is assumed as 0.7 nm2. On May 11, 2013, the relation between 
imaged average fluorescence intensity (Fluo. in arbitrary unit for a 16-bit image under 
PMT=1000V and laser intensity=0.1%) and dimeric endophilin N-BAR density (ρ in the unit of 
μm-2 and with a labeling efficiency LE) on GUV was: Fluo./LE = 4.9×ρ. On October 17, 2014 
(after replacement of 488nm laser), the relation was: Fluo./LE = 3.2×ρ (Fluo. in arbitrary unit for 
a 16-bit image under PMT=800V and laser intensity=0.1%). 3.8μM fluorescein-5-maleimide 
(F150, Life Technologies) imaged under PMT=900V at 0.1% power of the 488nm laser resulted 
in a mean fluorescence intensity=13.6±0.4 (by image J) at the laser output level of October 17, 
2014. Additionally, Intensity(PMT=900) / Intensity(PMT=800) = 3.1; Intensity(PMT=1000) / 
Intensity(PMT=900) = 1.85. Gray error bars are standard deviations (SD) of the data and black 
error bars are standard errors of the mean (SEM), same below. 
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2.5 Single GUV transfer assay 
2.5.1 Protein association measurements 
 
Figure 2.3 The procedure of single GUV transfer.  
(a) Sketch of a micro-pipette aspirated GUV. ΔP is the pressure difference between inside and 
outside of the pipette used for GUV aspiration. Rp and Rv represent the pipette radius and the 
radius of the spherical part of the GUV, respectively, Lp represents the aspiration length of the 
GUV. (b) The process of transferring an aspirated GUV from the GUV dispersion (red) into a 
protein solution (green). The GUV transfer was a four-step process: ① A GUV was aspirated into 
a micropipette to adjust the desired membrane tension. ② The transfer capillary was manually 
positioned to cover the GUV. ③ The GUV was transferred from the GUV chamber into the 
protein chamber using a motor-controlled micromanipulator (Luigs and Neumann, Ratingen, 
Germany). ④ The transfer capillary was removed to expose the GUV to protein. 
Two imaging chambers, GUV chamber and protein chamber, were formed between two 
coverslips (20mm×40mm, pre-treated with 2μL of 2.5mgml-1 casein, 20mM Tris, and 
2mM EDTA) overhanging a glass microscope slide (2mm thick). The GUV chamber has 
a total volume of 375μL and is made by diluting 5~8μL of the GUV stock solutions into a 
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buffer containing glucose, sucrose, NaCl and HEPES. The osmolarity of the buffer was 
selected to be 20% higher than the GUV stock solution (measured with a micro-
osmometer Advanced Instruments Inc. (Norwood, MA)) to ensure that the vesicles had 
enough excess area for micropipette aspiration. The protein chamber had a total volume 
of 187.5μL. The protein stock solution was diluted to designated concentrations, using 
the same buffer as used for diluting GUVs. For both chambers, the solution condition was 
chosen to have a pH of 7 while NaCl was kept at 50mM, with 7mM HEPES. Sucrose and 
glucose (1:1) concentrations were adjusted to yield total osmolarities of the desired 
values. Micropipettes and transfer capillaries were prepared and casein-treated through 
incubation with saturated casein solutions followed by rinsing [76, 157]. Occasionally, 
GUV membranes were observed to stick to pipette walls. Data from such vesicles were 
discarded.  
The GUV transfer was a four-step process as shown in Figure 2.3b: ① A GUV was 
aspirated into a micropipette to adjust the desired membrane tension. ② The transfer 
capillary was manually positioned to cover the GUV. ③ The GUV was transferred from 
the GUV chamber into the protein chamber using a motor-controlled micromanipulator 
(Luigs and Neumann, Ratingen, Germany). ④ The transfer capillary was removed to 
expose the GUV to protein. The moment when the GUV was not protected anymore by 
the transfer capillary was defined as time zero in the protein-GUV association analysis. 
Zero aspiration pressure was checked before and after the protein-GUV association 
process to ensure absence of pressure drifts[222]. All the transfer and imaging processes 
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were carried out at room temperature (23.7±0.3 ℃; Mean±SD measured on different 
days). 
The protein-membrane association process can be monitored through the change of 
fluorescent signal in the protein channel using a 60x 1.1 N.A. objective (Olympus, Center 
Valley, PA). The average protein fluorescence intensity can be determined by fitting a 
Gaussian ring to the GUV contour (excluding the aspirated region) using MATLAB 
(Section 2.3).  
The measured fluorescence intensity change represents the association of the protein with 
the transferred GUV and therefore can be used to extract kinetic parameters of the 
protein-membrane binding process. An example is shown in Fig. 2.4a, the binding of 
ENTH_GFP to transferred GUVs can be fitted to a single exponential saturation curve, 
thereby giving an observed binding rate. In the GUV transfer setup, the lipid 
concentration is extremely low (about a few pM, corresponding to one transferred GUV 
in the protein chamber). Therefore, when working with protein solutions with 
concentrations above nM level, one can assume that the protein concentration is not 
changing during the protein membrane binding process. Therefore the protein-membrane 
binding process (assume to be single step) will follow the pseudo-first order relation: 
kobs=kon[P]+koff. By fitting the observed binding rate under different protein 
concentrations, one can extract the kinetic rates: kon and koff (Fig. 2.4b). For ENTH, the 
measured rates based on the above discussions are kon = 0.017±0.001μM
-1s-1 and koff = 
0.0030±0.0002s-1. The membrane binding constant M
k
k
K
on
off
D
710)2.08.1(  , 
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roughly agrees with the value determined by surface plasmonic resonance measurements 
( MKD
710)1.08.0(  )[223] 
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Figure 2.4  Association kinetics of ENTH with transferred GUVs.   
(a) The change of ENTH_GFP fluorescence intensity on the GUV membrane after the GUV was 
transferred in to a 133nM ENTH_GFP solution. The normalized fluorescence intensity of 
ENTH_GFP on the membrane is fitted to an exponential saturation curve (blue line, r2=0.975) 
giving an observed binding rate kobs=0.0053±0.0001s-1. (b) The association process was measured 
by transferring GUVs into ENTH_GFP solutions of different concentrations. The observed rates 
are plotted against the ENTH concentration (white date points) and fitted to a linear relation: 
kobs=kon[ENTH]+koff, giving kon = 0.017μM-1s-1 and koff = 0.003s-1. Error bars are SD. The lipid 
composition: POPC/PI(4,5)P2=98/2. 
For BAR domain proteins such as endophilin, a significant artifact caused by the 
diffusion of the proteins (across the transferred buffer layer surrounding the GUV) was 
observed which interferes with the protein membrane association process, leading to 
sigmoidal shape membrane binding curves (Fig. 2.5). Therefore, the GUV transfer assay 
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is not an ideal experimental setup for studying the association kinetics of BAR domain 
proteins, especially under low (<200nM) protein concentration. 
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Figure 2.5  Association curves of endophlin N-BAR with transferred GUVs.   
The membrane association curves of endophilin N-BAR exhibit strongly sigmoidal shapes under 
low (<~200nM) protein concentrations. This may indicate a complicated membrane binding 
process for endophlin, such as the piggyback model proposed by Minton [224]. However, I also 
found that the diffusion of endophilin across the transferred buffer layer surrounding the GUV 
can take up to 5mins (for endophilin concentrations around 100nM). This diffusion process is 
strongly influenced by the amount of buffer that was transferred together with the GUV and 
therefore is very hard to precisely control. 
2.5.2 Determination of the stability of a GUV 
To determine the stability of the membrane during protein binding, one needs to monitor 
the membrane geometry changes along with the protein association process [76]. The 
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aspiration length, Lp, micropipette radius, Rp and GUV radius, Rv can be measured with 
Image J, as illustrated in Figure 2.3a. The GUV geometry is calculated as Area(t) = 
4πRv(t)
2 + 2πRp Lp(t), Volume(t) = 4πRv(t)
3/3 + πRp
2Lp(t). Rv can also be obtained from 
the fitting with MATLAB and was checked with the direct measurement in Image J.  
The binding of curvature coupling proteins can lead to membrane instability. This is 
reflected by a decrease in the apparent GUV membrane area (Fig. 4.1). The membrane 
shape transition point tc can be defined as the time point when Area(t) begins to decrease 
(Fig. 4.3), and the corresponding protein density ρ(tc) is defined as the transition-density.  
Furthermore, the membrane binding of proteins without curvature coupling ability does 
not lead to area decrease, further supporting the notion that the area decrease can be used 
as a marker for the starting point of membrane instability. 
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Figure 2.6 Binding of streptavidin does not lead to membrane area decrease.  
(a) Time lapse confocal images showing the binding of streptavidin_FITC with an aspirated 
GUV. Membrane tension was held constant at 0.05mNm-1. Green: protein channel; Red: lipid 
channel. Scale bar: 10 μm. (b) Quantification of the time dependent streptavidin density on 
membrane (black) and GUV area (blue) for the example shown in (a).  
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2.5.3 Protein dissociation measurements 
Protein and GUVs were incubated in ~180 μL of an equimolar solution of sucrose and 
glucose, pH 7.4, containing HEPES and varying NaCl concentration, with the same 
osmolarity as the prepared GUV dispersion in a polypropylene tube for 1 h.  Imaging was 
performed in a measurement chamber (2 mm thick) formed from two coverslips 
overhanging a glass microscope slide. The protein-GUV mixture was added to the 
chamber on a surface pre-treated with 2 μl of 2.5 mg/ml casein, 20 mM Tris, and 2 mM 
EDTA.  
GUVs were aspirated in micropipettes at constant aspiration pressure (typically around 
60 Pa). Protein dilution was achieved by transfer of the GUV (as described in the 
previous section) from the chamber with protein-GUV mixture into an adjacent chamber, 
comprised typically of ~400 μL buffer solution. Dissociation data was collected 
beginning from the moment when the transfer capillary was removed to expose the 
protein-covered GUV to the buffer solution (also see Fig. 3.2). 
2.6 Stopped-flow measurements 
Measurements were carried out with an Applied Photophysics (Surrey, UK) SX.18MV 
stopped-flow spectrometer [225] using excitation at 280 nm, and collecting emission after 
passage through a 400 nm long-pass filter. Between two and six traces were averaged for 
each condition, and 50 μl each of protein and lipid solutions were mixed. For light 
scattering measurements an incident wavelength of 430 nm was used and lipid-only 
traces were subtracted from protein-lipid mixing traces prior to fitting. Data before the 
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dead time of 2 ms were excluded from fitting. All measurements were conducted at 22.0 
± 0.05 °C, in HEPES, pH 7.4, with varying NaCl concentrations as indicated for 
particular experiments. For concentration variations analyzed in conjunction with 
microscopy data (see below), 33 mM NaCl was selected as opposed to physiological 
levels to improve signal-to-noise ratios.  
2.7 Tether pulling and membrane bending rigidity measurements with optical 
tweezers 
A 1 mm thick sample chamber was formed by overhanging two coverslips on both sides 
of a microscope glass slide. The bottom of the chamber was pre-treated with 2μL of 
2.5mgml-1 casein in 20mM Tris-HCl and 2mM EDTA to prevent adhesion of beads and 
GUVs to the coverslip. The chamber was filled with 1μL of microsphere dispersion, 5μL 
of GUV dispersion, and 90~100μL of the same sucrose, glucose, NaCl and HEPES 
mixture as described above, resulting a final environment containing 50mM NaCl. The 
chamber was mounted on an inverted microscope (1X71; Olympus, Center Valley, PA) 
equipped with a home built optical trap as described in refs [221, 222]. A GUV (about 
10μm in radius) was aspirated at a constant pressure and subsequently brought into 
contact with a trapped bead. Then the bead was moved at 10μms-1 to pull out a 
membrane tether of 20μm in length. The tether pulling force f is determined as for a 
Hookean spring: f = kx, where k is the trap stiffness and x is the displacement of the 
bead relative to its equilibrium position. The stiffness of the trap with a typical value of 
0.05pNnm-1 was calibrated by the drag-force method[226] for multiple beads. Aspiration 
pressure was changed after the formation of a stable tether to obtain the relation between 
81 
 
tether pulling force and membrane lateral tension. Each lateral tension was maintained 
until the pulling forces reached equilibrium (typically a few seconds). Membrane bending 
rigidity was subsequently extracted from the relation:  22f [31]. For each lipid 
composition used, force-tension relations and thus bending rigidities were measured on 
tethers pulled from at least five independent GUVs. 
2.8 Curvature sorting assay and protein mobility on membranes 
The membrane curvature-sensing abilities of proteins were determined on tubular 
membranes pulled from aspirated GUVs [118, 219]. The buffer conditions used are: 7 
mM Hepes, 50 mM NaCl, pH = 7, containing reducing agent from the protein stock 
solution (with a final concentration exceeding 0.1 mM). 
Streptavidin-conjugated beads with a diameter of 6 μm were added to an equilibrated 
GUV/protein dispersion, and this dispersion was added into a glass chamber into which 
two microforge-fabricated micropipettes (World Precision Instruments, Sarasota, FL) 
were inserted by means of a three-dimensional motorized manipulator system (Luigs and 
Neumann, Ratingen, Germany). One of the micropipettes was used to aspirate a GUV 
and to control the membrane tension by adjusting the aspiration pressure via a connected 
water reservoir. The other micropipette was used to aspirate a streptavidin-conjugated 
bead, which was moved to contact the GUV, and then moved away from it to pull out a 
cylindrical tether. The fluorescence intensities of protein and lipid on the tether were 
monitored under varied membrane tensions by imaging the tether cross section (xz plane) 
through confocal microscopy (IX81 microscope frame equipped with an FV300 confocal 
scan box, Olympus, Center Valley, PA). In the recorded xz plane images, an elliptical 
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region of interest was chosen in ImageJ to estimate the tether cross section and to 
calculate the fluorescence intensities of protein and lipid on the tether. Both of these 
fluorescence intensities were background-corrected.  
 The curvature partitioning of proteins was denoted as a ratio of fluorescence signals,
0
0 0
/
/
/r
t t
protein lipidt
r
protein lipid
I I
I I
I I
 , where 
t
proteinI  and 
t
lipidI  represent the protein and lipid fluorescence 
on the tether at a membrane tension of interest, and 
0
proteinI  and 
0
lipidI  represent the protein 
and lipid fluorescence on the GUV contour, which was obtained through Image J by 
averaging the fluorescence intensities of the equator of the focal plane. 
The membrane tension of the GUV was calculated from the well-known relationship of 
aspiration pressure and the geometry of the aspirated GUV. This relationship is as 
follows: 
1 1
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P
R R




 , where σ is the membrane tension, P is the aspiration 
pressure, 
PR is the radius of the aspiration pipette and vR is the radius of the GUV. 
Fluorescence recovery after photobleaching (FRAP) measurements were carried out to 
determine the mobility of a protein on the membrane (typically on a membrane tube). 
First, a membrane tether (typically about 20 μm in length) was pulled from an aspirated 
GUV (PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35 with 0.5% Biotin-PEG) and allowed 
to equilibrate 1~2 min. Then, a region of interest (ROI, typically about 10 μm along the 
tether) located at the middle of the tether was bleached by a 5 mW / 405 nm laser until 
protein fluorescence in this region vanished (typically 10 s). The protein fluorescence on 
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the tether was tracked before opening and after closing the 405 nm laser to determine the 
mobility of the protein on the tether.  
The fraction of protein fluorescence recovery on the tether within the ROI was calculated 
through two different methods. For tethers that showed obvious (>30%) recovery, the 
time trace of protein fluorescence intensity after bleaching was fitted by a single 
exponential curve to predict the saturation intensity Ieq. The recovery fraction was then 
defined as Ieq/I0, where I0 represents the average ROI intensity before bleaching. For 
tethers that did not show obvious fluorescence recovery, the average ROI intensity 
measured at a time point at least 5 min after bleaching (I5min) was used to calculate the 
recovery fraction: I5min/I0. 
The mobility of proteins on membrane, as expected, decreases with the protein density on 
the the membrane (compare Fig. 2.7 a to 2.7b). Since BAR domain proteins are enriched 
on tethers of higher curvature (see Fig. 5.2) and tether curvature increases with 
membrane tension (equation 1.7), the diffusion of BAR domain proteins on the tether will 
also decrease with membrane tension (Fig. 2.7).  
84 
 
0.0
0.3
0.6
0.9
1.2
1.5
**
***
N.S.
**
*
N.S.
***
High Tension
  0.2mN/m
Low Tension
  0.04mN/m
 
 
 
R
e
c
o
v
e
ry
 F
ra
c
ti
o
n
**
 
 Figure 2.7 Diffusion of BAR domain proteins on membrane tethers.  
(a) Examples showing FRAP measurements of amphiphysin (concentration: 40nM, density on 
GUV=290±90 μm-2 (Mean±SEM)) on tethers of both high (~0.2mN/m, black) and low 
(~0.04mN/m, white) tensions. (b) Examples showing FRAP measurements of amphiphysin 
(concentration: 100nM, density on GUV=750±110μm-2) on tethers of both high (~0.2mN/m, 
black) and low (~0.04mN/m, white) tensions. (c) Summary of the recovery fraction (calculated as 
discussed above) of SNX9 (green, density on GUV=160±60μm-2), amphiphysin (red, open bars 
refer to conditions in (a) and close bars refer to conditions in (b)), and endophilin (blue, density 
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on GUV=1400±400μm-2) under low (0.041±0.003mN/m) and high (0.198±0.010mN/m) 
membrane tensions. Student t-test: N.S.: p>0.1, *p<0.05, **p<0.005, ***p<0.0005 (the tests 
without an associated bracket refer to comparisons with corresponding ‘Low Tension’ data). 
Light error bars are SD, dark error bars are SEM. GUV lipid composition: 
PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35. 
2.9 Fluorescence and scattering measurements of LUVs 
LUVs containing desired lipid dyes were prepared by extrusion with 100nm pore size 
filters. Fluorescence signals of the dye were collected with a Cary Eclipse fluorometer 
with single wavelength excitation for LUV solutions under studied experimental 
conditions. The amplitudes of emission spectra peaks were used to calculate the amount 
of fluorescence or quenching of the dye.   
2.10 Electron microscopy (EM) and liposome tubulation assay 
Proteins of target concentrations were co-incubated with LUVs of 0.1 mg/mL in protein 
buffer solution at room temperature for 30 min. Carbon/formvar supported copper grids 
(Electron microscopy science, Hatfield, PA) were placed in contact with the solution to 
recruit samples for 1 min, and then the excess samples were removed by filter papers 
(Whatman). The sample coated grids were then stained for another minute with 2% (w/v) 
uranyl acetate. After staining, the extra dye was washed away and the grids were dried at 
room temperature. The samples on grids were observed with a JEM 1011 transmission 
electron microscope (JEOL, USA). The analysis of images obtained was done using 
ImageJ. 
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2.11 Zeta-potential measurements 
The electrophoretic mobility of LUVs was measured under the same experimental 
conditions as in other experiments with a Delsa Nano C Particle Analyzer. The 
Helmholtz-Schmoluchowski relation was used to convert the measured mobility to zeta 
potential. LUVs (DOPS/DOPE/DOPC=45/30/25, or pure DOPS) were prepared in 
300mM sucrose and extruded 23 times with 100nm pore size filters. Each measurement 
was repeated three times. 
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CHAPTER 3 Kinetics of endophilin membrane interactionsb 
Endocytosis represents a prominent mode of cellular regulation and uptake of external 
material [227]. In this dynamic process, endophilin functions as an important protein in 
controlling the deformation of the membrane [187, 228-235]. Owing to its subnanomolar 
dimerization affinity, endophilin in solution is almost always in its dimeric form [153, 
236]. Membrane association of endophilin [237] is achieved by its N-BAR domain [238], 
facilitating membrane recruitment of additional proteins through its SH3 domain [230, 
232, 239-242]. 
Endophilin-membrane complexes exhibit membrane insertion of hydrophobic segments 
[243, 244], electrostatic interactions [237, 243, 245], and intricate surface ordering of 
protein subunits [155, 192, 237, 246-248]. In particular, two amphipathic segments, 
designated as helix 0 (H0) (residues 1-22) and the helix 1 insert (H1I) (residues 59-87), 
form helices upon membrane association that insert into the bilayer [243, 244]. This 
membrane insertion is important for functional membrane remodeling by endophilin [232, 
238, 245]. An additional aspect of the membrane remodeling mechanism arises from the 
shape that a dimeric endophilin presents to the membrane [238, 249-251].  
While the structural aspects of endophilin function have been systematically studied both 
by experiment [155, 163, 192, 237, 243-245, 247] and computation [246, 252, 253], little 
                                                          
b Parts of this chapter are reproduced with permission from: Journal of Biological Chemistry 288(18), 
12533-12543. 2013. Capraro BR*, Shi Z*, Wu T, Chen Z, Dunn JM, Rhoades E, Baumgart T. Kinetics of 
endophilin N-BAR domain dimerization and membrane interactions. 
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is known about the timescales and mechanisms determining the kinetics of endophilin-
membrane interactions. 
To fully elucidate the mechanisms of endophilin function, kinetic characterization of its 
membrane association is essential. Here, we employ stopped-flow (carried out by Dr. 
Benjamin R. Capraro) and microscopy-based techniques for kinetic studies. In order to 
reduce the complexity of kinetic processes, the following experiments in this chapter are 
limited to conditions where membrane morphology transitions, such as tubulation, are not 
observed (Fig. 3.1a&b). Evidence for an important contribution of protein 
oligomerization on the membrane was observed. This leads the proposal that endophilin 
dimer associates with membrane in an effective two-step process kinetic model which is 
then assessed by fitting to the experimental data. Finally, the physiological relevance of 
the time scales for N-BAR membrane interactions observed here are discussed. 
3.1 Membrane binding kinetics of endophilin assessed by stopped flow 
First, the membrane binding kinetics of endophilin was studied by using stopped-flow 
rapid mixing and FRET between endophilin N-BAR A66W and DPH-PC embedded in 
vesicle membranes, or alternatively, by monitoring light scattering changes induced by 
protein binding (Fig. 3.1c). Considering the electrostatic component of N-
BAR/membrane interactions [237, 243, 245], a membrane composition containing 25 
mol% of negatively charged lipids as recently employed in N-BAR studies was selected 
[254]. The kinetic traces are well fitted by a single-exponential for a wide range of 
conditions investigated (Fig. 3.1d&e). These observations via stopped-flow of single-
exponential membrane binding kinetics, seems to be consistent with an one-step 
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membrane binding process [255]. In a pseudo-first order regime ([lipid]>>[endophilin]), 
the observe binding rate for a protein-membrane association trace increases linearly with 
the amount of vesicles that are mixed with endophilin (Fig. 3.1f). This again agrees with 
predictions from a one-step binding process. One can then extract the kinetics rates kon 
and koff by fitting the observed binding rates against the lipid concentration based on 
kobs=kon[lipid]+koff. Notably, with the investigated lipid composition (DOPG/DOPC = 
25/75, 33mM NaCl, pH7), a koff value larger than 10s
-1 was observed. However, when 
directly assessing the dissociation rate with stop-flow by mixing endophilin-bound 
vesicles with excess amount of unlabeled bare vesicles, no single decrease (protein 
dissociation from membrane) was observed after 5 seconds. The direct dissociation 
measurement indicate a koff value significantly smaller than 0.2 s
-1, which is in direct 
discrepancy with the koff value extracted from the association measurements by assuming 
a single step binding process (>10s-1). This suggests the presence of at least a second step 
in the membrane binding mechanism of endophilin N-BAR.  
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Figure 3.1 Stop-flow measurements of endophilin N-BAR membrane binding kinetics.  
Experiments in this figure were performed by Dr. Tingting Wu ((a) and (b)), and Dr. Benjamin R. 
Capraro ((c)~(g)). (a) and (b): Electron micrographs of liposomes (a) (composed of 25% DOPG) 
in absence of endophilin N-BAR, and (b) in presence of 300 nM endophilin N-BAR (4 μM lipids, 
33 mM NaCl). (c) FRET between endophilin N-BAR A66W and DPH-PC (alternatively excess 
light scattering using unlabeled proteins and membranes) used to follow binding upon rapid 
mixing of protein with vesicles. (d) Representative stopped-flow record of light scattering 
monitoring the process diagrammed in (c), using 100% DOPG vesicles, 72 M total lipid, and 0.4 
M N-BAR_C241 in 100 mM NaCl with 2 mM DTT, and single-exponential fit (gray). (e) 
Stopped-flow DPH-PC FRET data (black) fitted to single-exponentials (gray). Post-mixing 
concentrations of 25% DOPG vesicles of 55, 80, 115, and 160 µM total lipid (with increasing 
signal magnitude) for 1M N-BAR A66W in 33 mM NaCl, 1 mM DTT. Protein solutions were 
prepared to pre-mixing concentrations 24 h prior to measurements. (f) DPH-PC stopped-flow 
association analysis in the pseudo-first-order regime, using 0.3 M N-BAR A66W, 33 mM NaCl, 
with 25% DOPG. (g) Red: Pre-assembled complexes from 0.6 μM N-BAR_A66W and 72% 
DOPG vesicles (same for 25% DOPG vesicles) containing DPH-PC at 30 μM total lipid were 
mixed with unlabeled PG vesicles to 90 μM post-mixing. Black: association data for protein and 
lipid concentrations of half the values as the pre-incubation used for dissociation (red), to 
approximate the expected amplitude for dissociation. Membrane dissociation was not observed in 
competition experiment for N-BAR. The association trace is to prove that the dissociation rate is 
not faster than the experimental dead time. Because if so, kobs (>koff) should also be within the 
experimental dead time.  
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3.2 Membrane dissociation of endophilin measured by single GUV transfer assay 
The inconsistency within stopped-flow measurements indicates the presence of an 
additional slow phase in endophilin-membrane binding process. In light of this, then I 
focused on characterizing the long-time membrane dissociation process through the 
single GUV transfer method (Fig. 3.2a, also see Section 2.5.2). Briefly, single protein 
bound GUVs were transferred into a solution devoid of protein to achieve a rapid dilution 
(>100X). By recording the fluorescence decay accompanied by protein dissociation, I 
determined the membrane dissociation rate for endophilin N-BAR: kdisso
-1=1010 ± 245s 
(Mean ±SEM for 9 GUVs, Fig. 3.2 b&c). This is consistent with the fact no dissociation 
was observed in the time window of stop-flow (~10s). 
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Figure 3.2 Single GUV transfer measurements of endophilin N-BAR membrane 
dissociation.  
(a) Diagram of dissociation kinetics experiments employing rapid dilution via micropipette-
mediated GUV transfer. (b) Fluorescence micrograph of N-BAR_241-AF-488 bound to a GUV 
(25% DOPG) aspirated in a micropipette, in 33 mM NaCl, 1 mM DTT following pre-incubation 
at 300 nM protein, 4 μM lipids, and identical ionic strength. Scale bar, 5 m. (c) Fluorescence 
intensity record and single-exponential fit (solid line) charting dissociation of N-BAR, as 
diagrammed in (a), with conditions of (b). 
3.3 Kinetic model 
Taking the observations from stop-flow and single GUV transfer assay together, a kinetic 
two-step model was formulated (see equations 3.1~3.4) as a minimal model consistent 
with all of the observations for the endophilin-membrane interaction. This model bridges 
the time-scales characterized by stopped-flow and single GUV transfer assay (Fig. 3.3a). 
In this model, dimeric protein components in solution (D) represent the membrane-
binding species, achieving both association with the lipid membrane (L) and insertion of 
amphipathic helices effectively in the same step. The model thus does not include 
separate steps for association of the protein with the membrane and the insertion of 
amphipathic segments. This is due to the fact that the stopped-flow data are well 
described by a single-exponential (see, e.g., [256]), and that the folding transition 
associated with membrane insertion is likely not rate-limiting [257]. The resultant N-
BAR-membrane intermediate species is designated as D*L, where the asterisk is meant to 
represent an inserted species, and -L indicates membrane-bound species.  Intermediate 
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D*L
 
subsequently oligomerizes on the membrane, generating the species Dn*L, which is 
proposed to govern membrane residence time.  
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  (3.4). 
Terms for which k2 appears as a coefficient (related to the membrane-bound bimolecular 
reaction) are divided by [L]0, the initial vesicle concentration in terms of total lipid used 
in the mixing experiment. This approach considers the concentration of membrane-bound 
species in terms of a dimensionless density [258]. Equations 3.1~3.4 can be numerically 
integrated and fitted to experimental data employing MATLAB. 
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Figure 3.3 Global experimental data analysis to rationalize two prominent timescales of 
endophilin-membrane interactions under non-tubulating conditions.  
Experiments shown in (b) were collected by Dr. Benjamin R. Capraro. (a) Scheme as described in 
the text. Amphipathic helices are indicated by outlined circles. Rate constants represent global 
fitting results from (b). (b) Stopped-flow DPH-PC FRET data (black) used for quantitating the 
proposed model. Gray lines display global fitting to the model, as described in the text, yielding 
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parameters in (a). Each graph shows post-mixing concentrations of 25% DOPG vesicles of 55, 
80, 115, and 160 µM total lipid (with increasing signal magnitude) for fixed N-BAR A66W 
concentrations of 0.65, 0.81, 1.0, and 1.3 M as indicated in 33 mM NaCl, 1 mM DTT. Protein 
solutions were prepared to pre-mixing concentrations 24 h prior to measurements. 
In order to test this kinetic model, a range of protein and vesicle concentrations in which 
N-BAR is dimeric but does not alter membrane morphology (checked with EM imaging 
for the lipid concentration of 55 μM, in presence of 0.65 ~ 1.3 μM N-BAR A66W) were 
identified for collection of stopped-flow data (Fig. 3.3b). Note that this model 
corresponds to that recently proposed in analysis of the binding mechanism of an 
amphipathic membrane-binding peptide [258]. 
To determine the rate constants specified in the model, a global fitting of numerically 
integrated rate equations to the entire data set of Fig. 3.3b was carried out (results in Fig. 
3.3a), treating membrane-bound species (D*L) within a surface density perspective. The 
oligomeric species was approximated as a dimer of N-BAR dimers (i.e., n = 2 in Fig. 
3.3a). The single-exponential decay constant observed in GUV dissociation experiments 
(see example trace in Fig. 3.2c; using the acidic lipid content and ionic strength of the 
stopped-flow series of Fig. 3.3b) was used as an estimate of k2- (see Fig. 3.3a). Global 
fitting with this two-step model yields rate constants for the first step of k1 = 0.11  0.01 
M-1s-1 and k1- = 36.4  2.4 s
-1. These values can be compared to those resulting from 
fitting a single step model to the data shown in Fig. 3.3b, which were k1 = 0.122  0.001 
M-1s-1 and k1- = 35.1  2.4 s
-1, i.e., identical values within fit errors compared to the two-
step model. Consistent with this finding is a large uncertainty of the fit value for k2 of the 
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two-step model – the stopped-flow measurements report on the first membrane binding 
step (Fig. 3.3a, k2 not reported) only.  
These findings are consistent with a large separation in time scales for membrane 
binding/unbinding of dimeric BAR domain proteins on one hand and oligomerization/de-
oligomerization of membrane-bound BAR domain protein on the other hand. 
3.4 N-terminal helix mediates endophilin oligomerization on the membrane 
Our hypothesis of oligomerization following membrane binding is supported by the 
direct observation (via cryo-electron microscopy imaging) of oligomerization of 
membrane-bound endophilin N-BAR [192]. Importantly, endophilin N-BAR domain 
lattice formation has been observed even in the absence of morphological changes 
relative to the bare membrane, as is true of the conditions used here (Fig. 3.1 a~b).  
Comparative studies with an endophilin variant lacking the H0 sequence (ΔNH (BAR) 
[residues 33-247 [243]]) further support the incorporation of membrane-mediated 
oligomerization in the model and exclusion of an explicit step for membrane insertion. 
Recently published cryo-electron microscopy reconstructions showing intermolecular 
interactions between H0 components [155, 192], site-specific crosslinking studies [155], 
and recent optical imaging studies [163] document the role of H0 in mediating 
oligomerization  of membrane-bound endophilin N-BAR. Considering these studies, 
ΔNH (BAR), which has no/less oligomerization tendency would exhibit accelerated 
dissociation relative to N-BAR. Indeed, remarkably accelerated dissociation was 
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observed for the helix deletion construct ΔNH (BAR) relative to N-BAR under the same 
conditions (Fig. 3.4 a&b).  
 
Figure 3.4 N-BAR exhibits density-dependent membrane dissociation and ΔNH (BAR) 
exhibits accelerated membrane dissociation.  
(a) Protein dissociation records, as in Fig. 3.2b&c within a solution without added salt (to 
increase membrane binding) following pre-incubation at ~10 mM NaCl, pH 7.4, and 400 nM 
protein. GUVs contained 25 mol% DOPG. Lines represent single-exponential fits. For both 
constructs, the decay constant is orders of magnitude different from the timescale of the 
unbinding rate constant yielded by analysis of stopped-flow data assuming a single-step 
binding/association mechanism (predicted decay time<1s). (b) Dependence of membrane 
dissociation time of N-BAR and ΔNH (BAR) determined as in (a) on the initial protein 
fluorescence (corrected for differing labeling efficiencies of the two proteins) measured on the 
GUV, proportional to membrane-bound protein density. Protein concentration used for pre-
incubation was varied from 100 nM to 400 nM for N-BAR and from 100 nM to 800 nM for ΔNH 
(BAR), to yield a range of initial membrane-bound protein densities. Other conditions are the 
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same as in (a). Lines represent linear fits. Error bars are the errors of single exponential fits to 
data shown in (a). 
In further support of oligomerization being a second step in the membrane binding 
mechanism, a dependence of the dissociation time on the protein density on the 
membrane was observed (Fig. 3.4b). Conversely, no density dependence of membrane 
dissociation rates is expected for a protein that does not oligomerize on the membrane, 
since in that case protein unbinding will follow a kinetic first-order process. The density 
dependence is significantly more prominent for N-BAR relative to ΔNH (BAR), 
consistent with changed N-BAR protein organization at elevated membrane-bound 
density, leading to slower dissociation.  
In sharp contrast to the slow timescale for membrane dissociation of endophilin N-BAR, 
direct/competitive-binding stopped-flow measurements of peripheral proteins not known 
to oligomerize on the membrane have revealed membrane dissociation rate constants 
typically between 0.1-100 s-1 (see, e.g., [259-262]). Note that the single dimer unbinding 
rate constant (k1- = 36 s
-1; Fig. 3.3a) determined for endophilin does indeed lie within this 
range. For HIV1-Nef and MARCKS peptide, both known to insert into the bilayer, 
respective dissociation rate constants of 0.5 s-1 [263] and 1.5 s-1 [264] have been 
measured. Thus, the alternative hypothesis that a de-insertion process underlies the slow 
dissociation of N-BAR and the influence of the H0 segment on dissociation kinetics (Fig. 
3.4a) is not consistent with previously measured rate constants. 
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Additionally, the on-rate for endophilin membrane binding (k1 = 0.1 M
-1s-1) lies within 
the range of values typically determined for peripheral membrane proteins [225, 259, 262, 
263, 265-268]. 
3.5 Role of electrostatics in endophilin membrane binding 
Stopped-flow analysis was applied to describe the determinants of the first step in the 
binding mechanism. Promotion of electrostatic interaction strength by increasing vesicle 
acidic lipid (DOPG) content accelerated association and decelerated dissociation 
(inferred via the relation
101 ][ kLkkobs   ). Increasing ionic strength of NaCl 
significantly decelerated association, albeit with a lower influence on dissociation.  
The sensitivity of stopped-flow parameters to electrostatic interaction strength is 
consistent with the assumption that the association step (rather than helix insertion) 
governs kinetics of processes on this timescale. With single GUV transfer assay, 
accelerated membrane dissociation of endophilin N-BAR was observed when by raising 
the of NaCl concentration (Fig. 3.5). This may suggest an electrostatic contribution in the 
N-terminus mediated oligomerization step. Notably, under high ionic strength (150mM 
NaCl), the dissociation trace fits better to a double-exponential than a single exponential 
decay. However, currently the interpretation of this result is still unclear. Firstly, this may 
suggest a more complicated kinetic model (than the one proposed in Fig. 3.3a). For 
example, the oligomerization step may involve multiple sub-steps including the diffusion 
and reorientation of the BAR domain on the membrane [190]. Secondly, the fast phase 
may be reporting a first step (as in the model in Fig. 3.3a), which is slowed down by 
protein diffusion in the GUV transfer assay (also see Section 2.5.1). Thirdly, during 
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dissociation the high salt concentration asymmetry across the bilayer (no salt inside the 
GUV) may induce a shape transition of the GUV (see Chapter 8), which can interfere 
with the kinetics measurements. Carefully delineating these possibilities remains an aim 
for future study. 
 
Figure 3.5 Influence of ionic strength on endophilin N-BAR membrane dissociation.  
Fluorescence intensity record (normalized to initial values) of the dissociation of endophilin N-
BAR from transferred GUVs carried out in buffers with three different ionic strength. The 
dissociation traces, especially the 150mM trace (blue) can be well fitted to double-exponential 
decay. The insect shows the percentage of the fast phase amplitude extracted from fitting the 
results to double-exponential decay compare to the total amplitude (y-axis range from 0 to 1).  
3.6 Summary and significance 
Our value for k2- suggests far slower dissociation of membrane-bound oligomers for N-
BAR relative to a peptide examined recently [258], likely reflecting inter-subunit 
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interactions of higher complexity for N-BAR. The disassembly of membrane lattice 
components in live cells is commonly not spontaneous, but depends on additional agents, 
as has been illuminated in recent in vitro studies [269-271].   
Equilibria of electrostatic membrane binding are well predicted by Gouy-Chapman-Stern 
theory [272-274]. However, predictions for electrostatic influences on kinetics [275-277] 
of membrane binding are less well developed. Trends in kinetics for varying vesicle 
acidic lipid content observed here resemble those previously reported for a C1 domain 
[266], a C2 domain [259], and the HIV-1 Nef protein [263]. The increase in association 
rates with DOPG content for N-BAR indicates that a stage in the N-BAR binding 
mechanism in which PG hydrogen bonding networks are disassembled [278] is not rate-
limiting.  
Live-cell imaging reports slower apparent membrane recruitment times (5-15 s) [233, 235] 
relative to the present stopped-flow measurements. Numerous features not present in the 
in vitro experiments presented here likely contribute to this difference, with dynamin 
GTPase activity [279] and actin scaffolding [231] representing factors with documented 
influences on endophilin membrane recruitment in vivo.  
It has been suggested that BAR domains oligomerize at clathrin-coated pits [280]. Based 
on the marked extension of membrane residence time observed here and attributed to 
oligomerization for endophilin N-BAR, this process may underlie the detection of 
endophilin in internalized vesicle preparations [281, 282]. However, recycling of 
endophilin between membranes and the cytoplasm would likely require mechanisms for 
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the dissociation of endophilin oligomers to thereby regulate the protein’s membrane 
residence time. Indeed, a regulatory role for membrane-mediated oligomerization of 
synaptotagmin has been proposed [283]. Recent work has shown effects of 
phosphorylation within endophilin H1I on membrane binding and tubulation, and in turn 
functional recycling of endophilin between membrane and cytoplasm. A direction for 
future studies is thus to pursue whether phosphorylation within H0 [284] may provide 
alternative regulation by impacting endophilin oligomerization on the membrane [285]. 
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CHAPTER 4 Membrane tension and peripheral protein density 
mediate membrane shape transitionsc 
The cellular processing of signals and cargo is accompanied by the formation of transient, 
highly curved membrane structures such as tubules and vesicles[1]. One of the best 
understood membrane transport processes is CME. Among other contributors[21], 
several types of BAR domain proteins, including endophilin, help induce or stabilize the 
curvature of clathrin-coated vesicles (CCV) [7]. During clathrin-independent endocytosis, 
plasma membrane retrieval is modulated by the actions of endophilin and dynamin[286]. 
In this chapter, I will correlate the onset of membrane deformation with the number 
density of BAR-domain proteins on the membrane, and evaluate how membrane tension 
modifies that relationship. Cellular membrane tensions arise from two primary sources: 
hydrostatic pressure across the lipid bilayer and cytoskeleton-membrane adhesion[59]. 
These tensions span a range of values from 0.003 mNm-1 to around 0.3 mNm-1, 
depending on cell type and state[59, 287, 288]. Cells actively maintain their unique 
membrane tensions and the idea that tension is a regulator of biological processes such as 
endocytosis has gained attention since the late 1990s[59, 95] with significantly more 
contributions in recent years[85-87, 89, 91, 96, 287, 289-291]. However, in experiments 
with biological cells, the magnitude of tension has only been coarsely controlled, if it was 
controlled at all. 
                                                          
c Parts of this chapter are reproduced from Nature Communications 6, 5974. 2015. Shi Z, Baumgart T. 
Membrane tension and peripheral protein density mediate membrnae shape transitions. 
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Membrane deformation through the N-terminal BAR domain of endophilin was first 
investigated, and then compared to those obtained with full length endophilin. To enable 
tension-controlled measurements, a single micropipette-aspirated giant unilamellar 
vesicle (GUV, labeled with red fluorophores), consisting of a spherical part and an 
aspirated part (Fig. 2.3), was transferred into a solution containing endophilin N-BAR 
domains (labeled with a green fluorophore) (Fig. 2.3)[157]. The protein / membrane 
binding process was quantified by measuring the increase of green fluorescence signal on 
the GUV contour, which was converted into the molecular density of proteins on the 
membrane (see Section 2.4) via a calibration method[193]. Simultaneously, the geometry 
(aspiration length Lp and vesicle radius Rv, see Fig. 2.3a) of the GUV was monitored in 
order to document membrane budding / tubulation transitions induced by N-BAR domain 
binding. Diameters of membrane tubes induced by N-BAR domains are typically below 
optical resolution[155], rendering them challenging to image directly, especially during 
their emergence. However, here, the change in GUV geometry provides a precise 
indicator for the onset of the membrane shape transition. 
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Figure 4.1 Endophilin N-BAR domain induced membrane tubulation of GUV through 
increase of protein density.  
(a) Time lapse confocal images showing the formation of tubes (after t=24s, as indicated by 
arrows) and the change in aspiration length during endophilin N-BAR binding. Membrane 
tension was held constant at 0.05mNm-1. (b) Similar to (a), after transferred into endophilin N-
BAR solution, membrane tubes emerged from the GUV after N-BAR domains reached the 
transition-density (between t=24s and t=32s), and the aspirated membrane area was observed to 
106 
 
be fully consumed through membrane tubulation. Unlike the case shown in (a), where membrane 
tubes are in a specific region of the GUV, membrane tubes here can be observed in all directions 
surrounding the GUV due to a relatively smaller rate of solution flow. Membrane tension was 
held constant at 0.07 mNm-1. For both (a) and (b): Green: protein channel; Red: lipid channel. 
Scale bar: 10 μm 
4.1 Effects of protein density and membrane tension 
When a certain amount of endophilin N-BAR domains was bound on the GUV 
membrane, the aspiration length Lp decreased and membrane tubes grew towards the 
vesicle exterior until all pipette-aspirated membrane area was consumed (aspiration 
length Lp=0) (Fig. 4.1). The observed membrane tube formation is consistent with the 
known capacity of N-BAR proteins to generate membrane curvature[20]. In contrast to 
the tubulation and corresponding GUV geometry change observed at a membrane tension 
of 0.05mNm-1 (Fig. 4.1a), the endophilin N-BAR induced shape instability can be 
suppressed (Fig. 4.2) by subjecting vesicles to larger lateral tensions (≥ 0.25mNm-1, see 
Section 1.3). 
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Figure 4.2 Endophilin N-BAR domain induced membrane tubulation of GUV through 
decrease of membrane tension.  
(a) A GUV incubated to equilibrium with endophilin N-BAR under high tension (0.25mNm-1). 
After equilibration, tension was reduced to 0.07mNm-1 within 2 seconds. Membrane tubes as 
indicated by arrows can be observed on the GUV under low membrane tension (0.07 mNm-1) for 
 
① ② ③ 
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Δt equal to  8s;  20s;  48s (Δt=0 is defined as the time point of tension reduction). (b) After 
the equilibration of protein density (closed squares，the sigmoidal shape of the binding curve is 
likely due to the inhomogeneity of the protein concentration in the solution). Membrane tension 
(black line) was then decreased from 0.261 mNm-1 to 0.076 mNm-1. Subsequently, membrane 
area of the GUV (open squares) decreased until aspiration length of the GUV became zero. The 
short and long dashed lines represent membrane area before and calculated area after tension 
change (assuming absence of proteins), respectively. The arrow indicates the decrease of 
membrane area expected purely from the tension change as discussed below. Therefore, in 
addition to the formation of membrane tubes as shown in (a), changes in visible membrane area 
upon changing membrane tension can also be a result of the well-known effect of membrane 
tension on the area of an undulating membrane projected onto a sphere [35, 56]. The magnitude 
of this additional effect has to be compared to that caused by membrane tubulation. Taking the 
data shown here as an example, a 7% decrease in the visible membrane area was observed after 
decreasing the membrane tension from 0.261 mNm-1 to 0.076 mNm-1 for a GUV equilibrated 
with endophilin N-BAR. Using the measured value for membrane bending stiffness (23kBT), the 
tension change corresponds to a projected area decrease due to increase of undulations amounting 
to less than 0.3% [35, 56]. Thus, the observed 7% visible area decrease is almost entirely a result 
of membrane tube formation. (c) z-stack images of the GUV analyzed in (b) taken before (, 
during time = 1000~1200s) and after (, during time = 1600~1700s) the tension decrease at 
time=1300s. No observable membrane tubes existed when the GUV was under high tension (), 
while bright spots can be seen after the tension decrease (). The spots don’t disappear after 
increasing tension back to >0.3mN/m (,z-stack image during time = 2000~2100s) .For (a) and 
(c): Scale bars: 10 μm. 
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In order to investigate how membrane tension affects tubulation, GUVs covered with 
endophilin N-BAR were subjected to a range of tensions by varying the pipette aspiration 
pressure. A vesicle under high tension was first equilibrated in the protein chamber to 
ensure constant coverage of endophilin N-BAR domain, while suppressing tubulation. 
The tension of the vesicle was then decreased about threefold within two seconds. When 
the GUV experienced lower membrane tension, membrane tubes emerged around the 
vesicle, concomitant with a decrease in Lp (Fig. 4.2). 
Monitoring vesicle radius and aspiration length allows assessing reductions of visible 
membrane area as growing tubes consume membrane area from the vesicle geometry.  
Both the protein-induced and tension change-induced membrane tubulations are 
correlated with a decrease in visible GUV membrane area, as calculated from changes in 
aspiration length and vesicle radius (Fig. 4.3, also see Section 2.5.2). However, besides 
tubulation, the visible membrane area decrease induced by tension reduction has an 
additional contribution from entropic membrane fluctuations. In Fig. 4.2b, the effects 
related to membrane fluctuations are shown to be substantially smaller than protein 
effects. 
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Figure 4.3 Membrane tension and bound protein density modulate membrane shape 
transition.  
(a) A representative trial with high (0.206mNm-1) membrane tension, the membrane-bound 
endophilin N-BAR density at the onset of area decrease (as indicated by the arrow) genuinely 
reveals the shape transition point. The area is calculated from the time-dependent aspiration 
length and vesicle radius as shown in (d). (b) A representative trial with low (0.029mNm-1) 
membrane tension. Transition-density (marked by the dashed lines) decreased significantly 
compared to the high tension case shown in (a). Bulk concentrations of endophilin N-BAR (in 
dimeric units, same for all protein concentration values in this chapter) are 150nM in (a) and 
75nM in (b). Potential influence of bulk protein concentration on transition-densities was 
eliminated by comparing the transition-densities of similar tension GUVs in endophilin N-BAR 
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solutions of various bulk concentrations (Figure 4.4a). Additionally, there was no observable 
influence of membrane tension on the endophilin N-BAR’s equilibrium density on GUVs (Figure 
4.4b). (c) The change of enclosed volume of the GUV during protein-membrane association. 
Right after being inserted into the protein solution, the GUV may experience osmosis due to a 
possible osmotic imbalance between the protein solution and the GUV chamber. This usually 
resulted in a vesicle volume decrease occurring over the course of 10~100s determined by the 
permeability of the membrane as shown in (c), after which the volume remained constant. 
Because both volume change and membrane area change due to tubulation can cause changes in 
Lp, I asked if visible membrane area is affected by osmotic effects. Comparison between (a) and 
(c) shows that GUV membrane area is not altered by osmosis. Additionally, as indicated by the 
dashed lines (representing the time points when osmolarity equilibration across the bilayer is 
finished and when membrane budding/tubulation is initiated respectively), budding/tubulation of 
membranes was typically initiated after the equilibration of bulk liquid osmolarity across the 
bilayer. (d) Changes of GUV radius and aspiration length during protein-membrane association. 
These measurements are used to calculate the changes of GUV area in (a) and enclosed volume in 
(c). 
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Figure 4.4 Effect of protein concentration and membrane tension on protein-
membrane binding and transition-density.  
(a) For GUVs (DOPS/DOPE/DOPC = 45/30/25) under the membrane tension of 0.114 ± 0.016 
mNm-1 (Mean ± SD), the equilibrium protein densities on membranes increase with bulk protein 
(endophilin N-BAR domain dimer) concentration (open bars). However, transition-densities (gray 
bars), if existing, remain the same for different protein concentrations (for each pair of 
concentrations, P>0.5, Student t-test). Error bars are standard deviations. (b) At the same protein 
bulk concentration (75nM endophilin N-BAR domain dimer), GUVs (DOPS/DOPE/DOPC = 
45/30/25) under various membrane tensions reach similar equilibrium protein densities on the 
membrane. 
4.2 Determining a shape stability diagram 
To obtain an experimental membrane shape stability diagram correlating protein density 
and membrane tension at the shape transition, GUVs aspirated at a range of membrane 
tensions were transferred into endophilin N-BAR solutions (Fig. 4.3a&b). Potential 
osmotic contributions to changes in vesicle geometry were carefully excluded (Fig. 4.3c 
and Fig. 4.5).  
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Figure 4.5 Osmosis effects lead only to a change in the volume of a GUV, not visible 
membrane area.  
Geometry change of an aspirated GUV before (a) and after (b) injecting a solution with 5 times 
higher osmolarity near the vesicle. Scale bars: 10 μm.  (c) Change of membrane area and volume 
after injection of hypertonic buffer at t=0. The water permeability of the membrane calculated 
from the time dependence of the GUV volume loss is Pf ≈20 μms-1, similar to the reported [292] 
permeability value for bilayer membranes: ~30 μms-1. (d) Change of membrane area and volume 
after transferring a GUV into a 100L equal-osmolarity buffer at t=0. Slow water evaporation 
from the relatively small-volume measurement chamber leads to a gradual decrease in GUV 
volume. In both cases, visible membrane area remained constant. With these observations, and 
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Fig. 4.3c, it can be concluded that osmolarity imbalance across the bilayer does not interfere with 
the determination of the membrane stability boundary.  
Consistently, formation of membrane tubes and the associated decrease in visible 
membrane area, were observed only after the protein density on GUVs reached a well-
defined threshold level, indicating the existence of a protein transition-density required 
for inducing membrane tubulation. The transition-density can be defined as the protein 
density at which visible membrane area of GUVs begins to decrease, as indicated by the 
arrows in Figure 4.3a&b. The transition-density has no observable dependence on the 
protein concentration in the bulk solution (Fig. 4.4a). However, comparison between a 
high tension GUV (Fig. 4.3a) and a low tension GUV (Fig. 4.3b) reveals a striking 
influence of membrane tension on the transition-density with minimal effect on protein-
membrane binding (Fig 4.4b). A membrane shape stability diagram was constructed by 
systematically determining the transition-densities of the protein for GUVs under various 
membrane tensions (Fig. 4.6). This stability diagram was obtained for GUVs with the 
composition DOPS/DOPE/DOPC=45/30/25 with membrane-bound endophilin N-BAR 
domains. This lipid composition was chosen to mimic the innerleaflet headgroup 
composition of plasma membranes, where endocytic events take place[151]. Di-oleoyl 
lipid chains were chosen in order to suppress demixing of lipid mixtures. 
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Figure 4.6 Experimental shape stability diagram agrees well with the linear curvature 
instability theory.   
Filled triangles represent the measured transition-density (expressed as a cover fraction, using the 
close-packed N-BAR dimer density of 30000 μm-2)[293] of GUVs under corresponding tensions. 
The open data points represent the maximum protein cover fraction reached by a GUV with 
(triangle) or without (circle) tubulation during protein-membrane binding. The solid line 
represents the best fit of experimental data with the proposed curvature instability model 
(r2=0.85). The dashed lines are 95% confidence intervals for the fit. The shaded area represents 
the region where the membrane is tubulated by endophilin N-BAR. The arrows indicate two ways 
of inducing membrane tubulation: 1) by increasing protein coverage on the membrane at constant 
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tension, or 2) by decreasing membrane tension at constant coverage. The large circle (non-
tubulated state) and triangle (tubulated state) represent the state of the membrane before and after 
tension reduction (compare Fig. 4.2a), respectively. The inset shows the same data using linear 
axes. Error bars represent the standard errors associated with determining each data point. 
Concentrations of endophilin N-BAR used in the experiment ranged from 25nM to 400nM (also 
note Fig. 4.4a). 
I found that full length endophilin shows a qualitatively similar membrane tubulation 
behavior as its N-BAR domain, albeit with higher transition-densities compared to the N-
BAR domain (Fig. 4.7), consistent with a potential auto-inhibition of endophilin 
function[153]. 
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Figure 4.7 Full length endophilin shows smaller curvature generation capacity 
compared to its N-BAR domain. 
Transition-densities of full length endophilin (blue triangles) as well as the best fit with the 
curvature instability model (blue line, r2=0.75) are plotted on top of the stability diagram of N-
BAR displayed in Fig. 4.6 for GUVs with the same lipid composition (DOPS/DOPE/DOPC = 
45/30/25). The physical properties resulting from fitting the endophilin full length data are: the 
spontaneous curvature C0-1 = 6.1±1.1nm; the upper tension limit σ* = 0.17±0.04mNm
-1; the 
protein transition-density required for tubulating a tensionless membrane ρ0 = 850±300μm-2. 
P=0.035 between the stability boundaries of endophilin full length and N-BAR via f-test. Error 
bars represent the standard errors associated with determining each data point. 
The stability diagram (Fig. 4.6) illustrates how two factors, density increase (horizontal 
arrows) and tension decrease (vertical arrows), can be used to control the transformation 
of lipid membranes from a planar (white) to tubular (dark gray) state. These two 
trajectories in the stability diagram correspond to the scenarios in Fig. 4.1 and Fig. 4.2 
respectively. The stability diagram shows a positive intercept ρ0 of the stability boundary 
on the x-axis (displaying number density of N-BAR dimers on the membrane). This is 
consistent with the fact that at vanishing membrane tension, GUVs with identical lipid 
compositions in both leaflets are stable towards tubulation in the absence of curvature-
inducing proteins. 
4.3 Analytical model based on three adjustable parameters 
I next aim to fit a biophysical model to the data, with the goal to illuminate molecular 
details of the curvature instability induced by endophilin. The following features are 
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required for a suitable model: a) it should allow for locally varying protein densities on 
the membrane in a temperature-dependent manner, to account for entropic contributions 
to shape stability; b) it should feature a coupling between local protein density and 
membrane curvature; c) the exact geometry of the membrane after deformation does not 
need to be prescribed by the model, because I focus on the onset of the shape instability. 
While several theories have been developed to explain spontaneous budding/tubulation of 
membranes [98, 107, 294], only the linear stability theory[295] used in the following is 
consistent with the requirements listed above. Note that the shape of the membrane after 
undergoing the instability would have to be described with a non-linear approach [34].  
Using σ to represent the membrane tension, and   to represent the average cover fraction 
of proteins on the membrane (experimentally the cover fraction is obtained by dividing 
the measured N-BAR dimer density to its close-packed density max = 30000 μm-2 [293]), 
the instability criterion can be written as (see Section 1.3 for details), 
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Here κ is the bending rigidity, C0 describes the spontaneous curvature of the membrane 
induced by protein binding (positive for N-BAR domains), kB is the Boltzmann constant 
and the T is the temperature. The parameter b is normally a constant and can be expressed 
in a simple lattice model as b=λ(βkBT)
-1 where β is the excluded area of the protein and λ 
represents an effective ‘interaction area’ for molecular interactions in a protein density 
gradient[119]. The parameter α represents the attraction strength between protein 
molecules in the two-dimensional Van der Waals model[118]. 
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It follows from Eq. 4.1 that the experimentally determined stability limit can be fitted 
with the expression
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  , with ai being parameters that are 
optimized to yield the best fit with the experimental data (Eq. 4.2). These three fit 
parameters, a1 to a3, are directly related to three molecular properties of the protein: C0, b, 
and α (Eq. 4.3). Furthermore, these molecular properties can be correlated with a set of 
three measurable physical properties: the protein’s membrane curvature coupling strength: 
κC0, the maximal tension that allows the curvature instability: σ*, and the protein density 
required for tubulating a tensionless membrane: ρ0 (Eq. 4.4). 
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 where  is defined as 3ε = arcos(1-13.5a2/a3). 
As shown in Figure 4.6, the model is in good agreement with the measured relation 
between transition-density and membrane tension. In order to be able to obtain the 
spontaneous curvature from the value of the curvature coupling strength κC0, the bending 
rigidity of the membrane used here (DOPS/DOPE/DOPC=45/30/25) was measured as κ = 
23±3kBT (Mean±SD, repeated for five GUVs, also see Fig. 4.11). Assuming β = 50nm
2 
[193], the fit results correspond to a spontaneous curvature C0
-1 = 5.1±0.7nm (here and 
where not further specified below, uncertainties result from the standard error of fit 
parameters and error propagation) agreeing well with values inferred from N-BAR 
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protein curvature sorting experiments performed on a GUV-tether system[118, 193]. The 
upper tension limit for enabling membrane shape transitions through endophilin N-BAR 
for the lipid composition used here is σ* = 0.19±0.04mNm-1. Finally, the protein 
transition-density required for tubulating a tensionless membrane is ρ0 = 650±150μm
-2, 
corresponding to about 7.5 protein dimers on a CCV-sized membrane (assuming a CCV 
radius of 30 nm). Interestingly, the number of endophilin molecules in synaptic boutons 
was measured in a recent study[162]. An endophilin dimer density of 546±36μm-2 on the 
synaptosome surface can then be estimated based on the following considerations (see 
Section 1.5) 
This endophilin density turns out to be within the stable regime of the stability diagram 
(for any membrane tension), but is localized close to the stability boundary (assuming 
typical neuronal membrane tensions of 0.003mNm-1 to 0.04mNm-1 [59]). This suggests 
that under physiological conditions, the plasma membrane of neuronal cells can easily 
switch between stable (endocytosis suppressed) and unstable (endocytosis activated) 
states by changing membrane tension or locally concentrating proteins such as endophilin.  
I reiterate in passing that the shape stability theory describes the capacity of a peripheral 
protein to generate curvature not only with the well-known spontaneous curvature, but 
with two additional parameters related to molecular details of the protein / membrane 
system: the protein density for tubulating a tensionless membrane, and the maximal 
tubulation tension. In the next section, it will be demonstrated that these parameters can 
vary significantly, comparing different types of proteins. 
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4.4 Shape stability boundary is unaffected by binding kinetics 
Notice that the biophysical shape stability fitted to the experimental data is valid only 
under thermodynamic equilibrium conditions – an assumption that needs verification. I 
therefore investigated if binding kinetics of proteins to the membrane measurably affects 
the transition-density. 
Negatively charged PS lipids can affect the binding kinetics of proteins both in vivo and 
in vitro [157, 296] (also note results demonstrated in Chapter 3). Specifically, a larger 
fraction of PS lipids in the membrane is known to increase the membrane binding rate of 
the endophilin N-BAR domain [157]. In order to test the thermodynamic equilibrium 
hypothesis, the membrane shape transition points for vesicles containing different 
amounts of negatively charged lipids was measured. 
 
Figure 4.8 Membrane charge affects equilibrium density, not transition density.  
(a)Transition-densities were measured for GUVs with differing amounts of DOPS (replacing 
DOPC with DOPS) under otherwise identical experimental conditions as for the data shown in 
Fig. 4,6. Red data points correspond to GUVs with 25%DOPS (30%DOPE and 45% DOPC), 
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green data points correspond to GUVs with 55% DOPS (30%DOPE and 15% DOPC). Filled 
triangles represent the transition density and circles represent the maximum protein density 
observed on GUVs that did not show tubulation. (b)Equilibrium densities of endophilin N-BAR 
(open bars) increase significantly for increasing amounts of DOPS in the GUV (for each 
composition pair P<10-4, Student t test). No significant difference can be found among the 
transition densities (gray bars, for each composition pair, P>0.5, Student t test). Concentration of 
endophilin N-BAR domain: 100nM. GUV compositions: DOPS/DOPE/DOPC = X/30/(70-X). 
All GUVs considered here are at the membrane tension of 0.095 ± 0.013mNm-1 (Mean ± SD).  
Not surprisingly, the equilibrium density of proteins on the membrane significantly 
increases with an increasing amount of PS lipids in GUVs (Fig. 4.8b). Interestingly 
however, transition-densities, as well as the tension dependence, are identical within 
uncertainties for the three lipid compositions tested (Fig. 4.8). Equivalently, for the same 
lipid composition, only equilibrium densities, but not transition-densities, depend on bulk 
protein concentration (Fig. 4.4a). To further validate the hypothesis that membrane 
binding kinetics do not affect my results, an apparent protein binding rate was measured 
by determining the slope of the protein binding curve in a time interval close to the shape 
instability (Fig. 4.9a). Using GUVs under the same membrane tension 
(0.110±0.007mNm-1, Mean±SD), the transition-densities exhibited no dependence on the 
apparent protein binding rate (see Fig. 4.9b, showing a zero slope within statistical error 
(7.5±10s)). Therefore, it can be concluded that under conditions considered here, protein-
membrane binding kinetics plays a negligible role in controlling the membrane curvature 
instability. 
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Figure 4.9 Absence of an effect of apparent endophilin N-BAR membrane binding rate 
on transition-density.  
(a) Representative endophilin N-BAR membrane binding curves with a slower (circle) and a 
faster (square) apparent binding rate. Apparent protein binding rates were calculated as the slope 
of a linear fit (grey line) to the binding curves before reaching their transition-density (indicated 
by the arrows). (b) Summary of the relation between transition-density and the apparent binding 
rate for GUVs under the same membrane tension (0.110±0.007 mNm-1, Mean±SD). The solid 
grey line represents a linear fit to the data with a slope: 7.5±10s, indicating that there is no 
correlation between protein membrane binding kinetics and the transition density. 
4.5 Lipid shape as an additional control parameter 
I finally asked if lipid shape can affect the shape transition-density for endophilin N-BAR. 
Fig. 4.10 shows that the cone-shaped lipids cholesterol and DOPE both significantly 
reduce the transition-density at constant membrane tension. This amplification effect of 
cone-shaped lipids on membrane tubulation is consistent with previous observations in a 
different experimental system[107]. However, only the presence of DOPE but not 
cholesterol lowers the bending rigidity of the membrane (Fig. 4.11). Therefore, at least 
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for cholesterol, its effect on the transition-density can be attributed to the conical lipid 
shape [152, 297]. It is well known that proteins with membrane curvature insertion ability 
will lead to different spontaneous curvature of the membrane depending on the protein’s 
insertion depth[298]. Therefore, in the presence of conical lipids, the protein’s coupling 
strength to membrane curvature may be altered by allowing the protein to insert deeper 
into the lipid bilayer – a hypothesis that remains to be tested.  
 
Figure 4.10 The effect of conical lipids on membrane shape transitions.  
Under the same membrane tension (0.068 ± 0.007mNm-1 (Mean ± SD)), the presence of 30% 
conical lipids, either DOPE or cholesterol, significantly lowers the transition-density of 
endophilin N-BAR domain. ***P<10-4, Student t test. Control: DOPS/DOPC=45/55, same below. 
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Figure 4.11 Membrane bending rigidity measurements and the effect of conical lipids on 
membrane bending.  
(a) Tube-pulling force experiments on the GUVs with the composition of ‘DOPS/DOPC = 45/55 
(circle), DOPS/DOPE/DOPC = 45/30/25 (square), and DOPS/Cholesterol/DOPC = 45/30/25 
(triangle). Bending rigidity of the membrane was extracted from a linear fit (solid lines) of force 
versus tension0.5 plot. (b) Summary of the bending rigidities of the three membrane compositions 
listed above. ***P<10-4, Student t-test. 
To support the hypothesis that conical lipids in the bilayer facilitate endophilin induced 
membrane shape transition, I then asked if DAG(14:0), a more conical lipid species (than 
DOPE and cholesterol)[152], can reduce the transition density to a greater extent. On the 
other hand, I also wondered if phosphoinositides, usually expected to have anti-conical 
shapes due to their high charge density in the lipid headgroup [299, 300], can inhibit 
endophilin induced membrane shape transitions compared to the membrane with only 
cylindrical DOPS and DOPC lipids (45/55). More specifically, a positive dependence of 
the transition density on lipid spontaneous curvature (Js, where more conical lipids have 
more negative Js values[152]) is expected. 
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As expected, Fig. 4.12a shows that the presence of 15% DAG(14:0) can significantly 
reduce the transition density, to an extent similar to the effects of 30% DOPE and 30% 
cholesterol (Fig. 4.10), agree with DAG(14:0) having a more conical shape. Conversely, 
the presence of PI(4,5)P2 increases the transition density (Fig. 4.12b), agree with 
PI(4,5)P2 being an anti-conically shaped lipid [299, 300]. However, it has to be noted that 
the highly charged PIPs will also increase the binding of endophilin to the membrane (Fig. 
4.13), which can help the membrane deformation process. Therefore, whether the 
presence of PIPs in the plasma membrane will promote or suppress membrane 
deformation mediated by endophilin (e.g. in FEME), will depend on the specific 
concentrations of the lipids and proteins in the cell. 
 
Figure 4.12 The effect of DAG and PIPs on membrane shape transitions.  
(a) The presence of 15% DAG(14:0), significantly lowers the transition-density of endophilin N-
BAR domain, while 5% DAG(14:0) showed no significant effect. (b) The presence of 5% 
PI(4,5)P2 increases the transition-density of endophilin N-BAR domain, while 5% PI(4)P showed 
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no significant effect. All comparisons are made under the same membrane tension (0.069 ± 
0.010mN/m (Mean ± SD)). N.S.: P>0.05, *P <0.05, ***P<10-4, Student t test. 
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Figure 4.13 The presence of PIPs but not conical lipids increases the equilibrium density 
of endophilin N-BAR on membranes.  
After GUVs of different compositions are transferred into 100nM protein solutions, equilibrium 
densities of protein on the GUVs are measured. Error bar is SEM. Protein equilibrium densities 
showed no significant difference for lipid compositions containing the same amounts of charge, 
indicating lipid packing defects do not significantly alter endophilin N-BAR binding ability in the 
conditions considered here. Additional lipid charges from PI(4,5)P2 or PI(4)P lead to a higher 
equilibrium density. N.S.: P>0.05, *P <0.05; **P<0.01; ***P<0.001. 
Interestingly, on a lipid composition of DOPS/DOPE/DOPC/PI(4,5)P2 =30/30/35/5, 
almost exactly the same curvature stability boundary was found compared to the stability 
diagram constructed with DOPS/DOPE/DOPC =45/30/25 (Fig. 4.14). Based on the 
hypothesis above, monolayer spontaneous curvature for both membrane compositions 
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should also be similar. Monolayer spontaneous curvatures are usually assumed to be a 
linear superposition of the spontaneous curvature of each lipid components [152], thus 
leading to the equation: 15% Js(DOPS) = 5% Js(PI(4,5)P2) + 10% Js(DOPC). From 
known spontaneous curvatures values Js(DOPS) = +1/14.4nm
-1 and Js(DOPC) = -1/20 ~ -
1/8.7 nm-1 [152], spontaneous curvature of PI(4,5)P2 can be estimated to be Js (PI(4,5)P2) 
= +1/2.3 nm-1 ~ +1/3.2 nm-1. Future measurements of PI(4,5)P2 spontaneous curvature 
will serve as a direct test to my proposal. 
 
Figure 4.14 Estimation of the spontaneous curvature of PIP2.  
GUVs with the composition: DOPS/DOPE/DOPC/PI(4,5)P2 = 35/30/30/5 (blue) are compared 
with GUVs that are used to construct the stability diagram: DOPS/DOPE/DOPC = 45/30/25 
under otherwise the same experimental condition. Two sets of data overlap with each other, 
indicating two compositions possess similar monolayer spontaneous curvature. Data used for the 
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BAR plot are GUVs under the membrane tension of 0.069 ± 0.007mN/m (Mean ± SD), no 
significant difference can be found between the protein density required to tubulate the two 
different membranes (P=0.8). 
Notice that these two lipid compositions also have similar amount of total lipid charge 
density (consider PS with a charge of -1 and PI(4,5)P2 with a charge of -3[301]). In the 
experiments here, endophilin N-BAR showed indistinguishable binding ability towards 
these two lipid compositions (Fig. 4.15), confirming that endophilin N-BAR binds 
membrane mainly through electrostatic attraction and do not have specificity towards 
PI(4,5)P2. In the next sections, these two lipid compositions will be assumed to be 
interchangeable in studies regarding endophilin N-BAR.  
 
Figure 4.15 Effect of PIP2 on the membrane binding ability of endophilin N-BAR. 
(a) Binding isotherms of endophilin N-BAR measured on DOPS/DOPE/DOPC = 45/30/25(white) 
and DOPS/DOPE/DOPC/PI(4,5)P2 = 35/30/30/5 (black) membranes by incubating GUVs of each 
composition (lipid concentration 50μM) with varying concentration of endophilin N-BAR (10~20 
GUVs were chosen for each condition). (b) Equilibrium density of endophilin N-BAR on GUVs 
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of each lipid composition measured by transferring single GUVs to 187.5μL of 100nM 
endophilin N-BAR solutions. N.S.: P>0.1. Buffer: 50mM NaCl, 7mM Hepes, pH7. 
Overall, the data presented in this chapter suggest that in addition to membrane tension 
and protein density, lipid shape provides a third level of control that cells can use to 
regulate membrane shape transitions (Fig. 4.16). 
 
 
Figure 4.16 Three ways of mediating membrane curvature instability.  
Three regulatory elements are identified in this contribution that can modulate membrane shape 
transitions induced by the binding of curvature coupling proteins. Notably, membrane budding 
and tubulation is not solely induced by protein association (left arrow). The effects of lowering 
membrane tension (middle arrow) and changing membrane lipid composition (right arrow) also 
control membrane shape transition without the assistance of additional proteins. The contribution 
of peripheral proteins is defined by their density on the membrane, emphasizing a thermodynamic 
role played by protein molecules in mediating membrane shape transitions. The tension effect 
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may explain an ultrafast pathway cells can utilize to control membrane shape transformations 
such as endocytosis. 
4.6 Summary and significance 
It has to be emphasized that I have used the simplest thermodynamic theory of membrane 
stability in the presence of curvature-inducing proteins, which neglects the highly 
anisotropic spontaneous curvature and significant oligomerization tendency of N-BAR 
domain proteins [121-123, 157, 192]. Nevertheless, the model used here accurately 
describes the shape transition. Precisely because the model does not assume details about 
the protein other than the curvature-coupling strength and an excluded area for the 
protein, it likely applies to all endocytic proteins.  
The presence of a well-defined membrane shape transition-density provides an attractive 
explanation for how endocytic protein recruitment can control plasma membrane 
deformation during CME: the initiation of membrane buds and the formation of a CCV 
may proceed only after establishing well defined transition-densities of endocytic 
proteins. For UFE, however, the endocytic vesicle formation route of a 10 millisecond 
duration leaves little time for a plasma membrane patch to undergo a sequential protein 
recruitment process as in CME (typically 10~20s [21]). Thus, instead of recruiting 
additional curvature generating proteins to the membrane, for the case of UFE, a more 
plausible signal that triggers membrane budding is the lowering of membrane tension in 
the presence of already membrane-bound peripheral proteins. Due to membrane fluidity, 
tension changes propagate at a speed of about 106μms-1 [289, 302]. Therefore, a tension 
reduction caused by processes such as the fusion of exocytic vesicles into the plasma 
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membrane can likely trigger endocytosis at a much faster rate compared to the process of 
recruiting peripheral curvature-inducing proteins. For classical endocytosis, a checkpoint 
that separates abortive from propagating endocytic pits has been identified [156, 303]. It 
is possible that the stability boundary identified in the shape diagram provides a 
mechanistic explanation for this phenomenon. Abortive endocytic pits might assemble 
due to local fluctuations in protein density and membrane tension, but in situations where 
the stability boundary is not passed, such fluctuations will eventually decay without 
producing vesicles. 
Our findings provide new insights into how cellular membrane shapes and dynamics are 
controlled by interacting with curvature-coupling proteins as well as via the regulation of 
membrane physical properties such as tension and lipid shape. It is very likely that the 
coupling of membrane tension and density of curvature-coupling proteins determined 
here plays modulatory roles in all forms of endocytosis.  
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CHAPTER 5 Molecular mechanisms of BAR domain protein 
induced membrane deformationd 
In the previous chapter the mechanism of endophilin induced membrane deformation was 
discussed. However, at least for CME, several different types of BAR domain proteins 
are recruited to endocytic sites in order to facilitate the invagination of the plasma 
membrane [7, 21]. Whether several of these proteins play redundant roles or if each BAR 
domain protein contributes an individually important role is still unclear. Among the 
endocytic BAR domain proteins, endophilin, amphiphysin and SNX9, which share 
similar crystal structures (Fig. 5.1 a&b), exhibit significant membrane recruitment 
seconds before the scission of CCV [21]. The pre-scission CCVs connect to the plasma 
membrane via a highly curved membrane neck. All three proteins have been 
hypothesized to play a direct role in generating or stabilizing this high membrane 
curvature through their crescent shaped BAR domain dimer [7]. Additionally, all three 
proteins contain a SH3 domain, which is responsible for recruiting the protein dynamin 
and/or the inositide phosphatase synaptojanin, which are then responsible for downstream 
endocytic processes such as scission and uncoating of the vesicles, respectively. 
On the other hand, distinct cellular events have been identified which appear to involve 
only one type of the many BAR domain proteins. First, SNX9 contains a PIP2 binding PX 
domain, and therefore, its local membrane binding level can be sensitively regulated by 
                                                          
d Parts of this chapter are reproduced from a manuscript in preperation: Shi Z*, Chen Z*, Jankowska KI, 
Wu T, Baumgart T. Molecular mechanisms of membrane curvature sensing and generation by BAR 
domain proteins. 
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the change of local PIP2 concentration in the plasma membrane during endocytosis [296, 
304]. In fact, the recruitment of SNX9 shows distinct dynamics during CME compared to 
those of endophilin and amphiphysin [21]. Secondly, recent studies [187] identified a 
prominent role of endophilin in promoting a fast form of synaptic vesicles endocytosis, 
whereas the function of amphiphysin is less well understood, despite its similar 
expression level in neurons [162]. Moreover, both amphiphysin and SNX9, but not 
endophilin, were found to activate the actin regulator N-WASP and therefore coordinate 
actin polymerization [305]. However, knocking out SNX9 in mice leads to significantly 
more severe endocytic defects compared to amphiphysin knock-out mice [305, 306]. 
Therefore, understanding both the differences and similarities among these proteins will 
greatly enhance our understanding of the molecular mechanism of cellular trafficking. 
In this chapter, I will compare the curvature generation ability of endophilin, 
amphiphysin, and SNX9. For the completeness of this study, some of the experiments 
performed by my collaborators regarding the same topic will also be discussed here. 
At high protein densities on the membrane, all three proteins showed similar membrane 
curvature sensing abilities. Interestingly, at low densities, curvature sensing is found to be 
density dependent and slightly different for each protein at a given density. However, the 
ability of the three proteins to generate high curvature increases significantly from 
endophilin to amphiphysin and to SNX9, as verified by three independent biophysical 
techniques. Furthermore, potential molecular mechanisms were investigated that might 
explain the large variations in membrane curvature generation ability among these 
structurally similar proteins. The protein-protein attraction strength (direct or membrane-
135 
 
mediated) is found to be one of the important factors in determining the curvature 
generation ability of these three proteins. 
5.1 Membrane binding ability decreases from endophilin to amphiphysin and to 
SNX9 
The characterization of BAR domain protein action on lipid bilayer membranes must 
begin with understanding the binding strength of these proteins to the membrane. This is 
because the behavior of BAR domain proteins on membranes depends critically on the 
protein’s density on the two dimensional surface. For example, these proteins tend to 
oligomerize at high surface density [157] and the protein’s membrane curvature coupling 
ability exhibits distinct regimes depending on the bound protein density [23, 118, 193]. 
Therefore, in order to guide the following investigation of BAR domain function on the 
membrane, the membrane binding ability of the three BAR domain proteins on 
membranes of the same lipid compositions should be characterized in the first place. 
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Figure 5.1 Crystal structures and membrane binding isotherms of endophilin, 
amphiphysin, and SNX9.  
(a) Crystal structures of the N-terminal BAR domain of endophilin (blue, PDB: 2C08), 
amphiphysin (red, PDB: 4ATM), and the PX-BAR domain of SNX9 (green, PDB: 2RAI). (b) 
Structure alignment of the three BAR domains with PyMOL. (c) Protein densities measured on 
GUVs with the composition PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35 under various protein 
concentrations for all three proteins. The data for each of the proteins was fitted to an apparent 
Langmuir binding isotherm (ρ=ρmax/(1+KD/[P]), solid lines) with the fitted results summarized in 
Table 5.1. Protein densities were measured on 10 to 20 independent GUVs for each condition. 
Gray error bars are standard deviations (SD) and the colored error bars are standard errors of the 
mean (SEM). Buffer: 7 mM Hepes, 50 mM NaCl, pH 7. 
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Protein KD
 (nM) ρ
max
(μm
-2
) 
Endophilin 1870±870 18300±5800 
Amphiphysin 830±490 5450±1950 
SNX9 680±90 1350±80 
Table 5.1 Fitting results of Fig. 5.1c. 
For a wide range of protein concentrations, the protein density on the membrane was 
found to exhibit a consistent trend: endophilin>amphiphysin>SNX9. More specifically, 
the difference lies mostly in the maximum densities that each of the proteins can reach on 
the membrane, while interestingly their apparent binding affinities are similar within 
statistical error based on the fitting to a standard Langmuir isotherm binding model (Fig. 
5.1c).  
Two different inner plasma membrane mimicking lipid compositions were chosen for this 
study. The comparisons to SNX9 were performed on vesicles that contained PIP2 
‘PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35’ in line with the presence of the PIP2 
specific PX domain in SNX9. The comparisons between endophilin and amphiphysin 
were mostly carried out on vesicles devoid of PIP2 ‘DOPS/DOPE/DOPC = 45/30/25’ 
(while keeping the headgroup charge consistent with the other composition) in order to 
minimize the variation of lipid compositions among different vesicles[307]. 
5.2 Membrane curvature sensing ability is density dependent and decreases from 
endophilin to amphiphysin and to SNX9 at low density 
To compare the membrane curvature sensing abilities of the three proteins, the curvature-
dependent repartitioning of each protein was first measured on a tether-GUV system for 
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similar protein densities on the GUV. For all three proteins, increasing membrane tension 
resulted in an increase of protein fluorescence and a decrease of lipid fluorescence of the 
tubule (Fig. 5.2 a&b). The decrease of lipid fluorescence is in accordance with the 
reduction of tubule radius when membrane tension increases. Conversely, the increase of 
protein fluorescence indicates that the amount of protein increases in the tubule region as 
the tubule curvature increases (radius decreases). This means that, as expected, all three 
proteins have a preference for high positive membrane curvature. The ratio of 
fluorescence signals (Ir/Ir
0) as shown in Fig. 5.2c, follows an approximately linear 
relationship with the square root of membrane tension (σ0.5), which agrees with a linear 
curvature sensing theory [219].  
Furthermore, the slope of a linear fit to the sorting results can be related to the protein 
size, and an effective spontaneous curvature per protein molecule (equation 1.13) [118, 
308]. As shown in Fig. 5.2c, for similar protein density on the GUV (about 100 µm-2, 
corresponding to a cover fraction of less than 0.5%), the curvature sensing abilities of the 
three BAR proteins differ in that they increase from SNX9 to amphiphysin and to 
endophilin. This means endophilin has the highest spontaneous curvature, while SNX9 
has the lowest spontaneous curvature per molecule at a density about 100 µm-2.  
At low protein densities on the GUV (below 200 µm-2), the spontaneous curvature was 
observed to be protein density dependent in that it decreases with increasing protein 
density on the GUV (Fig. 5.2d). At higher protein density (above 200 µm-2) the sensing 
capacities are weaker and similar for all three BAR proteins. This is consistent with a 
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previous study of endophilin, which showed that the curvature sensing ability of BAR 
domain proteins decreased with protein concentration [118]. 
 
Figure 5.2 Membrane curvature sensing ability of SNX9, amphiphysin and, endophilin.  
Experiments in this figure were performed by Dr. Katarzyna I. Jankowska. Membrane curvature 
sorting abilities of SNX9, amphiphysin, and endophilin as measured by the repartitioning of each 
protein at the same protein density (98±4 µm-2 mean±SD) on the tether-GUV system. (a)&(b) 
Representative xy plane (a) and xz plane (b) confocal images of pulled tether under low (0.09 
mN/m) and high membrane tension (0.48mN/m). (c) The curvature partitioning of proteins as a 
function of σ0.5. The proteins’ tendencies to enrich on high curvature tethers as quantified by the 
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slopes of linear fits (with intercept fixed at a value of 1). (d) Dependence of curvature sorting 
slopes with protein density on the GUV for SNX9, amphiphysin, and endophilin. GUV lipid 
composition: PI(4,5)P2/ DOPS/DOPE/DOPC = 5/30/30/35. Buffer: 7 mM Hepes, 50 mM NaCl, 
pH 7. 
At low protein density, N-BAR domains sense membrane curvature through their 
amphipathic helices, which fold and insert into the headgroup region of the membrane 
[309, 310]. It is well documented that endophilin possesses four such helices per dimer, 
two at the N-terminus (H0, at the tips of the BAR domain dimer) while the other two are 
at the center of the concave membrane binding interface (H1I) (also see Chapter 3) [160, 
311, 312]. Amphiphysin, on the other hand, only contains two H0 helices [160, 311]. 
Therefore, the higher membrane curvature sensing ability of endophilin at low protein 
density may be consistent with its larger number of well-defined membrane insertion 
helices compared to amphiphysin. 
The case of SNX9 is a little less clear in this context. Unlike endophilin and amphiphysin, 
the BAR domain of SNX9 is located at the C-terminus of the protein, leaving no apparent 
H0 helix that can fold in front of the BAR domain [313]. However, it was recently 
suggested that the linker regions between the LC and PX domain, the PX and BAR 
domain, along with an internal putative amphipathic stretch within the BAR domain, can 
serve as membrane insertion helices for SNX9 [313, 314]. To what extent the 
amphipathic helices proximal to the membrane of SNX9 contribute to curvature sensing, 
is currently not clear. 
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At higher protein density, the BAR domain will get in closer proximity to the membrane, 
while the insertion helices are more deeply buried into the bilayer [309, 310]. When the 
BAR domains begin to interact with the bilayer, the difference caused by the three 
proteins’ membrane insertion helices will become less prominent. It is tempting to 
hypothesize at this stage, that the differences in sensing membrane curvature for the three 
proteins can be related to the amphipathic helices. 
5.3 Liposome tubulation assay suggests different curvature generation abilities 
of the three proteins 
I next asked whether the three BAR domain proteins show different curvature generation 
capacities. It has been shown in previous studies that BAR domains induce membrane 
tubulation in a protein concentration dependent manner [221, 309]. Proteins of varying 
concentrations were incubated with vesicles and the membrane shapes were visualized by 
negative staining TEM. At low protein density on the membrane, vesicle morphologies 
remain similar to those in the absence of proteins. When a certain protein density 
threshold was reached, budding structures appeared on the liposomes. At high protein 
bulk concentration (5 µM), all three proteins are able to induce tubulation from vesicles 
(Fig 5.3). We then asked if there are differences in critical protein concentrations (to 
initiate membrane deformation) for these three proteins. 
As shown in Figure 5.3a, endophilin did not change liposome morphologies at bulk 
concentrations ranging from 200 nM to 1 µM. No observable membrane tubulation were 
found in the samples. Beginning from 2 µM, tubular membranes start to appear, with 
increasingly more tubes appearing at 5 µM. Qualitatively, endophilin N-BAR bends 
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membranes at protein concentrations above 1 µM. Contrastingly, we found that 
amphiphysin and SNX9 are able to generate membrane tubules at a significantly lower 
bulk concentration. As shown in Figure 5.3b~d, tubules started to appear from the 
liposomes when the concentration was increased to 500 nM, with increasingly more 
tubules in the samples containing higher protein concentrations.  
SNX9 and amphiphysin do not appear to show a significant difference in the critical 
concentrations to induce tubulation in the EM tubulation assay (Fig. 5.3c&d). However, 
considering the much weaker binding ability of SNX9 (Fig. 5.1), the indistinguishable 
critical concentration indicates that substantially less membrane bound SNX9 is needed 
to induce membrane tubulation. On the other hand, the strong membrane binding ability 
of endophilin further amplifies the difference between endophilin and the other two 
proteins in their membrane curvature generation (tubulation) abilities. 
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Figure 5.3 The three proteins show different ability to induce membrane tubules in EM 
titration experiments.  
Experiments in this figure were performed by Dr. Tingting Wu ((a) and (b)) and Mr. Zhiming 
Chen ((c) and (d)). (a)&(b) Representative EM images of LUV (DOPS/DOPE/DOPC = 45/30/25) 
morphologies co-incubated with 200 nM to 5 µM of endophilin (a) or amphiphysin (b). (c)&(d) 
Representative EM images of LUV (PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35) morphologies 
co-incubated with 100 nM to 5 µM of SNX9 (c) or amphiphysin (d). Membrane became 
tubulated when protein concentration reached 2 µM for endophilin and 500 nM for amphiphysin 
and SNX9. The first appearance of membrane tubes under each condition is indicated by the 
arrows. Buffer: 20 mM Hepes, 150 mM NaCl, pH 7. 
5.4 The difference in membrane curvature generation abilities is confirmed 
through pulling force measurements 
By varying protein concentration in EM measurements, we found that amphiphysin and 
SNX9 are able to deform membranes at a smaller bulk concentration compared to 
endophilin. In order to verify the different curvature generation capacities of the three 
BAR domain proteins, we applied a more direct technique to quantify mechanical effects 
of these proteins on membranes.  
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Figure 5.4 The three proteins mechanically stabilize high curvature membrane tethers 
to different extents.  
(a) Representative forces required to maintain a tether pulled from bare GUVs (black, lipid 
composition: DOPS/DOPE/DOPC=45/30/25), GUVs in 400 nM endophilin (blue), or GUVs in 
400 nM amphiphysin (red) under various membrane tensions. Solid lines are linear fits of the 
pulling force to tension0.5 where the slope of the linear fit can be directly related to the effective 
bending rigidity of the membrane. Averaged slope values from measurements on multiple GUVs 
correspond to effective bending rigidities of 23.6±4.0 kBT for bare GUVs, 18.0±4.0 kBT for 
GUVs in 400 nM endophilin, and 9.6±7.9 kBT for GUVs in 400 nM amphiphysin. (b) 
Representative forces required to maintain a tether pulled from bare GUVs (black, lipid 
composition: PI(4,5)P2/DOPS/DOPE/DOPC=5/30/30/35), GUVs in 200 nM amphiphysin (red), 
or GUVs in 400 nM SNX9 (green) under various membrane tensions. Different protein 
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concentrations were chosen here in order to reduce the difference in membrane densities of the 
two proteins (see Fig. 5.1, under these conditions, the resulting densities were 1050±650 μm-2 for 
amphiphysin and 500±60 μm-2 for SNX9). Solid lines are linear fits of the pulling force to 
tension0.5. Effective bending rigidities are 21.9±6.1 kBT for bare GUVs, 18.0±4.4 kBT for GUVs 
in 200 nM amphiphysin, and 18.7±4.3 kBT for GUVs in 400 nM SNX9. (c) Summary of the slope 
(black) and intercept (blue) extracted from the linear fits of tether pulling force to tension0.5 as 
shown in (a). (d) Summary of the slope (black) and intercept (blue) extracted from the linear fits 
of tether pulling force to tension0.5 as shown in (b). Student t-test: N.S.: p>0.1, *p<0.05, 
**p<0.005, ***p<0.0005 (the tests without an associated bracket refer to comparisons with 
corresponding ‘Bare GUV’ data). Light error bars are SD, dark error bars are SEM. Buffer: 7 mM 
Hepes, 50 mM NaCl, pH 7. 
When a lipid tether is pulled from a GUV, a pulling force proportional to the square root 
of membrane tension (see equation 1.8) [31] is required to maintain the highly curved 
cylindrical structure. However, BAR domain containing proteins with the ability to 
generate/stabilize high membrane curvature will have the potential to reduce the pulling 
force [32, 193]. We therefore measured the tether pulling force in the presence of each 
protein with the assistance of an optical trap. 
As shown in Fig. 5.4a, the presence of amphiphysin significantly lowers the pulling force 
required to maintain the tether, consistent with the protein’s relatively strong curvature 
generation capacity [32, 193]. Under the same bulk concentration, endophilin affects the 
tether pulling force to a much weaker extent, despite the larger number of endophilin 
molecules bound onto the GUV surface (Fig. 5.1). This can be further quantified by 
determining the slope and intercept of a linear fit of the ~f  relation. As shown in Fig. 
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5.4c, both the slope and intercept significantly decrease in the presence of amphiphysin 
compared to protein free GUVs, while no significant difference can be found for 
endophilin covered membranes. Therefore, amphiphysin possesses a significantly larger 
membrane curvature stabilizing effect than endophilin. 
We then carried out the same comparison between SNX9 and amphiphysin. As shown in 
Fig. 5.4b, under comparable protein densities, SNX9 reduces the tether pulling force to a 
larger extent than amphiphysin. We examined this further by performing a linear fit of 
the ~f  relation of the two proteins. A significantly larger reduction in the intercept 
value is found for SNX9 compared to amphiphysin (Fig. 5.4d). 
Overall, the tether pulling force measurements imply that under similar surface densities, 
the proteins’ abilities to stabilize high curvature membranes follows a decreasing trend 
from SNX9 to amphiphysin and to endophilin. These findings are consistent with our 
predictions based on the EM tubulation assay, where SNX9 and amphiphysin exhibit a 
lower critical concentration for tubulating liposomes than endophilin.  
In a low protein density regime, one can treat the proteins as a two dimensional gas and 
the tether pulling force f can then be predicted by equation 1.15 [32, 193]. With similar 
protein densities on the GUV, the amount of force reduction at zero tension is predicted 
(based on equation 1.15) to be proportional the protein’s spontaneous curvature. This 
predicts that endophilin has the lowest spontaneous curvature, while SNX9 has the 
highest spontaneous curvature per molecule. However, this disagrees with the results 
from curvature sorting measurements (Fig. 5.2). This difference indicates that when 
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generating membrane curvature, BAR domain proteins likely use a mechanism different 
from what they use to sense the membrane curvature[315]. 
5.5 Membrane instability boundaries induced by endophilin, amphiphysin, and 
SNX9 are significantly different 
In the previous section, we have quantified the membrane curvature sensing and 
generation ability of the three proteins on the tether-GUV system, where a relatively high 
membrane curvature was pre-established by external forces. To mimic curvature 
generation from the plasma membrane, we next aim to quantify the ability of these BAR 
domain proteins to directly initiate curvature from flat membranes. 
This quantification was achieved by the GUV instability assay as described in Section 
2.5.1 [23]. Most surprisingly, SNX9 was found to induce tubulation at an extremely low 
protein density level on the GUV (~150μm-2 at tension ~0.1mN/m) (Fig. 5.5).  
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Figure 5.5  SNX9 induced membrane instability.  
(a) Representative GUV geometry changes with SNX9 binding. Formation of membrane tubes 
and/or small vesicles was observed which leads to a decrease in GUV membrane area (in the 
figure this is reflected as a decrease in the aspiration length). (b) Time-dependent SNX9 density 
on GUV (black) and GUV membrane area (blue). The point where GUV area starts to decrease 
(the GUV instability transition point) corresponds to a protein density around 150μm-2. (c) Time-
dependent GUV membrane area (blue), GUV volume (green), and lipid (dye) intensity per 
membrane arclength (red). No observable change for lipid density and GUV volume were found. 
Membrane tension: 0.1mN/m. GUV lipid composition: PI(4,5)P2/DOPS/DOPE/DOPC =  
5/30/30/35.  
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A comparison of the GUV instability boundary of SNX9 with that of amphiphysin and 
endophilin shows dramatic differences among these three proteins. Namely, SNX9 
induces membrane shape transition (GUV instability) at lower densities than 
amphiphysin, whereas amphiphysin induces membrane shape transition at lower densities 
than endophilin. 
 
Figure 5.6 Stability diagram of SNX9, amphiphysin, and endophilin.  
The measurements with amphiphysin and endophilin (to reproduce Fig. 4.6) in this figure were 
collected by Mr. Zhiming Chen. Membrane tubulation transition points of SNX9 (green), 
amphiphysin (red), and endophilin (blue) depict the GUV instability boundaries induced by the 
proteins. The solid lines represent the best fits of the transition densities to the linear curvature 
instability model (equation 1.74) and the dashed lines are the 95% confidential intervals for each 
fit. GUV lipid composition in endophilin and amphiphysin experiments: 
DOPS/DOPE/DOPC=45/30/25. GUV lipid composition in SNX9 experiments: 
PI(4,5)P2/DOPS/DOPE/DOPC =  5/30/30/35. 
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By fitting the instability boundaries of the three proteins to the linear membrane 
curvature instability theory (equation 1.74) [22, 23, 54], we can get a set of three physical 
parameters describing each protein’s membrane interaction behavior (equation 1.77). 
Namely, the protein’s membrane curvature coupling strength: κC0, the maximum tension 
that allows the shape transition: σ*, and the protein density required for tubulating a 
tensionless membrane: ρ0 (Table 5.2).  
Protein ρ
0
(μm
-2
) C0(nm
-1) σ*(mN/m) 
Endophilin 760±380 0.18±0.04 0.23±0.05 
Amphiphysin 60±16 0.66±0.10 0.11±0.04 
SNX9 12±5 1.46±0.41 0.25±0.06 
Table 5.2 Fitting parameters of the instability boundaries shown in Fig. 5.6. 
The fitting reveals that the spontaneous curvatures resulting from the instability assay 
differ for the three proteins, with a trend agreeing with the results from the tether pulling 
force measurements. This again suggests that when generating membrane curvature, 
BAR domain proteins follow a different mechanism than when sensing membrane 
curvature (Fig. 5.2). Here as well, the curvature generation ability follows the trend 
SNX9>amphiphysin>endophilin. 
More interestingly, however, the reported ρ0 values differ to a much larger extent 
compared to the C0 values (Table 5.2). We observed a ρ0 value of ~ 760 μm
-2 for 
endophilin, which is consistent within statistical error with the value obtained in Chapter 
4 [23]. However, the protein densities to tubulate a zero-tension membrane are ~ 12 fold 
and ~ 60 fold lower comparing amphiphysin (~ 60 μm-2) and SNX9 (~ 12 μm-2) to those 
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of endophilin. This observation again agrees with the decreasing trend comparing the 
three proteins’ membrane remodeling ability: SNX9 > amphiphysin > endophilin. 
Additionally, in our model the protein density required to tubulate a zero-tension 
membrane is only determined by the protein’s inter-molecular attraction strength α (see 
equation 1.77) with α(SNX9)= (6.1±3.2)×104 kBT·nm
2, α(Amphiphysin)= (1.3±0.4)×104 
kBT·nm
2, α(Endophilin)= (1.0±0.5)×103 kBT·nm
2. Therefore, the different membrane 
remodeling ability of the three proteins coincide with a dramatic difference in the 
protein’s inter-molecular attraction strength α.  
Furthermore, the inter-molecular attraction strength can be viewed as the protein’s 
tendency to polymerize on the membrane. The interaction range (d) of BAR domain 
protein was recently reported to be d~12.5nm[189], therefore, the  polymerization energy 
Fp can be estimated to be Fp=α/(πd
2/4), with Fp(SNX9)= 500±260kBT, 
Fp(Amphiphysin)= 100±30kBT, and Fp(Endophilin)= 8±4kBT. Notably, the 
polymerization energies calculated for endophilin from molecular dynamics simulations 
(ranging from 6 to 12 kBT [189]) agree well with our estimations. It should be 
emphasized that this interaction may result from direct protein-protein interactions [188, 
238], as well as membrane-mediated, i.e. indirect attractive interactions [6] [189], which 
are not mutually exclusive. 
The results point towards the inter-protein attraction strength as one of the key molecular 
properties that determines the tubulation ability of a BAR domain protein. In fact, the 
tendency of proteins to attract and polymerize on membrane is known to be the major 
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driving force for membrane deformation caused by coat-proteins such as clathrin [156] 
and caveolin [316], with a polymerization energy (10~50 kBT [158, 317]) similar to what 
we have estimated for amphiphysin and endophilin. However, our conclusion here relies 
on assuming the protein to be a two-dimensional Van der Waals gas, which may not be 
accurate when the proteins form highly ordered lattice structures [155]. Therefore, in the 
following section, the three proteins’ inter-molecular attraction strength will be compared 
through a method that is independent of our previous models. 
5.6 The three proteins exhibit different mobility on membrane tether 
 
Figure 5.7 Mobility of SNX9, amphiphysin, and endophilin on membrane tethers.  
(a) Confocal images of a membrane tether before (left) and after (right) photobleaching, with 
mobile (upper) and non-mobile (lower) cases. FRAP measurements were done in the boxed 
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region. (b) Example showing FRAP measurements of SNX9 (green, density on GUV=160±60 
μm-2 (Mean±SEM, same below)) and amphiphysin (red, density on GUV=290±90 μm-2). (c) 
Example showing FRAP measurements of endophilin (blue, density on GUV=1400±400 μm-2) 
and amphiphysin (density on GUV=750±110 μm-2). All measurements were done under the 
membrane tension of 0.2 ± 0.01 mN/m. (d) Summary of the recovery fraction (calculated as 
discussed in Methods) of each protein under low (~200 μm-2) and high (~1000 μm-2) protein 
densities. Protein bulk concentrations are 100 nM except for amphiphysin in (b) which is 40 nM. 
Student t-test: **p<0.005, ***p<0.0005. GUV lipid composition: PI(4,5)P2/DOPS/DOPE/DOPC 
= 5/30/30/35. 
Based on the observations above, the α value increases from endophilin to amphiphysin 
and to SNX9. Increased inter-molecular attraction will reduce the protein’s ability to 
diffuse on the membrane, we therefore expect the mobility of the three proteins on the 
membrane to be decreasing from endophilin to amphiphysin and to SNX9.  
In order to assess the protein’s mobility on membrane, we measured the fluorescence 
recovery of each protein after photobleaching on pre-established membrane tethers (Fig. 
5.7a). As expected, the measured mobility of the protein decreases with the protein’s 
surface density on the membrane tether (see Section 2.8). We therefore carried out the 
comparisons under the same membrane tension and similar protein densities (on GUV as 
well as on tether). First of all, under a similar (low) membrane density the recovery 
fraction of amphiphysin was significantly higher than that of SNX9, indicating that 
amphiphysin has a higher mobility on the tether than SNX9 (Fig. 5.7 b&d). Similarly, 
endophilin was found to have a higher mobility than amphiphysin when compared under 
a similar (high) density (Fig. 5.7 c&d). Therefore, it can be concluded that the protein 
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mobility indeed follow the expected trend, SNX9<amphiphysin<endophilin, further 
supporting the conclusion that the inter-molecular attraction decreases from SNX9 to 
amphiphysin and to endophilin. Notably, all three proteins can nearly fully recovery on 
low tension tethers (tension~0.04mN/m, see Fig. 2.7c) or on GUV membranes (data not 
shown) for all conditions discussed in Fig. 5.7.  
The PX domain in SNX9 binds specifically to PIP2 [296], which may subsequently lead 
to clustering PIP2 in the membrane [318]. The clustering of PIP2 can lead to area 
asymmetry across the bilayer (see Section 7.6 for more discussions). PIP2 clusters can 
also bring SNX9 together and effectively increase the attraction between SNX9 dimers 
on the membrane. Both effects may contribute to SNX9’s strong curvature generation 
ability. To test this hypothesis, the PIP2 clustering ability of endophilin and SNX9 will be 
investigated in the following section. 
5.7 SNX9 but not endophilin leads to the clustering of PIP2  
The clustering of PIP2 can be measured from the quenching of fluorescence for vesicles 
containing Bodipy-TMR-PI(4,5)P2[318]. Indeed, when GUVs containing 1% Bodipy-
TMR-PI(4,5)P2 were transferred into SNX9 solutions, significant quenching of the PIP2 
fluorescence  was observed, coinciding with the increase of SNX9 signal on the 
membrane (Fig. 5.8a).  However, such a quenching effect is absent during the binding of 
endophilin (to similar density as SNX9, Fig. 5.8b). Compared to SNX9, the significantly 
weaker PIP2 quenching (thus PIP2 clustering) ability of endophilin (Fig. 5.9c) is in line 
with the lack of a PIP2 specific interaction domain in endophilin.  Therefore, it is possible 
that SNX9’s strong PIP2 clustering ability helps the protein to deform membranes. 
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Figure 5.8 SNX9 has stronger PIP2 clustering ability compared to endophilin.  
Representative trails showing the change of TMR-bodipy-PI(4,5)P2 fluorescence intensity during 
SNX9 ((a), [SNX9]=300nM) or endophilin ((b), [Endophilin]=50nM) binding onto the GUV with 
1% TMR-bodipy-PI4,5P2, 42%DOPS, and 57%DOPC. Membrane tensions are kept larger than 
0.3mN/m in both cases to suppress potential membrane instability. (c) Summary of the PIP2 
quenching fraction (after correcting for photo-bleaching) induced by SNX9 (white) or endophilin 
(black) binding. ***P<10-3. (d) GUV with 1% TMR-bodipy-PI(4,5)P2, 42%DOPS, and 
57%DOPC transferred to 300nM unlabeled SNX9. Membrane (tension~0.1mN/m) become 
unstable (denoted by the point where membrane area begins to decrease) after a certain extent of 
PIP2 quenching has been reached. 
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In summary, three structurally similar BAR domain proteins, endophilin, amphiphysin, 
and SNX9, were found to differ significantly in their ability to generate membrane 
curvature. This difference is most likely a result of the proteins’ different tendencies to 
polymerize on the membrane, with the polymerization energy increasing from endophilin 
to amphiphysin and to SNX9. Additionally, the PX domain of SNX9 may also contribute 
to the SNX9’s strong curvature generation ability through inducing the clustering of PIP2 
in the membrane. 
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CHAPTER 6 Biophysics of α-synuclein membrane interactionse 
In the previous sections, I have studied the mechanisms that a BAR domain containing 
protein follow to induce membrane deformation. It is still not clear, however, if these 
principles are applicable to curvature generating proteins that do not contain a crescent 
shape BAR domain. To address this question, I next aim to study the membrane 
remodeling properties of an intrinsically disordered protein: α-synuclein. 
α-Synuclein has been widely studied for its crucial role in Parkinson’s disease. This 
unstructured protein forms a shallowly inserted amphipathic helix after binding to a 
membrane bilayer containing negatively charged lipids, which can lead to membrane 
remodeling [198-201]. Significant efforts using a wide range of different techniques have 
been dedicated to elucidate the membrane remodeling ability of α-synuclein. In EM 
studies, LUVs were observed to deform into cylindrical tubes or micelles when co-
incubated with α-synuclein [319-322]. AFM (atomic force microscopy), NMR (nuclear 
magnetic resonance), NR (neutron reflectometry) as well as X-ray scattering studies, 
have indicated that α-synuclein stretches the bilayer upon binding and therefore induces 
membrane-thinning [323-326]. However, the underlying mechanisms and connections 
between these biophysical phenomena are still yet to be elucidated.  
In neurons, α-synuclein has a concentration of tens of micromolars and is speculated to 
modulation the fusion of synaptic vesicles into the plasma membrane [162, 203-206]. 
Recent experiments also suggest that α-synuclein plays a positive role in the early steps 
                                                          
e Parts of this chapter are reproduced from Phys. Chem. Chem. Phys. 17(24), 15561-15568. 2015. Shi Z, 
Sachs JN, Rhoades E, Baumgart T. Biophysics of α-synuclein induced membrane remodelling. 
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of endocytosis [207, 208]. Therefore, elucidating the mechanism of α-synuclein 
membrane interaction is a critical step towards understanding the physiological and 
pathological functions of α-synuclein. 
Here, the membrane remodeling ability of α-synuclein is studied on individual giant 
unilamellar vesicles (GUVs). A substantial membrane area expansion is observed 
followed by fragmentation or tubulation of the membrane. The extent of membrane 
expansion correlates linearly with the α-synuclein density on the GUV, resulting in an 
area expansion per synuclein molecule larger than the area of the membrane binding site 
of the protein. The area expansion constant is independent of membrane tension and 
vesicle size, indicating that the expansion phenomenon is not a result of the protein’s 
effect on the membrane undulation (out-of-plane fluctuation) spectrum. However, a 
strong dependence of the area expansion constant on lipid composition is observed, with 
a significantly larger expansion effect (per protein molecule) on a cell mimicking lipid 
composition than on membranes composed only of DOPS. A fluorescence quenching 
assay was used to confirm that lipid flip-flop across the bilayer is not significantly 
enhanced in the presence of α-synuclein, implying that the area expansion effect is 
related to membrane thinning as opposed to the redistribution of lipids across the bilayer 
due to asymmetric α-synuclein insertion.  
Significant membrane thinning effects have been found for many membrane interacting 
peptides or proteins [327-329]. To my knowledge, however, the contribution from 
individual molecules has not yet been quantified either due to inherent limits of the 
technique used or due to a nonlinear thinning behavior found for several peptides [329]. 
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Finally, in addition to membrane expansion, the experimental approach here allows the 
monitoring of tubulation transitions following the area expansion process. Membrane 
expansion and tubulation are likely two interrelated α-synuclein membrane interaction 
modes operating in different α-synuclein density regimes. These results will enhance the 
understanding of α-synuclein membrane interactions and provide useful insights in 
understanding the biological roles of this protein. 
6.1 Binding of α-synuclein linearly increases the membrane area 
The α-synuclein induced membrane-remodeling process was first studied with the single 
GUV analysis method (Fig. 2.3) [23, 157]. Briefly, individual pipette-aspirated GUVs 
were transferred into solutions containing a fixed concentration of α-synuclein monomers. 
GUV area and α-synuclein density on the membrane were recorded simultaneously once 
the vesicle is exposed to the α-synuclein solution. As shown in Fig. 6.1a, the binding of 
α-synuclein is accompanied by an increase of the GUV’s pipette aspiration length as well 
as a dilution of lipid dye in the membrane (Fig. 6.2), indicating an expansion of the 
membrane through α-synuclein binding. Analysis of the protein density and GUV area 
(Fig. 6.1b, Fig. 6.2a, also see Section 2.5.1) results in a linear relation between these two 
quantities (Fig. 6.1c). The area expansion constant (the amount of area expansion induced 
by the binding of one α-synuclein molecule) can therefore be determined from a linear fit 
as shown in Fig. 6.1c. 
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Figure 6.1  Binding of α-synuclein linearly expands the membrane.  
(a) Time lapse confocal images showing the change of membrane area during α-synuclein 
binding. The GUV consists of 99.7%DOPS and 0.3%TexasRed-DHPE. Membrane tension was 
held constant at 0.15mN/m. Green: protein channel; red: lipid channel. Scale bar: 10μm. (b) 
Measured protein density on membrane (black) and GUV membrane area (blue) from the 
recorded confocal images shown in (a).  (c) A linear fit (r2=0.963) of the membrane area 
(normalized to the initial membrane area) to α-synuclein density on the membrane as shown in 
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(b), the resulting slope is defined as the ‘area expansion constant’. Buffer condition: NaCl: 
50mM, Hepes: 7mM, pH 7, and same for all experiments below unless otherwise specified. 
 
 
Figure 6.2 Membrane expansion is accompanied with a dilution of lipid dye.  
(a) The binding of α-synuclein (black) and corresponding GUV area expansion (blue) follow the 
same trend. (b) The expansion in membrane area during protein binding (blue) is accompanied 
with a decrease in lipid dye intensity (red), consistent with a protein-induced lipid thinning effect. 
The lipid is labeled with TexasRed-DHPE and its fluorescence intensity is corrected for protein 
channel bleed through. 
For pure DOPS GUVs in a 250nM α-synuclein solution, the area expansion constant is 
found to be 22.2±5.4nm2 (Mean±SD from 25 GUVs), which is slightly larger than the 
size of the membrane-binding site of α-synuclein determined from molecular dynamic 
simulation studies (about 15 nm2) [325]. The linearity between α-synuclein density and 
membrane area expansion clearly indicates that when expanding the bilayer, 
contributions from individual α-synuclein molecules are linearly additive. In other words, 
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protein cooperativity on the membrane does not contribute significantly to the membrane 
expansion under situations considered here. Molecular dynamics studies comparing the 
membrane remodeling abilities of single versus multiple α-synucleins demonstrated 
similar additive behavior [325]. However, this is not a universal feature of protein/peptide 
induced membrane expansions. For example, non-linear area-density relations were 
observed when the same experiment was repeated for ENTH domains (Fig. 6.3), and no 
consistent expansion effect was observed for the endophilin N-BAR domain [23]. Both of 
these proteins are endocytic accessory proteins with well documented membrane 
insertion abilities [20]. 
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Figure 6.3 Membrane expansion induced by ENTH_GFP domain.  
(a) Membrane binding of ENTH_GFP (black) and corresponding change in GUV membrane area 
(blue). (b) A nonlinear relation between the ENTH_GFP density on membrane and the amount of 
area expansion. (c) The expansion in membrane area is accompanied with a dilution of lipid dye 
in the membrane similar as in Fig. 6.2. Bulk ENTH_GFP concentration, 200nM. GUV 
composition: 2% PI(4,5)P2, 98%POPC. 
6.2 α-Synuclein causes a significantly larger expansion per molecule on a more 
biologically relevant membrane composition 
Biological membranes have an extremely complicated lipid composition: besides PS 
lipids, PE and PC lipids are present in the cytosolic leaflet of plasma membrane, in 
addition to a large range of minority lipids[151]. I therefore seek to answer if the area 
expansion effect observed on pure DOPS membrane is also present on a more 
biologically relevant lipid composition, with a composition of DOPS/DOPE/DOPC = 
45/30/25. 
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Figure 6.4 The area expansion constant is significantly larger on GUVs with plasma 
membrane mimicking lipid composition.  
(a) Representative area-density relations for pure DOPS GUVs (open) and GUVs with 
DOPS/DOPE/DOPC=45/30/25 (closed). Solid lines are linear fits of the normalized area with 
respect to α-synuclein density on the membrane. (b) The area expansion constant of α-synuclein 
is significantly larger on DOPS/DOPE/DOPC=45/30/25 membranes (average of 8 GUVs) than on 
pure DOPS GUVs (average of 25 GUVs). Student t-test, ***p<0.001. The comparison is carried 
out under the same bulk protein concentration (250nM). 
As expected, a significantly lower amount of α-synuclein can associate onto the 
biologically more relevant composition. This agrees with the facts that α-synuclein 
membrane interaction is dominated by electrostatics [198], and that the zeta-
potentials[330] that was found to have values of -50.7±2.3mV (Mean±SD) for the 
composition of DOPS/DOPE/DOPC = 45/30/25, and -65.7±2.6mV (Mean±SD) for pure 
DOPS membrane. However, as shown in Fig. 6.4a, similar total area increase can be 
achieved on both types of membranes, resulting in an area expansion constant 
significantly larger on membranes with PE and PC than on the pure PS membrane (Fig. 
6.4b). Therefore, one should expect the membrane area expansion induced by α-
synuclein binding to be an important effect in cellular events, with the amount of 
expansion by individual α-synuclein molecules significantly larger than its cross-section 
area on the membrane [325]. The membrane with more biological lipid composition may 
have a smaller transverse elastic modulus compared to the pure DOPS membrane. This 
could contribute to the much larger area expansion constant observed on the 
DOPS/DOPE/DOPC = 45/30/25 GUVs as will be discussed later. α-Synuclein may also 
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reduce the lateral expansion of PS lipids due to the stronger interaction between the 
protein and the charged PS headgroup. Therefore, the smaller amount of PS on the cell-
mimicking GUV could be another source for the larger area expansion effect. As for 
distinguishing the contributions of PE and PC to the membrane area expansion, 
unfortunately, α-synuclein binds very weakly on GUVs with DOPS/ DOPC=45/55 
(protein density change < 200μm-2), making it impossible to accurately measure the area 
expansion constant on this lipid composition with only PC and PS (Fig. 6.5). 
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Figure 6.5 Comparison of area expansion constant on different lipid composition.  
Data on GUVs of DOPS/DOPE/DOPC=45/30/25 and pure DOPS GUVs are the same as in Fig. 
3. In the case with GUVs of DOPS/DOPC=45/55 (average of 6 GUVs), the weak membrane 
binding (protein density<200μm-2) of α-synuclein leads to a very high uncertainty in determining 
the area expansion constant on this lipid composition. Student t-test, ***p<0.001, N.S. p>0.1. The 
comparison is carried out under the same bulk protein concentration (250nM). 
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6.3 Membrane expansion induced by α-synuclein is a reversible process 
I then asked if the membrane expansion induced by α-synuclein is reversible, that is, 
whether membrane area will decrease when α-synuclein molecules unbind from the 
membrane. To measure this,α-synuclein bound GUVs were transferred into a large 
volume of buffer solution containing small vesicles devoid of any α-synuclein. As 
expected, the GUV area decreases during α-synuclein dissociation, with a linear relation 
between the protein density and membrane area (Fig. 6.6). The resulting area expansion 
constant qualitatively agrees with the value determined from α-synuclein membrane 
association studies (Fig. 6.4, 73±12nm2 per molecule, Mean±SD). 
 
Figure 6.6 The membrane area decreases during α-synuclein dissociation.   
(a) GUVs (DOPS/DOPE/DOPC=45/30/25) pre-incubated with α-synuclein were transferred into 
a bulk solution of 50μg/ml SUVs (diameter=50nm, 100%DOPS, see Section 2.2.3). A decrease in 
membrane area (blue) was found to accompany the dissociation process of α-synuclein (black). 
Time zero is defined as the time point when the α-synuclein covered GUV is exposed to the SUV 
solution. (b) Linear fit of the normalized area with respect to α-synuclein density. 
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6.4 Possible mechanisms of α-synuclein induced membrane area expansion 
A variety of protein membrane interaction processes can lead to an increase in GUV 
membrane area. These could include: the formation of membrane pores; direct stretching 
or thinning of the lipid bilayer; smoothening of membrane undulations due to protein 
binding; protein membrane insertion followed by a rapid lipid flip-flop. To elucidate the 
underlying mechanism of α-synuclein induced membrane expansion, all of the scenarios 
considered above will be discussed. 
6.4.1 Pore formation 
The formation of pores (larger than the size of α-synuclein) on the GUV can be easily 
excluded simply based on the fact that fluorescent α-synuclein cannot diffuse across the 
bilayer (Fig. 6.7) and that the GUV remains intact during the area expansion process (Fig. 
6.1, and Fig. 6.7b). Furthermore, the image contrast caused by the refraction index 
change across the membrane is maintained (Fig. 6.7c, outside the GUV: glucose and 
NaCl, inside the GUV: sucrose), indicating that there is no leakage of the sugar molecules 
or ions.  
In the following, I will focus on discussions regarding the interference of α-synuclein 
with: membrane undulations, transmembrane dynamics of lipids, membrane stretching, 
and membrane thinning. In order to achieve an accurate estimate of the area expansion 
constant, a large range of α-synuclein density change during protein-membrane 
association is required (Fig. 6.8). Therefore, in the following quantitative analyses, 
experiments were performed on GUVs comprised only of DOPS where typically an α-
168 
 
synuclein density change larger than 2000μm-2 can be observed during the protein-
membrane association process. 
 
Figure 6.7 Binding of α-synuclein does not lead to pore formation on the GUV  
(a) Representative confocal image of pure DOPS GUVs (50μM) co-incubated in 8μM α-
synuclein. (b) and (c) Representative confocal images of an individual micropipette-aspirated 
GUV (DOPS/DOPE/DOPC=45/30/25) transferred into 500nM α-synuclein with an applied 
membrane tension =0.2mN/m. Green: protein channel. Red: lipid channel. Scale bar: 10μm. In all 
a 
b 
c 
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cases, green fluorophore labeled proteins are not permeable to the inside of the GUVs. 
Furthermore, the GUV in (b) and (c) remain intact under a high membrane tension.  
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Figure 6.8 Comparison of GUV binding isotherm.  
α-Synuclein binding isotherm on GUVs with 100%DOPS (white). Fitting the isotherm to ρ = 
ρmax/(1+KD/[P]), the resulted binding constant is KD=120±30nM, maximum protein density on 
membrane is ρmax=1700±70μm-2. α-Synuclein binding isotherm on GUVs with 
DOPS/DOPE/DOPC=45/30/25 (black) has significantly less binding towards α-synuclein, with a 
dissociation constant KD=3000±1000nM, maximum protein density on membrane 
ρmax=200±100μm-2. Notice that the fitting to DOPS/DOPE/DOPC=45/30/25 is very poor due to 
the low protein signal on the GUV, without the first data point, the fitting results are 
ρmax=400±500μm-2, and KD=8500±12500nM. Lipid concentration: 50μM. Both isotherms are 
average of two independent trials, each trail includes 15~20 GUVs per protein concentration. 
Buffer: 7 mM Hepes, 50 mM NaCl, pH 7. 
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6.4.2 Smoothing out membrane undulations 
Due to thermal fluctuations, a certain area fraction of freely suspended membrane is 
always stored as surface undulations which are typically beyond the spatiotemporal 
resolution of the technique used here [23]. The amount of membrane undulation is 
inversely related to the membrane bending rigidity and tension. Consequently, an 
increase in the observed membrane area will happen when the binding of protein stiffens 
the membrane or locally increases membrane tension [331]. Therefore, the observed area 
expansion effect may represent interference between α-synuclein and the membrane 
fluctuation spectrum. 
In this scenario, one should expect the area expansion constant to be directly dependent 
on the initial global membrane tension adjusted by the aspiration pipette. That is, a 
smaller area expansion constant is expected on GUVs of higher membrane tension 
(which show less undulation). 
However, from the experimental data, no clear dependence can be identified between the 
area expansion constant and membrane tension (Fig. 6.9a). In fact, a linear fit of the area 
expansion constant to membrane tension yields a zero slope within statistical error. 
Therefore the area expansion is not a result of smoothing out membrane undulation by α-
synuclein membrane binding. Additionaly, no dependence of the area expansion constant 
on the GUV radius can be observed either (Fig. 6.9b). 
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Figure 6.9  Area expansion by α-synuclein is independent of membrane tension and 
vesicle size.  
(a) Measured area expansion constant for GUVs under various membrane tensions. (b) Measured 
area expansion constant for GUVs of different sizes. The solid lines represent the linear fit of the 
area expansion constant to the membrane tension in (a) or to the GUV radius in (b). In both cases, 
the slope of the linear fit is zero within statistical error. (0±10pL/N in (a) and -0.1±0.2pm in (b)). 
Error bars are the standard errors in determining the area expansion constant. Protein 
concentration was 250nM. 
6.4.3 Catalyzed trans-membrane lipid flip-flop dynamics 
Membrane associated α-synuclein inserts shallowly into only one leaflet of the bilayer 
(the outer leaflet of the vesicle in the case of my experiments) [201, 332]. The enhanced 
pressure within the outer leaflet has been speculated to be one of the major driving forces 
for the formation of external membrane protrusions [20].  
If the membrane expansion observed above is a direct result of α-synuclein membrane 
insertion, two consequences should be expected. First, the amount of area expansion by 
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individual molecules would be similar to, or smaller than, the size of α-synuclein 
membrane binding site. Secondly, in order to expand the two leaflets simultaneously, 
there would have to be a pathway through which lipids can flip across the bilayer within 
the time resolution of the experimental setup (about 4 seconds)[333]. 
Contrary to the first expectation, however, the measured area expansion constant is larger 
than the size of membrane binding site, especially on the plasma membrane mimicking 
GUVs. This indicates that the observed membrane expansion is not achieved merely by 
α-synuclein insertion. 
Through lipid flip-flop, the area asymmetry induced by α-synuclein insertion can be 
released, resulting in an increase in bilayer membrane area [333]. The trans-membrane 
flip-flop rate is extremely slow for phospholipid bilayers [334]. Therefore, to test the 
second expectation, I investigated whether the presence of membrane bound α-synuclein 
can greatly enhance the trans-membrane dynamics of lipids. 
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Figure 6.10 Binding of α-synuclein does not promote lipid flip-flop across the bilayer.  
(a) Fluorescence measurement of 0.1 mg/ml LUVs containing NBD-PE (99%DOPS + 1% NBD-
PE) co-incubated with buffer (30mM NaCl in 150mM Tris, black), SDT (15mM SDT in 150mM 
Tris, red), or with further addition of α-synuclein (0.04 mg/ml, green), casein (0.04mg/ml, blue), 
or detergent (2% v/v, gray). All concentrations refer to the final concentration of the species used 
for fluorescence measurements. (b) Summary of the NBD fluorescence quenching results. The 
addition of α-synuclein does not induce significant further quenching of NBD as in the case of 
adding detergent. No significant difference can be found after the addition of α-synuclein and 
between the effects of α-synuclein and casein by a Student t-test (N.S.: p>0.1). 
To achieve this, a classical quenching assay based on the dye NBD-PE, which was 
incorporated homogeneously into 100nm DOPS LUVs, was employed here. The 
fluorescence of NBD-PE was irreversibly quenched in the presence of Na2S2O4 (SDT), a 
chemical which does not permeate the lipid bilayer [334]. Therefore, when SDT is added 
into NBD-PE containing LUVs, dyes on the outer leaflets of the vesicles will be 
quenched, leading to a roughly 50% reduction of the total fluorescence signal. 
Furthermore, a nearly 100% quenching of fluorescence is expected if α-synuclein were to 
swiftly flip the lipids, thereby exposing NBD originally on the inner leaflets to the 
fluorescence quencher. However, much weaker effects were observed in the presence of 
α-synuclein, similar to that of casein, a cytosolic protein that is inert to lipid membranes 
(Fig. 6.10). Therefore, membrane binding of α-synuclein does not promote lipid flip-flop 
across the bilayer under the experimental conditions here, and the insertion of α-
synuclein is unlikely to play an important role in the membrane expansion observed here. 
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6.4.4 Membrane thinning is the most plausible mechanism 
Having eliminated the possibility that the observed area expansion is a result of α-
synuclein interfering with membrane undulations or lipid trans-membrane dynamics, next 
the possibility of a role for α-synuclein in directly stretching or thinning the bilayer will 
be discussed. The membrane binding free energy, ΔG, of an α-synuclein molecule on 
negatively charged membranes can be calculated from a published value of the α-
synuclein membrane binding constant KD (in terms of lipid concentration). The 
membrane binding energy can be estimated as TknKTkG BDB 16)/ln(  , where KD 
=2.25μM and n=23 is the number of lipids bound by one α-synuclein molecule [335]. 
This binding free energy sets an upper limit for the amount of energy α-synuclein 
molecules can utilize to expand the bilayer. Lipid bilayers are comparatively hard to 
directly stretch (via increasing the lipid distance via application of a lateral force). 
Considering the typical membrane area expansion modulus (Exx=0.2 N/m[35]), it can be 
seen that an energy of more than 1000 kBT is required for stretching an area of 22 nm
2 
per molecule (the area expansion constant measured on DOPS GUVs) out of the bilayer. 
Therefore, the area increase observed above cannot be the result of direct membrane 
stretching. 
On the other hand, the transverse elastic modulus of membrane bilayers Ezz, which 
describes the change in membrane thickness upon applying a force vertical to the 
membrane surface, is typically between 0.4~4 MPa [36]. The membrane binding energy 
of one α-synuclein molecule can lead to a squeezing of a piece of membrane originally 
with thickness d and area a by 
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Assuming conservation of lipid volume, the reduction in membrane thickness should be 
directly correlated with an expansion of the membrane area Δa 
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Typical bilayers are about 4nm thick and molecular dynamic simulations indicate that 
individual α-synuclein molecules usually act upon a membrane area of about 50nm2 
[325]. Taking a=50nm2 and d=4nm in equation (2), the binding energy of one α-
synuclein monomer can potentially induce an area expansion of 4~240nm2. Notably, the 
experimentally measured area expansion constants do fall into this range.  
Interestingly, a recent study hypothesized that α-synuclein can expand the membrane 
through inducing lipid interdigitation [323]. The binding energy of α-synuclein is 
sufficient to enable squeezing a 50nm2 bilayer into a compact monolayer, thereby 
inducing an area expansion of about 50nm2 [336, 337], which is, again, in agreement with 
the results presented above. In summarizing these considerations, it can be concluded that 
the membrane expansion observed in Section 6.1 is most likely a result of α-synuclein 
induced membrane thinning. 
6.5 The area expansion effect makes α-synuclein a membrane tension sensor 
From the experimental results presented above, it is clear that a constant amount of work 
per molecule is applied to expand the membrane during the binding of individual α-
synuclein molecules. The contribution from tension to the free energy of a flat membrane 
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is AF  (here, the term corresponding to membrane bending is neglected due to the 
low curvature of GUV membranes), and the area of the membrane (A) increases linearly 
with the number of α-synuclein molecules (nαSyn) on it: anAA Syn  0 . Therefore, 
the free energy of the membrane increases by aF    upon the binding of one α-
synuclein molecule. This energy increase, which is a result of α-synuclein membrane 
binding, indicates a higher binding energy for α-synuclein to associate onto a tenser 
membrane: 
aGG   )0()(  (6.3) 
)0(ln)0( DB KTkG  is the binding energy of α-synuclein on a zero-tension 
membrane, therefore Eq. 6.3 can also be written as: 
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If the membrane binding of α-synuclein is assumed to follow the Langmuir adsorption 
isotherm with a tension depending binding constant KD(σ), then the α-synuclein density 
(ρ) on the membrane can be expressed as 
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Combing equations (6.4) and (6.5) leads to:  
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The α-synuclein density (ρ) can be measured on a GUV under varying membrane 
tensions, therefore, equation (6.6) can be directly used to fit to the experiments.  
 
Figure 6.11 Tension dependent α-synuclein membrane binding.  
(a) Representative time traces of α-synuclein density (black) on a GUV under stepwise changing 
membrane tensions (blue). (b) Relation between the α-synuclein density and membrane tension as 
shown in (a). The red line represents a linear fitting of the data to Eq. (6.6), with resulting slope = 
14±2 nm2 and intercept = 0±0.5. A ρmax value of 800μm-2 is used for calculating the y-axis in (b). 
GUV: DOPS/DOPC=45/55, α-synuclein concentration 1μM.  
Experimentally, a pipette-aspirated GUV (under a constant tension) was first equilibrated 
with a bulk α-synuclein solution. The conditions were chosen so that α-synuclein will not 
lead to membrane deformation (see next section for more information). Then the 
membrane tension was varied stepwise (typically > 5min per step) and the change in α-
synuclein density on the membrane was simultaneously recorded (from protein 
fluorescence intensity). As expected from the earlier discussions, the α-synuclein density 
on the membrane was found to increase with increasing tension, and the process was 
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fully reversible (Fig. 6.11a). The results were then fitted according to equation (6.6) (Fig. 
6.11b). Notice that the area expansion constant Δa is independent of membrane tension 
(Fig. 6.9a), therefore Eq. 6.6 represents a linear fitting function between )1ln(
max 


 
and membrane tension, with the slope directly relatable to the area expansion constant. 
The resulting Δa = 14±2 nm2 agrees quantitatively with earlier measurements achieved 
through direct area expansion measurements during protein association (Δa = 22±5 nm2).  
This indicates that the membrane expansion ability of α-synuclein makes it a reporter to 
the tension of the bilayer. Traditionally, mechanosensing proteins refer to transmembrane 
protein channels with an opening probability changes with membrane tension and/or 
membrane curvature [338-340]. These proteins allow the cell to respond to external 
stimulations. Here, peripheral proteins with membrane expansion abilities were 
demonstrated to have the ability of sensing membrane tension, without necessarily sitting 
within the lipid bilayer. Particularly, the constant area expansion ability of α-synuclein 
can even allow one to easily determine the membrane tension through the amount of 
bound α-synuclein on the membrane. Interestingly, one of the BAR domain proteins was 
recently shown to be a tension sensor involved in the leading edge formation during cell 
migration [341]. Therefore, how the curvature generation capacity interferes with the 
protein’s tension sensing ability will be an interesting topic for future research. 
6.6 Membrane tubulation or fragmentation follows the area expansion process 
α-Synuclein has been reported to induce dramatic membrane remodeling such as 
tubulation and total fragmentation of the membrane in vitro [319-322]. Indeed, GUVs 
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containing pure DOPS almost always collapse after a certain amount of area expansion 
(Fig. 6.12a, 6.12e). Here, the initiation of high curvature membrane tubes can be revealed 
by a decrease in apparent GUV area. For BAR domain proteins, this phenomenon has 
been well described by a linear curvature instability theory [295] as also discussed in 
earlier sections. Briefly, GUVs under certain membrane tensions become tubulated when 
protein densities on the membrane reach a critical level. However, for α-synuclein, 
membrane area reduction, and thereby tubulation, was only observed on a small fraction 
of GUVs after the initial area expansion process (Fig. 6.12b-e, and this effect is absent on 
GUVs of DOPS/DOPC/DOPE=45/30/25). Therefore, the underlying mechanism of α-
synuclein induced membrane tubulation may be more complex than that of BAR domain 
proteins. One reason for this complication might be related to the initial thinning phase 
during the α-synuclein membrane interaction. If the membranes are initially thinned by 
the binding of α-synuclein, the bilayer may become interdigitated and eventually form 
cylindrical micelles as opposed to membrane tubes [319].  
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Figure 6.12 α-Synuclein induced membrane fragmentation/ tubulation proceeds after 
area expansion (on pure DOPS GUVs).  
(a) Time lapse confocal images showing the fragmentation of the outer bilayer of a double-bilayer 
vesicle during α-synuclein binding. (b) Time lapse confocal images showing the decrease of 
membrane area following the initial membrane expansion effect during α-synuclein binding. (c) 
Analysis of the α-synuclein density and corresponding membrane area change for a GUV 
showing area reduction due to membrane tubulation. (d) Area-density relation for (c), a linear fit 
to the area increasing phase yielded an area expansion of 18nm2 per molecule, in agreement with 
the value obtained from GUVs which showed only an area expansion phase during α-synuclein 
association (22.2±5.4nm2 per α-synuclein, Mean±SD from 25 GUVs). (e) Diagram summarizing 
the α-synuclein induced membrane remodeling.  Open circles represent the maximal α-synuclein 
density (fragmentation density) on GUVs that only showed membrane expansion (i.e. no 
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tubulation). Black triangles represent transition densities of α-synuclein on GUVs showing area 
reduction through tubulation. GUV composition: 99.7%DOPS, 0.3% Texas Red-DHPE. 
Regardless of the complexity of the mechanism, results presented above clearly 
demonstrate that α-synuclein-induced membrane tubulation only occurs after a thinning 
phase of the bilayer. This in fact has important biological implications since the ability to 
generate membrane curvature is directly related to the potential roles of α-synuclein in 
mediating endocytosis. Moreover, membrane thinning can lower the membrane bending 
modulus [329]. This effect in turn can affect the functions of other membrane curvature 
generating proteins, albeit its impact on membrane fluctuation spectrum may be small 
(Fig. 6.9a). In light of this, the effect of α-synuclein on the curvature generation ability of 
endophilin BAR domain will be investigated next. 
6.7 Synergistic effect between α-synuclein and endophilin  
To study the effect of α-synuclein on the tubulation ability of endophilin, GUVs of 
DOPS/DOPC/DOPE=45/30/25 were chosen so that the tubulation ability of endophilin 
had been well-characterized (Fig. 4.6) while the presence of α-synuclein alone could not 
induce membrane tubulation (in the tension range of 0.05~0.3mN/m and various α-
synuclein concentrations). The experiments were carried out by transferring GUVs under 
various tensions to solutions containing a mixture of labeled endophilin and unlabeled α-
synuclein. Then the transition densities (of endophilin) that induces membrane tubulation 
(based on the starting point of area decrease) were measured and compared to the values 
collected in the absence of α-synuclein (Fig. 4.6).  
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Figure 6.13 Influence of α-synuclein on endophilin meditated membrane curvature 
instability.  
(a) Instability diagram of endophilin in the presence of α-synuclein (red) plotted on top of the 
instability diagram with only endophilin (Fig. 4.6). (b) Summary of the transition densities as 
measured in (a) at two tension regimes: 0.1±0.02mN/ and >0.21mN/m. N.A. : not applicable, 
Student t-test: ***P<0.001. Protein concentrations: endophilin N-BAR: 150nM, α-synuclein: 
250nM, both referring to monomers.  
The comparison (Fig. 6.13) shows that in the presence of α-synuclein, significantly less 
amount of endophilin molecules were need to tubulation a piece of flat membrane. More 
specifically, under membrane tensions around 0.1mN/m, threefold more endophilin 
molecules were needed on the membrane to initiate tubulation if there was no α-synuclein. 
Under membrane tensions larger than 0.21mN/m, the presence of α-synuclein could even 
help endophilin to initiate tubulation under conditions where endophilin alone could not 
do the task. (Fig. 6.13b) These findings indicate that α-synuclein indeed has the potential 
to promote endocytosis through making the membrane thinner (therefore softer).  
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6.8 Summary and significance 
In summary, α-synuclein binding was found to induce a substantial membrane thinning. 
It was also demonstrated that membrane tubulation can occur after the initial membrane 
thinning process as an additional α-synuclein membrane interaction mode. Therefore, the 
measurements in this chapter complement previous observations regarding the membrane 
remodeling properties of α-synuclein [319, 322-324].  
The effect of membrane area expansion makes α-synuclein a reporter of membrane 
tension, with more α-synuclein molecules able to bind to membranes that are under high 
surface tensions. More importantly, the mechanosensitivity of α-synuclein gives it a 
potential role in mediating exocytosis, since membrane tension is usually elevated before 
the fusion of synaptic vesicles. 
Finally, it was found that α-synuclein can work synergistically with endophilin and 
significantly promote the membrane curvature generation ability of endophilin.  
Interestingly, this agrees with recent studies showing reduced efficiency of endocytosis in 
cells where synucleins were knocked out [207]. Therefore, the findings here provide 
useful insights for future research towards understanding how α-synuclein may affect 
vesicle trafficking processes. 
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Figure 6.14 A schematic summary of the major findings in this chapter.  
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CHAPTER 7 Calcium induced membrane instability and its 
biological implicationsf 
In previous sections, I have investigated how peripheral proteins modulate membrane 
shape and therefore control vesicle trafficking in modern cells in a delicate manner. 
However, for the beginning eras of life, when none of the above mentioned complex 
protein machineries had yet evolved, it is tempting to believe that a much simpler form of 
chemical signaling may have played the role of controlling the trafficking of 
macromolecules across the cell membrane. 
Interestingly, when looking back at the history of life on earth, the formation of 
multicellular life (about 1.6 billion years ago) coincides with a surge of calcium 
concentration in the ocean [209]. Before that, during a period of more than 2 billion years, 
life on earth existed only in single cellular form while calcium concentration in the ocean 
was maintained at a relatively low level of only a couple hundred micromolar. 
Afterwards, almost all modern animal phyla suddenly appeared within a short period of 
time about 525~530 million years ago, known as the Cambrian explosion. During the 
Cambrian explosion, calcium levels in sea water reached a few tens of millimolar, 100 
fold higher than what single cellular life had experienced. This raised the question about 
what kind of roles calcium ions have played in the evolution of life [210]. 
                                                          
f Parts of this chapter are reproduced from a manuscirpt in preparation: Shi Z, Baumgart T. Calcium 
induced membrane remodelling and its biological implications. 
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Nowadays, all living cells maintain an exceptionally low concentration (about 100nM) of 
free Ca2+ ions in their cytosol while calcium concentrations in the extracellular 
environment are typically more than 104 times higher [211]. This steep trans-plasma 
membrane calcium concentration gradient makes Ca2+ ions an important signaling 
molecule for numerous cellular processes, ranging from vesicle trafficking, fertilization, 
to metabolism and muscle contraction [212, 213]. For example, calcium influx (raising 
the cytosolic Ca2+ ions to hundreds of micromolar), is the signal that triggers exocytosis 
and therefore neurotransmitter release at synapses [214]. 
Here my study focuses on the effect of Ca2+ ions on membrane structure and stability, 
with the goal to better understand the function of Ca2+ ions during processes such as 
vesicle trafficking and cell migration, as well as how Ca2+ ions may have shaped our cells 
to what they are today. 
7.1 Electron microscopy suggests Ca2+ ions induce membrane deformation 
To assess the potential influence of Ca2+ ions on membrane structure, the shape of LUVs 
(extruded in 50mM NaCl, 7mM Hepes, pH 7) when CaCl2 is present outside of the 
vesicles was first investigated with electron microscopy (EM).  
In the presence of 10 mM Ca2+ ions, significant membrane deformations of the LUVs 
were observed with negative staining EM (Fig. 7.1b and c) whereas these features are 
absent without Ca2+ ions.  
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Figure 7.1 Negative staining EM images showing deformation of LUVs (extruded in 
NaCl buffer) in the presence of Ca2+ outside the vesicles.  
(a) Control: LUVs in the same buffer as for extrusion (50mM NaCl, 7mM Hepes, pH 7). (b), (c)  
LUVs in 10mM CaCl2 36mM NaCl, 7mM Hepes, pH 7. Lipid concentration: 1mM in (b) and 
0.3mM in (c). Lipid composition: PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35. These images are 
collected with help from Mr. Zhiming Chen ((a), (c)) and Dr. Tingting Wu (b). 
7.2 Single GUV transfer experiments reveal Ca2+ ions induced membrane 
invaginations 
In order to study the Ca2+ induced membrane deformation in more detail, I then 
employed the single GUV transfer assay and measured the change of membrane area 
when a GUV was transferred into solutions of CaCl2, similar to the procedures when 
studying the effect of peripheral proteins on the stability of the membrane (Chapters 4-6). 
a b 
c 
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Figure 7.2 Binding of Ca2+ ions induces membrane invaginations as revealed by GUV 
instability assay.  
(a)&(b)Confocal images showing an aspirated GUV (labeled with TexasRed DHPE) before and 
after being transferred into solutions containing 4mM CaCl2 (37.5mM NaCl, 7mM Hepes, pH7). 
Membrane tension is 0.15mM/m in (a) and 0.25mN/m in (b). The dashed line separates images 
before and after transfer. For the purpose of clearly visualizing the membrane invaginations, the 
last image in (a) (t=200s) as well the images in (b) are taken under a ten times high imaging laser 
power than when taking the first three images in (a). Scale bars: 10μm. (c) Quantification of the 
membrane area (black) and fluorescence intensity inside the GUV (blue, also see Fig. 2.1d) 
shown in (a). Both values are normalized to the corresponding values at the first frame the image 
sequence. Lipid composition: DOPS/DOPC=45/55. 
190 
 
As shown in Fig. 7.2, the area of the GUV membrane decreased after being transferred 
into a CaCl2 solution. The area decrease was accompanied by a significant increase of 
fluorescence intensity inside the GUV. The increase of fluorescence intensity inside the 
GUV was a result of the membrane forming invaginations towards the vesicle interior, 
which became clearer when the GUV was imaged under a laser power ten times higher 
than normally used for imaging the membrane (Fig. 7.2b, here the fluorescence intensity 
on the GUV contour was saturated). Neither fluorescence intensity increase inside the 
GUV nor any area decrease was observed for the same GUV before transfer (in 0mM 
CaCl2, Fig. 7.3a). Furthermore, the fluorescence intensity per arclength of the membrane 
as well as the apparent membrane thickness (measured from the width of the fitted 
Gaussian ring, see Section 2.3) was confirmed to be not changing during the decrease of 
membrane area (Fig. 7.3b). This, along with the fact that Ca2+ ions have no effect on 
TexasRed fluorescence (Fig. 7.3d), excludes the possibility that the area decrease 
observed in Fig. 7.2 was due to a potential Ca2+ induced bilayer condensation effect. 
Additionally, the area decrease phenomenon does not happen on GUVs with only DOPC 
lipids (Fig. 7.4), which is expected as Ca2+ ions bind much more weakly to zwitterionic 
than to negatively charged lipids [299, 330].  
Therefore, it can be concluded that the binding of Ca2+ ions onto GUVs containing 
negatively charged lipids can induce membrane instability and eventually lead to 
invaginations of the membrane. Interestingly, similar to the curvature instability induced 
by peripheral proteins, the calcium effect can also be suppressed by subjecting the GUV 
to higher membrane tensions. As shown in Fig. 7.3c, under a tension of 0.3mN/m the 
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GUV was stable in 4mM CaCl2 solution.  Neither fluorescence intensity increase inside 
the GUV nor area decrease could be observed.  
 
Figure 7.3 Ca2+ ions induced membrane area decrease is not a result of bilayer 
condensation and can be suppressed by membrane tension.  
(a)~(c) The change of GUV membrane area (black), membrane thickness (red), fluorescence 
intensity per arclength on the GUV contour (green), and fluorescence intensity inside the GUV 
before (a) and after (b and c) being transferred into 4mM CaCl2 solution. Membrane tension: 
0.15mN/m in (a), 0.15mN/m to 0.6mN/m in (b) (with the change at the time point indicated by 
the arrow), and 0.3mN/m in (c). All values are normalized to the corresponding values at the first 
frames of the image sequences.  The gap in (b) corresponds to time period when imaging laser 
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power was increased (Fig. 7.2). Lipid composition: DOPS/DOPC = 45/55 (labeled with 
0.3%TexasRed DHPE). (d) Fluorescence measurement of LUVs (diameter = 100nm, 
composition: 99%DOPC+1%TexasRed DHPE) with or without Ca2+ ions. No significant 
difference can be found between the peak (at 610nm) fluorescence intensities of TexasRed in 
0mM, 4mM, and 30mM CaCl2 solutions (Student t-test: p>0.5). 
 
Figure 7.4 Ca2+ ions do not induce membrane instability on pure DOPC GUVs.  
Representative traces of membrane area change after a GUV of pure DOPC (blue, closed) or 
DOPS/DOPC=45/55 (blue, open) is transferred into 6mM CaCl2 solution. The period in 0mM 
CaCl2 solution is white, while the period in 6mM CaCl2 solution is gray. Time zero is defined as 
the time point when the GUV is exposed to CaCl2 solution. Membrane tensions for both GUVs 
are 0.05±0.01 mN/m.  
7.3 Instability diagram of Ca2+ induced membrane deformation 
In order to understand the effect of Ca2+ ions on membrane stability in more detail, single 
GUV transfer experiments were carried out for a range of Ca2+ concentrations. For each 
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Ca2+ concentration, the stability of multiple GUVs was measured, with the goal of 
finding the tension value that defines the shape transition point for membranes under the 
investigated Ca2+ concentration. The stability diagram for Ca2+ ions was constructed with 
the lipid composition: DOPS/DOPC = 45/55 as shown in Fig. 7.5. Since the exact density 
of Ca2+ ions bound to the membrane could not be directly measured in this experiment, 
the stability of GUVs was first plotted against the bulk concentration of CaCl2. Similar to 
the stability diagrams determined for BAR domain proteins, two states of the membrane 
are illustrated by Fig. 7.5: the planar/stable state and the deformed/unstable state. A 
planar membrane can be deformed by Ca2+ ions either through increasing Ca2+ 
concentration or through decreasing membrane tension. 
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Figure 7.5 Stability diagram of DOPS/DOPC = 45/55 GUVs in CaCl2 solutions.  
The black data points represent GUVs that became unstable (showed area decrease) when 
transferred to the indicated concentration of CaCl2. The white data points represent GUVs that are 
still stable (showed no area decrease) at least 5mins after being transferred into the indicated 
concentration of CaCl2. Buffer conditions: (50x/36+37.5) mM NaCl, 7mM Hepes, pH7 (before 
transfer, lipid chamber); x mM CaCl2, 37.5 mM NaCl, 7mM Hepes, pH7 (after transfer, calcium 
chamber) with x being the concentration of Ca2+ ions. The osmolarity in both chambers are 
balanced with glucose to result in a final osmolarity ~20% higher than the osmolarity of GUV 
stock solutions. 
I next aimed to extract the stability boundary from the data in Fig. 7.5. Firstly, at a certain 
Ca2+ concentration, the transition tension that separates the two states can be represented 
by the range of tension values where GUVs showed both stable and unstable behaviors. 
Therefore, the transition tension can be determined by averaging the overlapped or 
closest ‘Stable’ and ‘Unstable’ tension values at a given Ca2+ concentration in Fig. 7.5. 
Secondly, based on literature values of the binding ability of Ca2+ ions on similar lipid 
compositions [330], it can be estimated that Ca2+ exhibits a binding constant of Ca
DK  ≈ 
1mM towards the membranes used here (DOPS/DOPC = 45/55). Then, by assuming one 
Ca2+ ion binding to two lipid headgroups [330] with an effective radius of the Ca2+ ion rCa 
= 0.412nm (including the hydration shell, effective size is aCa = πrCa
2)[299, 342] and area 
of lipid headgroup aL = 0.7nm
2 [343], the saturating cover fraction of Ca2+ ions on the 
membrane here can be estimated: 38.0
2
max 
L
CaCa
a
a
 . Finally, Ca2+ concentrations in Fig. 
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7.11 can be converted to the coverage of Ca2+ ions on the membrane following the 
Langmuir binding isotherm: 
][
1
2
max



Ca
K CaD
Ca
Ca  [330].  
0.10 0.15 0.20 0.25 0.30 0.35
0.0
0.1
0.2
0.3
0.4
0.5
0.6
 
 
T
e
n
s
io
n
0
.5
 (
m
N
/m
)0
.5
Ca
2+
 Coverage
 
Figure 7.6 Stability boundary in Fig. 7.5 fitted to the linear curvature instability theory.  
The data points represent the transition tensions for a certain Ca2+ coverage. The Ca2+ coverage is 
determined from the CaCl2 concentration through a Langmuir adsorption isotherm (as discussed 
in the main text). The transition tension for each Ca2+ coverage is determined by taking averages 
from either the overlapped tension values of stable and unstable GUVs or the two closest tension 
values for stable and unstable GUVs.  The solid line represents the fitting to the linear curvature 
instability theory, r2=0.98. The dashed lines are 95% confidence intervals for the fit. Black error 
bars are SEM, gray error bars are SD. 
The resulting stability boundary describing the relation between the critical tension and 
the coverage of Ca2+ ions on the membrane are shown in Fig. 7.6. The relation can then 
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be fitted to the linear curvature instability theory following the equation
3
2
1
21
21 )1( aaaa 
  , with ai being parameters that are optimized to 
yield the best fit with the experimental data (see Section 4.3).  
The fitting results are: a
1
= 0.53±0.02 (mN/m)0.5, a
2
 = 0.092±0.015 mN/m, and a
3
 = 
0.90±0.12 mN/m. Following Eq. 4.4, the three fitting parameters, a1~a3, can then be 
related to three physical properties of the Ca2+ bound membrane knowing that the 
bending rigidity of membrane κ = 37±4 kBT (Fig. 4.11b) and the size of a Ca
2+ ion β = aCa. 
The three parameters, the membrane curvature coupling strength of Ca2+: κ|C0| (with C0 
being the intrinsic spontaneous curvature of a membrane bound Ca2+ ion), the maximum 
tension that allows the shape transition: σ*, and the Ca2+ coverage required for tubulating 
a tensionless membrane: ϕ0, are listed in the table below (results of endophlin from 
Section 4.3 and MIM I-BAR are also listed here for comparison purposes[23, 101]): 
Cation/Protein ϕ0 |C0| (nm
-1) σ* (mN/m) 
Ca2+ 0.14±0.03 0.39±0.06 0.26±0.05 
Endophilin N-BAR 0.023±0.005 0.20±0.03 0.19±0.04 
MIM I-BAR 0.010±0.003 0.27±0.05 0.35±0.03 
Table 7.1 Fitting results of Ca2+ induced membrane instability as shown in Fig. 7.6. 
7.4 Discussions and biological relevance of the fitting results 
After binding to near planar membranes (monolayers, GUVs), Ca2+ ions can induce 
clustering of charged lipids, such as PS and PIP2 [299, 344], this will reduce the area of 
the bound membrane leaflet, thereby producing a negative spontaneous curvature for the 
entire bilayer. Indeed, my experiments showed that Ca2+ ions lead to membrane 
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invaginations on GUVs (Fig. 7.2), meaning the spontaneous curvature of Ca2+ measured 
here should be a negative value with C0 = -0.39±0.06 nm
-1. This agrees with recent 
measurements regarding the effect of Ca2+ ions on lipid spontaneous curvature, where 
Ca2+ ions were found to render the spontaneous curvature of (negatively charged) DOPA, 
but not (zwitterionic) DOPE, significantly smaller (more negative) [345]. However, it has 
to be mentioned that this is in discrepancy with several recent predictions [98, 346] as 
will be discussed in detail below. 
Firstly, when a bilayer is asymmetrically bound with particles much smaller than the 
thickness of the bilayer (such as sugar or ions), the membrane will prefer to bend away 
from the side with a higher cover fraction of the particle, in order to maximize the 
average distance between the bound particles [98]. This phenomenon predicts that the 
binding of Ca2+ ions to only the exterior of the GUV, as in my case, will lead to a positive 
spontaneous curvature of the bilayer. The intrinsic spontaneous curvature of one Ca2+ ion 
arising from this phenomenon can be calculated following: 
mem
Ca
BCa d
r
Tk
C
20
4
  (7.1) 
Using bending rigidity κ = 37 kBT (Fig. 4.11b), rCa = 0.412nm and thickness of the 
membrane dmem=4nm, one gets 10 05.0
 nmCCa . This value is small compared to what I 
obtained from the curvature instability assay (0.39±0.06 nm-1). Therefore, spontaneous 
curvature of the bilayer purely induced by asymmetric adsorption of particles can likely 
be ignored compared to what caused the instability observed here (most likely through 
the clustering of the charged lipids).  
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Secondly, the spontaneous curvature of the Ca2+ ion has recently been evaluated by 
measuring the effect of Ca2+ ions on either the tether pulling force or the radius of a tether 
(directly from the fluorescence of the tether cross section) pulled from a GUV, with 
resulting spontaneous curvature values of C0 = 0.009±0.009 nm
-1 and  |C0| =0.035±0.0005 
nm-1 respectively [346]. However, the authors assumed a maximum Ca2+ coverage of 1 
instead of 0.38 (as discussed in Section 7.4). If this factor were corrected, the measured 
spontaneous curvatures should be C0 = 0.02±0.02 nm
-1 and |C0| =0.092±0.001 nm
-1 for 
the two methods (when determining the spontaneous curvature of Ca2+ ions from direct 
measurements of tether radius, the sign of C0 is ambiguous [346]). These values 
quantitatively agree with the spontaneous curvature of Ca2+ ions arising from asymmetric 
membrane adsorption (C0 = 0.05 nm
-1).  
The discrepancy between the C0 values measured on tethers to the one measured on 
GUVs is likely due to different behavior of Ca2+ ions on membranes of drastically 
different curvatures. First of all, on the highly curved membrane tether, it may be easier 
(than on low curvature GUV membranes) for Ca2+ ions to bind to the phosphate group of 
the lipids thereby producing a positive spontaneous curvature [20, 298]. Secondly, the 
high curvature of the tether will increase the average area of the lipid headgroup, making 
the membrane cover fraction of Ca2+ ions smaller, thereby inhibiting the curvature 
instability effect. For instance, if the lipid headgroup area increases by three fold, the 
maximum cover fraction of Ca2+ ions will be 127.0
2
max 
L
CaCa
a
a
 ,  smaller than even the 
lowest cover fraction required for Ca2+ ions to induce membrane instability 14.00 
Ca  
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(Table 7.1). Thirdly, on membrane tethers, the ability of Ca2+ ions to induce lipid 
clustering may be limited by the highly curved geometry (this aspect will be discussed in 
more detail in section 7.6). On the other hand, on near planar GUV membranes used here, 
Ca2+ ions have been well-documented to induce clustering of charged lipids, such as PS 
and PIP2 [299, 344], this will most likely produce a negative spontaneous curvature for 
the entire bilayer. However, these hypotheses will need further experiments (such as 
studies regarding the curvature dependence of the PIP2 clustering ability) in order to be 
validated. 
From the measurements above, the effective attraction strength between Ca2+ ions on the 
membrane can be calculated as: 
2
2
3 4.06.2
2
nmTk
a
Tka
B
B 

 . The resulting 
polymerization energy can be calculated through Fp = α/βeff, with βeff (> β) representing 
the interaction range of Ca2+ ions on the membrane. The maximum polymerization 
energy can be estimated by Fpmax = α/β =5.1±0.8 kBT. This value is very close to the 
membrane mediated polymerization energy for particles that do not have a direct 
attraction [189].  
The ability of Ca2+ ions to induce membrane invagination may have helped early cells to 
take in external materials when Ca2+ concentration in the ocean was significantly 
increasing in during pre-Cambrian period, thereby promoting their evolution to higher 
forms of life. In other words, Ca2+ covered membranes as a result of the high Ca2+ 
concentration outside the cell (about 10mM in sea water) may represent an early form of 
endocytic machinery[347]. In light of this, it is interesting to compare Ca2+ induced 
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membrane instability to those by modern endocytic machineries such as endophilin 
(Table 7.1). Notably, both C0 and σ* values are similar comparing Ca
2+ to endophilin (the 
differences are within a factor of two). However, six-fold higher coverage of Ca2+ is 
needed to initiate curvature on zero-tension membrane (ϕ0) than endophilin (this 
difference is even larger comparing Ca2+ to amphiphysin and SNX9 as discussed in 
Chapter 5). This may represent an evolutionary advantage of replacing Ca2+ with BAR 
domain proteins as the major endocytic machinery, so that less of the cell membrane 
needs to be covered while forming trafficking vesicles/tubules and more cellular 
processes can happen on the membrane simultaneously.   
In modern cells, a form of endocytosis called massive endocytosis is triggered after a 
sudden influx of Ca2+ ions. In this type of endocytosis, about half of the plasma 
membrane gets absorbed into the cell, much more than the absorbed membrane area 
during CME [348-350]. This massive membrane internalization may be related to the fact 
that in order for Ca2+ ions to induce membrane instability, a much larger portion of the 
membrane needs to be covered than when BAR domain proteins perform the same task.  
On the other hand, the presence of high concentration of Ca2+ ions in the ocean since the 
Cambrian Period may have served as a toxic factor by destabilizing cells that contain 
negatively charged lipids on their surface. This may represent one of the driving forces 
for modern cells to develop the trans-membrane lipid asymmetry, where nowadays 
essentially all charged lipids (such as PS, PI, and PIP2) are found on the inner leaflet of 
the plasma membrane [151]. 
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7.5 Ca2+ induced membrane instability is PIP2 sensitive 
As shown in Fig 7.5, on GUVs containing DOPS/DOPC=45/55, the Ca2+ induced 
membrane instability vanishes at Ca2+ concentrations below 0.8mM.  However, most 
calcium mediated events in mammalian cells involve Ca2+ concentrations no higher than 
0.5mM, thus questioning if the Ca2+ induced membrane instability is relevant to modern 
mammalian cells.  
I noticed that the lipid composition used for constructing the stability diagram does not 
fully represent the inner leaflet composition of plasma membrane. In particular, the most 
well-known Ca2+ interacting lipids: PIP2, is missing in the lipid composition of 
DOPS/DOPC=45/55. Therefore, I next set to study the Ca2+ effect on a more biologically 
relevant lipid composition, containing PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35. As 
shown in Fig. 7.7, even though the total amount of charge is similar for both 
compositions (assume PS with a charge of -1 and PI(4,5)P2 with a charge of -3 [301]), 
Ca2+ exhibits a significantly stronger ability to induce membrane instability on the 
composition containing PIP2. More specifically, higher critical tensions are found on the 
PIP2 containing composition than on the non-PIP2 containing composition in both 4mM 
and 0.8mM CaCl2 solutions. Moreover, membrane instability can be induced on the PIP2 
containing composition with 0.2mM CaCl2 (data not shown). Therefore, in the conditions 
of modern cells, the presence of PIP2 is likely crucial for Ca
2+ to play a role in 
modulating membrane stability and therefore membrane shape. 
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Figure 7.7 Presence of PIP2 in the membrane significantly amplifies the Ca2+ induced 
curvature instability.  
(a) Comparison of the critical tensions for GUVs with (/W5%PIP2) and without (/WO PIP2) PIP2 
in 4mM CaCl2. Averages of the overlapped tension values for the two compositions are 
0.243±0.005mN/m (/WO PIP2) and 0.391±0.072mN/m (/W5%PIP2), both are Mean ± SD. 
Student t-test of the overlapped tensions: p=0.004. (b) Comparison of the critical tensions for 
GUVs with (/W5%PIP2) and without (/WO PIP2) PIP2 in 0.8mM CaCl2. Averages of the 
overlapped tension values for the two compositions are 0.018±0.008mN/m (/WO PIP2) and 
0.173±0.051mN/m (/W5%PIP2), both are Mean ± SD. Lipid composition: /WO PIP2: 
DOPS/DOPC=45/55; /W 5%PIP2: PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35.  
7.6 Ca2+ induced PIP2 clustering 
Ca2+ ions are well documented to induce clustering of charged lipids, with the effect most 
prominent on polyphosphoinositides such as PI(4,5)P2 [299, 301, 344, 351]. Therefore, 
the Ca2+ induced membrane instabilities could be a result of the clustering of PS and/or 
PIP2 in the membrane. The clustering of PS and/or PIP2 on the calcium-binding leaflet of 
the membrane will reduce the headgroup area of the clustered lipids, thereby imposing a 
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negative spontaneous curvature to the bilayer. The membrane will become unstable and 
form invaginations when the imposed spontaneous curvature results in an energy gain 
((κC0)
2/aeff, with aeff being the effective inverse osmotic compressibility of Ca
2+ ions on 
the membrane) that is large enough to overcome the elasticity of the bilayer [22].  
The clustering of PIP2 can be measured from the quenching of fluorescence for vesicles 
containing Bodipy-TMR-PI(4,5)P2. Indeed, when GUVs containing 1% Bodipy-TMR-
PI(4,5)P2 were transferred into CaCl2 solutions, quenching of the PIP2 fluorescence was 
found to coincide with the Ca2+ induced membrane instability (area decrease, Fig. 7.8a). 
Furthermore, this quenching effect can be studied in more detail by titrating LUVs 
containing 1% Bodipy-TMR-PI(4,5)P2 with CaCl2 solutions (7.8b).  This indicates that at 
a molecular level, Ca2+ induced clustering of charged lipids can be the driving force for 
rendering a bilayer unstable and form invaginations. Since Ca2+ ions have a much 
stronger ability to cluster PIP2 than PS lipids [351], this mechanism also agrees with the 
observation that Ca2+ ions showed a much stronger effect towards PIP2 containing 
membranes (Fig. 7.7). Furthermore, Mg2+ ions have significantly weaker ability to induce 
membrane deformation than Ca2+ ions (Fig. 7.9). This agrees with the fact that Mg2+ ions 
have weak/no ability to induce the clustering of charged lipids [351], further supporting 
the proposed mechanism that lipid clustering leads to the instability of membranes. 
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Figure 7.8 Ca2+ induced PIP2 clustering as revealed by the fluorescent quenching of 
labeled PIP2.  
(a) A representative example of a GUV transferred into a 1mM CaCl2 solution. GUV membrane 
area (blue) decreases after exposure to the CaCl2 solution, coinciding with a decrease of the PIP2 
fluorescence (red) on the membrane. The volume of the GUV (green) is roughly constant. All 
values are normalized to the corresponding values at the first frames the image sequences. (b) 
Titration curve of the Ca2+ induced PIP2 quenching on LUVs (d=400nm), the fluorescence is 
collected by single wavelength excitation at 543nm. Error bars are SEM. Lipid composition: 
Bodipy-TMR-PI(4,5)P2/DOPS/DOPC=1/42/57. Lipid concentration: 50μM. 
Interestingly, about 40% of fluorescence was quenched when GUVs (d>10μm) 
(containing Bodipy-TMR-PI(4,5)P2) were transferred into 1mM of CaCl2 solution (Fig. 
7.8a). However, on LUVs (d=400nm), similar amount of quenching was only observed 
when the CaCl2 concentration was higher than 5mM (Fig. 7.8b). This indicates that Ca
2+ 
induced PIP2 clustering, and therefore membrane invagination, is stronger on low 
curvature membranes.  Therefore, the negative spontaneous curvature imposed by Ca2+ 
ions may not be as significant on high curvature tethers compared to the near-planar 
205 
 
GUV membrane, supporting my hypothesis for explaining the discrepancy between Ca2+ 
spontaneous curvature observed on GUVs and membrane tethers [346]. This may also 
explain the fact that high Ca2+ concentrations (>5mM) are needed to induce membrane 
deformations in both negative staining EM and scattering experiments with LUVs (Fig. 
7.1 and Section 7.7). 
 
Figure 7.9 Mg2+ has significantly weaker ability to induce membrane deformation than 
Ca2+ ions.  
Under the same concentration (4mM), the transition tension for Ca2+ (0.243±0.005mN/m) 
induced GUV instability is significantly higher than those for Mg2+(0.048±0.008mN/m). Both 
are Mean ± SD. Lipid composition: DOPS/DOPC=45/55.  
Modern mammalian cells exhibit oscillatory calcium waves that couple with an 
oscillation of local PIP2 concentrations to organize signaling events as well as cell 
migration [352]. My findings suggest that the increase of local calcium concentration (to 
a few hundred micromolar) during these waves may play a role (together with PIP2) in 
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mediating the formation of protrusions from the plasma membrane. The formation of 
protrusions, or filopodia, is mainly controlled by I-BAR domain containing proteins[318]. 
Therefore, it will be interesting to test in the future if the presence of calcium 
concentration waves can supplement the functions of I-BAR protein in the cell. 
Furthermore, the curvature sensitivity of Ca2+ induced lipid clustering suggests that Ca2+ 
ions are more likely to interact with the plasma membranes than the highly curved 
trafficking vesicles. This may have important implications in neuronal cells, where the 
exact role of calcium influx in mediating synaptic vesicle fusion and neuron transmitter 
release is still unclear. 
7.7 Scattering studies suggest Ca2+ ions can induce LUV deformation in addition 
to the crosslinking effect 
In the EM studies, the geometry of observed LUVs is affected by the drying and staining 
process during sample preparation. Additionally, crosslinking among vesicles and 
between vesicles and the sample grid may further obscure the conclusion that can be 
drawn about the shape of the membrane based on the EM images. Therefore, I next 
aimed to find another independent assay to support the observations in the GUV transfer 
experiments. 
A turbidity assay has frequently been used to study the deformation of LUVs, utilizing 
the fact that less light will be scattered by the vesicles when they get deformed [353]. 
However, directly applying this assay to study the effect of Ca2+ ions on the deformation 
of membranes containing charged lipids is troublesome. Because Ca2+, as well as other 
multivalent cations, can crosslink different vesicles and therefore induce LUV 
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aggregation. The aggregated LUVs will strongly interfere (increase) the scattering signal, 
concealing the potential decrease of scattering signal caused by LUV deformation. 
Therefore, to study membrane deformations induced by Ca2+ ions with the turbidity assay, 
first I need to establish the effect of Ca2+ induced LUV crosslinking. Fortunately, the 
GUV experiments have shown that Mg2+ ions, which have a similar membrane binding 
ability as Ca2+ ions [299], barely interfere with membrane stability (Fig. 7.9). In light of 
this, I next aimed to establish how Mg2+ ions induce aggregation of LUVs, to set a 
baseline for studying membrane deformations induced by Ca2+ ions. 
In the following experiments, the UV-Vis absorbance of LUV solutions was used (which 
do not contain any dye) to represent the scattering of the LUVs. First of all, as shown in 
Fig. 7.10, neither Mg2+ nor Ca2+ showed an effect on the scattering of pure DOPC LUVs, 
indicating no aggregation of the vesicles induced by divalent cations. This agrees with the 
notion that divalent cations interact with zwitterionic lipids to a much weaker extent than 
charged lipids and also proves divalent cations themselves do not lead to a scattering 
signal in the range of wavelengths investigated here. Furthermore, the scattering profile 
showed an approximate ‘-4’ power dependence on the wavelength, similar to what one 
would expect for scattering following the Rayleigh theory. 
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Figure 7.10 Scattering of pure DOPC LUVs with Mg2+ and Ca2+ ions.  
(a) UV-Vis absorbance as a measurement of the scattering ability of LUVs (extruded in 50mM 
NaCl, 7mM Hepes, pH7) in a solution of 7mM Hepes, pH7 and various concentrations of MgCl2 
and CaCl2, with osmolarity balanced by NaCl. (b) Log-log plot of the scattering results, the slope 
of a linear fit gives -3.7±0.2.  Lipid concentration: 0.5mM. 
When the membrane contains charged lipids, the lack of Ca2+ effect on the scattering 
signal of LUVs as observed in Fig. 7.10 is no longer the case. As shown in Fig. 7.11a, 
with LUVs containing DOPS/DOPE/DOPC/PI(4,5)P2 = 30/30/35/5, the amount of 
scattered light (equivalent to the measured absorbance) increased significantly with 
increasing amount of Mg2+ ions in the solution. Since larger particles possess a stronger 
scattering ability, this indicates that vesicles are cross-linked into aggregates in the 
presence of Mg2+ ions. (For example, in the Rayleigh scattering theory, the intensity of 
light scattered by particles of diameter d follows: 
4
6

d
I scatter , with λ being the 
wavelength of light and λ>d). The aggregation of LUVs by Mg2+ ions can be further 
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quantified by measuring the amount of scattered light at λ=600nm (Fig. 7.11b). The 
results fit well to an empirical Hill equation, with an apparent aggregation constant 
around k=5mM, and a cooperativity coefficient around n=3, which agrees with what one 
would expect for aggregation processes[354]. Furthermore, under high concentrations of 
Mg2+ ions, the slope of the log-log scattering profiles is ‘-1’ instead of the ‘-4’ slope (as 
in Rayleigh theory) observed when the concentrations of Mg2+ ions are low (Fig. 7.11c, 
and Fig. 7.10b). This also indicates an increase of the LUV size in the presence of Mg2+ 
ions so that the assumption in Rayleigh theory (λ>d) does no longer apply.   
 
Figure 7.11 Effect of Mg2+ ions on the scattering of LUVs containing charged lipids.  
(a) Scattering of LUVs (extruded in 50mM NaCl, 7mM Hepes, pH7) in solution of 7mM Hepes, 
pH7 and various concentrations of MgCl2, with osmolarity balanced by NaCl. (b)The amount of 
scattered light as represented by the absorbance at 600nm. The blue line represents the fit of the 
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data to a Hill equation: 
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 with the fitting results: ystart = 0±0.03, yend = 
0.35±0.01, k = 5.0±1.1 mM, and n = 3.0±1.4 r2 = 0.997. (c) Slopes of the log-log plot of the 
scattering results under different MgCl2 concentrations, a stepwise increase of the slope from 
around ‘-4’ to around ‘-1’ happened around 4mM Mg2+. Lipid concentration: 0.5mM. Lipid 
composition: DOPS/DOPE/DOPC/PI(4,5)P2 = 30/30/35/5. 
The phenomenon of Mg2+ induced aggregation also applies to LUVs with a smaller 
content of charged lipids. For example, with the lipid composition 
PI(4,5)P2/DOPS/POPC=1/11/88, similar aggregation results were observed (Fig. 7.12) 
albeit with a higher apparent aggregation constant around k=9mM. 
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Figure 7.12 Effect of Mg2+ ions on the scattering of LUVs containing less charged lipids 
than in Fig. 7.11.  
Scattering at 600nm measured on LUVs of PI(4,5)P2/DOPS/POPC=1/11/88. The blue line 
represents the fit of the data to Hill equation, with the fitting results: ystart = 0.12±0.01, yend = 
1.5±0.3, k = 9.4±0.4 mM, and n = 9.0±1.2, r2 = 0.95. Lipid concentration: 1.5mM. 
From the measurements above, it can be concluded that Mg2+ ions induce aggregation of 
LUVs containing negatively charged lipids. This process can be well described by a 
sigmoidal shape titration curve following the Hill equation. Since Mg2+ binds membrane 
similarly as Ca2+ (albeit slightly weaker) [351], the titration curves of Mg2+ induced LUV 
aggregation can therefore serve as an approximate baseline for studying the effect of Ca2+ 
ions on LUV scattering. 
When repeating the same scattering measurements with Ca2+ ions, the well-defined 
sigmoidal titration curve no longer applied. Instead, the amount of scattering began to 
decrease when Ca2+ ions reached a certain concentration (Fig. 7.13a and 7.13b). Then, the 
effect of Ca2+ was compared to that of Mg2+ ions on the same lipid composition 
(PI(4,5)P2/DOPS/POPC=1/11/88, Fig. 7.13c). Under low cation concentrations 
(<7.5mM), Ca2+ induced slightly stronger aggregation of the LUVs, agreeing with Ca2+ 
having a slightly higher binding affinity than Mg2+ ions towards the same membrane 
[351]. Under higher concentration (>7.5mM), the scattering signals began to flatten out 
and eventually decrease in the presence of Ca2+ ions, while scattering induced by Mg2+ 
ions increased dramatically (Fig. 7.13 c). Additionally, the scattering measurements on 
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the lipid composition of a higher charge density showed a similar difference between 
Mg2+ and Ca2+  (Fig. 7.14). 
 
Figure 7.13 Effect of Ca2+ ions on the scattering of LUVs containing charged lipids.  
(a) Scattering of LUVs (extruded in 50mM NaCl, 7mM Hepes, pH7) in solution of 7mM Hepes, 
pH7 and various concentrations of CaCl2, with osmolarity balanced by NaCl. (b) The amount of 
scattered light as represented by the absorbance at 600nm, the scattering signal begins to decrease 
after reaching a peak at 10mM CaCl2. (c) Comparisons of the scattering of LUVs in Mg2+ (blue) 
and Ca2+ (black) solutions. Lipid composition: Lipid composition: PI(4,5)P2/DOPS/POPC = 
1/11/88, lipid concentration: 1.5mM. 
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Figure 7.14 Effects of Mg2+ and Ca2+ on the scattering of highly charged LUVs.  
The amount of scattered light as represented by the absorbance at 600nm under various 
concentrations of MgCl2 and CaCl2. Lipid composition: PI(4,5)P2/DOPS/DOPE/DOPC = 
5/30/30/35, lipid concentration: 0.5mM. 
Compared to Mg2+, the decrease of scattering signal in the presence of Ca2+ ions most 
likely indicates deformations of the initially quasi-spherical LUVs. Deformed vesicles 
will have smaller effective sizes, and thereby possessing a reduced ability to scatter light. 
Therefore, the effect of Ca2+ ions on the scattering of LUVs suggests that at least 
compared to Mg2+, Ca2+ ions can induce significant deformation of the vesicles, 
supporting the observations in Sections 7.2 to 7.6. 
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CHAPTER 8 Future Outlooks 
8.1 Biophysics of FBP17 membrane interactions 
The F-BAR domain containing protein, FBP17, is arguably one of the most mysterious 
functional proteins in CME. The membrane recruitment dynamics of FBP17 shows 
significant peaks both before and after the scission of CCVs, making the physiological 
function of the protein unclear [21]. Recently, FBP17 was found to organize cell polarity 
in a tension sensitive manner through interactions with proteins that are related to the 
assembly of actin filaments [341, 352]. Therefore, understanding the mechanisms of 
FBP17-membrane interactions will be a key step towards revealing the physiological 
function of the protein.  
In the GUV instability assay, the binding of FBP17 was found to induce an apparent 
decrease of GUV area under a range of membrane tensions (Fig. 8.1), similar to other 
BAR domain proteins that were discussed in Chapters 4 and 5.  However, unlike the 
other BAR domain proteins, no membrane tubes from the GUV could be observed during 
the FBP17 induced GUV area decease (Fig. 8.1a). Instead, in many cases, the binding of 
FBP17 on GUVs led to strong deviations of the global GUV shape from the initial sphere 
(Fig. 8.2 a~d). Such protein-induced global shape deformation of a GUV, which could 
well be the reason that caused the apparent area decrease in Fig. 8.1, was not observed 
with all the other peripheral proteins studied in this thesis (Fig. 8.2 e&f). Moreover, the 
transition densities (obtained from the FBP17 density that induces GUV area decrease) 
are much less sensitive to membrane tension compared to that of endophilin (Fig. 8.1c). 
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Figure 8.1 Binding of FBP17 induces GUV area decrease.  
(a) Time-lapse confocal images showing GUV geometry changes during FBP17_GFP binding. 
Membrane tension: 0.12mN/m. Green: protein channel; Red: Lipid channel. (b) Time-dependent 
FBP_GFP density on GUV (black) and GUV membrane area (blue). The point where GUV area 
starts to decrease is defined as the transition point in (c). (c) Stability diagram of FBP17 (blue 
triangles: transition density; blue circles: maximum density without observable area decrease) as 
well as the best fit with the curvature instability model (red line,) are plotted on top of the 
stability diagram of endophilin N-BAR displayed in Fig. 4.6. GUV lipid composition: 
PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35. Scale bar: 10μm. 
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Figure 8.2 Binding of FBP17 induces global shape deformation of the GUV.  
(a) Time-lapse confocal images showing GUV geometry changes during FBP17_GFP binding. 
The images are flipped upside down. Membrane tension: 0.1mN/m. (b) z-Stack images of the 
final shape of the GUV showed in (a) Green: protein channel; Red: Lipid channel. Scale bar: 
10μm. (c)&(d) Contour analysis (see Appendix D) of the GUV showed in (a). The GUV deviates 
strongly from a sphere as reflected in the angle dependent radius values (c). The angle is defined 
as shown in (a), with a counter-clock wise increase from 0 to 360 degrees. (e)&(f) Contour 
analysis of the GUV showed in Fig. 4.1a, as an example for GUVs experiencing endophilin N-
BAR induced membrane instability. 
The strong deviation of GUV shape (Fig. 8.2d and Fig. 8.7) suggests the formation of an 
elastic protein coat on the GUV surface, albeit the coverage of FBP17 was still relatively 
low (<10%) when the shape deformation happened. To test the possibility of a protein 
coat on the GUV, I next investigated the mobility of FBP17 on the GUV surface. FRAP 
measurements showed that the mobility of FBP17 on the GUV was strongly dependent 
on the surface density of FBP17 (Fig. 8.3). However, the measured FRAP rate can have a 
contribution from the exchange of the bleached FBP17 with the non-bleached ones in the 
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solution. This exchange rate is equivalent to the membrane dissociation rate of FBP17. 
Therefore, to get a more accurate description of how FBP17’s mobility changes with its 
surface density, the density dependence of the protein’s membrane dissociation rate 
should be established at first. 
 
Figure 8.3 Diffusion of FBP17 on GUV membrane.  
(a) FRAP measurement on a GUV (in the boxed region) bound with 7000μm-2 FBP17. (b) 
Analysis of the FRAP experiment in (a), with measured FRAP time = 6100±100s (by fitting to a 
single exponential equation with the saturation value fixed at 1). The slow recovery was due to 
the exchange of bleached FBP17 with the non-bleached ones in the solution (see Fig. 8.4), 
suggesting the protein was no longer mobile on the GUV. (c) FRAP measurement on a GUV (in 
the boxed region) bound with 100μm-2 FBP17. (d) Analysis of the FRAP experiment in (c), with 
measured FRAP time = 18.6±0.8s (by fitting to a single exponential equation with the saturation 
value fixed at 1). The fast recovery of protein signal began from the boundaries of the bleached 
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region (data not shown), suggesting the protein was still mobile on the GUV. The lipids were 
mobile in both situations (data not shown). GUV lipid composition: 
PI(4,5)P2/DOPS/DOPE/DOPC = 5/30/30/35. Scale bar: 10μm. 
Similar to endophilin (see Section 3.4), the dissociation rate of FBP17 decreases 
significantly with the initial FBP17 density on the GUV (Fig. 8.4a&b). The relation 
between the observed FBP17 dissociation time and the protein’s initial density can be 
fitted to  an empirical equation, which allows the real mobility of FBP17 on the GUV to 
be extracted from the measured FRAP rates (Fig. 8.4c). The real FBP17 mobility results 
suggest a transition of FBP17 from mobile to non-mobile after reaching a surface density 
around 1000μm-2. Interestingly, this density roughly coincides with the shape transition 
densities of FBP17 measured in Fig. 8.1c. This indicates that the area decrease observed 
in Fig. 8.1a may be a result of FBP17 forming non-mobile protein coats on the GUV 
surface. 
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Figure 8.4 Membrane dissociation rate of FBP17 increases with the protein’s surface 
density.  
(a)&(b) Measurements of the FBP17 dissociation time on GUVs of different initial densities. The 
relation between dissociation time and initial FBP17 density was fitted to the Hill equation in (a) 
and to an exponential growth equation in (b) (with last two data points averaged). The Hill fit 
(y=70200/(1+3200/x)4.4) better describes the high density region while the exponential fit 
(y=10+810*exp(x/1270)) better describes the low density region. (c) Dependence of the 
measured FRAP rate on the FBP17 density. The red and blue lines are the expected exchange 
rates (between the bleached FBP17 and the non-bleached ones in the solution) based on the 
empirical equations in (a) and (b) respectively. The black line and gray area are the average and 
standard deviation of the measured shape transition densities respectively (Fig. 8.1c).  
8.2 Tension sensitivity of peripheral protein-membrane binding kinetics 
In Section 6.5, I have used α-synuclein as an example to illustrate that the membrane 
binding affinity of peripheral proteins can be affected by the tension of the bilayer. 
However, it’s still not clear which kinetic steps of the protein membrane binding process 
are tension dependent. Moreover, it’s not clear if a protein without membrane area 
expansion ability can still sense membrane tension.  
In Chapter 4, we didn’t observe any effect of tension on the binding ability of endophilin 
(Fig. 4.4b). However, it is possible that the tension range we investigated in Fig. 4.4b was 
too small. Recent MD simulations showed that membrane tension can inhibit BAR 
domain proteins from assembling into oligomers [189]. Cell experiments also showed 
stronger binding of FBP17 when the plasma membrane was under relatively low tension 
[341]. Therefore, understanding the influence of membrane tension on the kinetic rates of 
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protein-membrane binding will be important for elucidating the mechanisms of 
membrane tension sensitivity of peripheral proteins. 
Here, as an example, dissociation rates of endophilin were measured on GUVs of 
different membrane tensions (Fig. 8.5 a&b). The protein was found to dissociate faster on 
higher tension membranes. This agrees with the finding that in vivo, BAR domain 
proteins bind weaker to higher tension membranes [341], as well as that in silico, BAR 
domains are less likely to form oligomers on higher tension membranes [189] (assuming 
oligomers are less-dissociable compared to monomers). This may also be explained by 
the fact that low tension membranes are more likely to adapt to the curved endophilin 
membrane binding interface, thereby exhibiting a higher affinity towards the protein (Fig. 
8.5c).  
 
Figure 8.5 Effect of membrane tension on endophilin dissociation.  
(a) Dissociation traces of endophilin N-BAR (100nM) from GUVs (DOPG/DOPC = 35/65) under 
different membrane tensions. (b) Dissociation time (given by single exponential fit) decreases 
with membrane tension, the red line is the exponential fit of the dissociation time to membrane 
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tension. (c) Proposed model: suppressed membrane fluctuation under high tension makes it 
harder to fully incorporate the positively charged binding interface (blue residues) of N-BAR 
onto the negatively charged membrane, facilitating N-BAR dissociation from GUV. 
8.3 Effect of monovalent cations and polyamines on membrane stability 
In Chapter 7, I have studied the effect of Ca2+ ions on membrane stability. However, the 
ion species with the highest cellular concentrations are mostly monovalent, such as Na+ 
ions and K+ ions. Similar to Ca2+, these ions are also distributed asymmetrically across 
the bilayer, so that the (neuronal) plasma membrane can maintain a resting voltage as 
well as can trigger action potentials through ion fluxes [355]. Local changes in the 
concentration of monovalent cations can also trigger a CIE pathway in plant cells [356]. 
Therefore, it will be interesting to study potential effects of monovalent cations on 
membrane stability. So far, preliminary data suggest that monovalent cations may induce 
instability of GUVs (DOPS/DOPE/DOPC = 45/30/25) when the NaCl asymmetry across 
the bilayer is larger than or equal to 100mM.  
In line with investigating the impact of charged small molecules on membranes, 
polyamines such as spermidine and spermine contain more than two positive charges per 
molecule. However, these charges are distributed along a carbon chain, giving them a 
lower charge density albeit higher total charge compared to Ca2+ ions. Polyamines are 
intimately involved in and required for cell growth and proliferation[357]. Therefore, 
understanding the effect of polyamine on membrane stability is not only physically 
interesting, but also biologically meaningful. Preliminary data regarding the influence of 
spermidine on the scattering ability of LUVs are shown in Fig. 8.6. Interesting behavior 
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was found for spermidine: it affects the scattering of LUVs within only a small range of 
concentrations (0.5~2mM). Further studies are required to understand this phenomenon. 
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Figure 8.6 Influence of spermidine on the scattering of LUVs.  
The amount of scattered light as represented by the absorbance at 600nm under various 
concentrations of MgCl2 (black), CaCl2 (red), or spermidine (green). Lipid composition: 
DOPS/DOPE/DOPC/PI(4,5)P2 = 30/30/35/5, lipid concentration: 0.5mM. 
8.4 The origin of lipid asymmetry across the plasma membrane 
As discussed in Chapter 7, the binding of Ca2+ ions to the negatively charged lipid in the 
membrane was found to induce membrane instability. Nowadays, mammalian cells 
maintain a highly asymmetric distribution of charged lipids and Ca2+ ions across the 
plasma membrane, by having most of the negatively charged lipid on the inner leaflet of 
plasma membrane, while most of the Ca2+ ions outside the cell. By doing this, potentially 
devastating Ca2+ induced membrane instabilities can be avoided. However, the origin of 
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such asymmetries, is still unclear. One possibility is that the increasing concentration of 
Ca2+ ions in sea water (where most of the early cells were in) contributed to the formation 
of the lipid asymmetry. This can potentially be tested by measuring the effect of Ca2+ 
ions on the transmembrane flip-flop rate of charged lipids as well as by measuring the 
zeta-potential of a membrane surface (containing charged lipids) after incubating with 
Ca2+ ions.  
8.5 Physical properties of protein-decorated membranes 
The binding of proteins onto the membrane may change the mechanical properties of the 
bilayer. It is therefore important to understand the physical properties of protein-
decorated membranes in more detail, such as the fluctuation spectra and bending 
rigidities of protein-covered membranes. The possibility of tubular / planar membrane 
shape coexistence will make this task nontrivial. Simulation studies can provide 
additional guidance for designing experiments in this part. Towards accomplishing this 
goal, the flexibility of a protein-coated membrane tube was recently calculated [145]. 
Two promising protein candidates arose from the studies in this thesis, FBP17 and α-
synuclein, may have strong impacts on membrane mechanical properties. 
Firstly, α-synuclein has a constant membrane expansion ability, therefore the response of 
membrane area with respect to tension should be modified accordingly: 
𝐴𝑟𝑒𝑎 = 𝐴0(1 + 𝛥𝑎 ⋅ 𝜌(𝜎)) = 𝐴0 (1 +
𝛥𝑎𝜌𝑚𝑎𝑥
1+
𝐾𝐷
0 exp⁡(
𝜎𝛥𝑎
𝑘𝐵𝑇
)
[𝛼𝑆𝑦𝑛]
) (8.1) 
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Here, A0 represents the tension response of bare membranes as described by equation 
(1.52). Equation 8.1 can be directly tested by measuring the area of GUV membranes 
under different tensions. Interestingly, the part in the parenthesis represents an area-
tension curve of a sigmoidal shape.  
Secondly, FBP17 was found to form non-mobile structures on the (flat) bilayer, which 
shows obvious elastic properties.  Better understanding of the mechanics of such an 
elastic protein-membrane complex may help reveal the physiological function of FBP17. 
8.6 Cooperativity between different peripheral proteins 
Considering the various types of proteins involved in biological processes, another 
important issue is to understand the cooperativity between different types of proteins as 
well as proteins of the same species. Cooperativity of membrane binding between BAR 
domain proteins and dynamin has been examined recently [358]. However, a theoretical 
description of the cooperative kinetics is still missing. For example, studies regarding the 
cooperativity between the same kind of proteins during membrane binding are still 
mostly at a theoretical level [224]. Interestingly, it has been suggested by theoretical 
studies that different protein species may segregate on the membrane according to their 
intrinsic curvature [145, 146], similar to what has been observed in in vivo experiments 
[238].  
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APPENDIX 
A Matlab file to read, crop and slice an image stack 
This code is designed for the purpose of processing an image stack so that it will be easier for 
future image analysis. 
This code allows you to separate the image stack into individual images, choose a region of 
interest on the image (i.e. the GUV), and save the images as ‘n.tif’, with ‘n’ being the frame 
number of the image in the original stack.  
 
To run the code, type, for example,  
cropimage (1,100,’myguv.tif’) 
The last frame of your image stack will pop out, drag and choose a square region of interest. 
 
Here, ‘1’ and ‘100’ are the first and last frames you want to analyze in your image stack 
named ‘myguv.tif’. Every frames in between will also be analyzed. 
 
A warning message will pop out if you are using Matlab versions newer than 2010, the message 
should be ignored. 
 
function y = cropimage(startframe,endframe,image) 
global ROI  
    J = imread(image,endframe); 
    J = J*16;% convert 12 digit to 16 digit. This is for images taken 
with FV300 confocal microscope, delete this line if you are dealing 
with image stacks obtained from elsewhere. 
    imshow (J) 
    ROI = getrect; % Choose the region of interest (a region 
enclosing GUV, leave a marge of at least five pixels surround the GUV) 
    close all 
     
for i = startframe:endframe; 
  
    J = imread(image,i); 
    J = J*16; % This is for images taken with FV300 confocal microscope, 
delete this line if you are dealing with image stacks obtained from 
elsewhere. 
    cropimage = imcrop (J, ROI);  
    filefrac = int2str(i); 
    name = [filefrac '.tif'];   
    imwrite (cropimage, name); % the region of interest is saved 
into individual images with the file name of ‘n.tif’, here ‘n’ is the 
frame number of the image when it was within the stack 
end 
end 
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B Matlab file to appendix an additional stack of the same ROI to the earlier 
cropped files 
This code is intended for the situation where you take multiple image stacks of the same object 
(i.e. GUV) and want to analyze the image stacks all at once.  
This code allows a propagation of the actions you applied to the first image stack with 
‘cropimge.m’ to a second image stack of the same object. Eventually, the same region of interest 
will be cropped out for both image stacks and the images of the second stack will be named after 
the number of the last frame in the first stack. 
 
To run the code, type, for example,  
cropimageaddition (1,50,’myguv2.tif’,100) 
Here, ‘1’ and ‘50’ are the first and last frames you want to analyze in the second image stack 
named ‘myguv2.tif’. ’100’ is the frame number of the last frame in the first stack. So the 
images from the second stack will be named as ‘101.tif’~’150.tif’ 
 
A warning message will pop out if you are using Matlab versions newer than 2010, the message 
should be ignored. 
 
function y = cropimageaddition(startframe,endframe,image,addition) 
global ROI 
for i = startframe:endframe; 
  
    J = imread(image,i); 
    J = J*16; % This is for images taken with FV300 confocal microscope, 
delete this line if you are dealing with image stacks obtained from 
elsewhere. 
    cropimage = imcrop (J, ROI); 
    filefrac = int2str(i+addition); 
    name = [filefrac '.tif']; 
    imwrite (cropimage, name);% save the images from the new stack 
beginning with the file name ‘‘addtion+1’.tif’ 
end 
end 
 
C Matlab file to fit the cropped images to a Gaussian ring 
This code allows you to fit GUV images with the name ‘1.tif’, ‘2.tif’…, ‘n.tif’ to a Gaussian ring. 
If the GUV is aspirated with a pipette, the aspiration region can be excluded. This code will give 
you the fluorescence intensity per arclength on the GUV contour, the radius of the GUV, and the 
apparent width of the GUV (the width of the Gaussian ring). 
To run the code, type, for example,  
guvfit (1,150) 
Here, ‘1’ and ‘150’ are the first and last images you want to analyze. 
The last image will pop out for you to choose three points with your mouse: 1. The apparent 
center of the GUV, 2. The left boundary on the GUV contour that you want to exclude 
(aspirated by pipette), 3. The right boundary on the contour that you want to exclude. 
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The code will then automatically analyze from the last image backwards to the first image image 
by image, the parameters of the previous fit are used as the initial guess for the next fit. 
When the code finishes, a plot of intensity vs frame number will pop out, simultaneously a filed 
named ‘result1_150.txt’ will be saved to your harddrive. 
 
function y = guvfit(startframe,endframe) 
global a b adjustedimage num xmat ymat circlefit xtube ytube; 
 
% Read the last images 
framenum0 = int2str (startframe); 
framenum1 = int2str (endframe); 
name = [framenum0 '.tif']; 
name1 = [framenum1 '.tif']; 
J = imread(name); 
J1 = imread(name1); 
height = size (J,1); 
width = size (J,2); 
  
xvec = 1:width; 
xmat = xvec; 
yvec = (1:height)'; 
ymat = yvec; 
for i = 1:width-1 
    ymat = cat(2,ymat,yvec); 
end 
for i = 1:height-1 
    xmat = cat(1,xmat,xvec); 
end 
 
% Choose initial guesses for the GUV radius and center as well as 
choose the region (pipette) to exclude 
imshow (J) 
figure, imshow (J1) 
[ptsx,ptsy] = getpts; %choose 3 points, following the order of point1: 
center; point2: the left boundary on the membrane that needs to be 
excluded; point3: the right boundary on the membrane that needs to be 
excluded.  
%Notice that the code is assuming the pipette to be on the (upper) 
right side of the image, otherwise, modifications to the code may be 
needed. 
close all 
x0 = ptsx(1); 
y0 = ptsy(1); 
r0 = ((ptsx(2)-x0).^2+(ptsy(2)-y0).^2).^0.5; 
r02 = ((ptsx(3)-x0).^2+(ptsy(3)-y0).^2).^0.5; 
startsigma = 40; 
sintheta1 =(ptsx(2)-ptsx(1))/r0; 
costheta2 = (ptsy(3)-ptsy(1))/r02; 
a = 2000; 
xy = [x0,y0,r0,startsigma,a];  %initial guess of all the fitting 
parameters. 
%Initial guesses for startsigma and a may need to be change depending 
on the the fitted images 
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%Fitting each images to a Gaussian ring 
intensity = zeros(endframe-startframe+1,6);  
for k = endframe:-1:startframe; 
    num=0; 
    xtube = floor(xy(1)+xy(3)*sintheta1); 
    ytube = ceil(xy(2)+xy(3)*costheta2); %xtube and ytube defines the 
boundary of the region chose to be excluded 
 
    framenum = int2str (k); 
    name = [framenum '.tif']; 
    J = imread(name); 
    adjustedimage = double (J); 
 
%Calculating the background 
    bd_w = sum(adjustedimage(:, 1:3)); 
    bd_w = sum(bd_w)/3/height; 
    bd_e = sum(adjustedimage(ytube:height,width-2:width)); 
    bd_e = sum (bd_e)/3/(height-ytube+1); 
    J2 = adjustedimage'; 
    bd_s = sum(J2(:,height-2:height)); 
    bd_s = sum(bd_s)/width/3; 
    bd_n = sum(J2(1:xtube,1:3)); 
    bd_n = sum(bd_n)/xtube/3; 
    b_out = (bd_e+bd_w+bd_n+bd_s)/4; %background from outside the 
GUV 
b_in = mean(mean(adjustedimage(floor(xy(2)-
xy(3)/4):floor(xy(2)+xy(3)/4),floor(xy(1)-
xy(3)/4):floor(xy(1)+xy(3)/4)))); %background from inside the GUV 
     
b = b_out; %Typically using the background from the outside is 
good enough for the fitting. Other wise change this line to 
b=(b_out+b_in)/2 
 
    xy0 = xy; 
    [xy,fval,exitflag] = fminsearch 
(@circlefitter,xy,optimset('TolX',1e-5,'TolFun',1e-3)); 
      
%Show data 
    k 
    %num 
    xy 
     
    figure,imshow (J), title 'rawimage' 
    figure,imshow (adjustedimage, [0,65535]), title 'transition state' 
    figure, imshow (circlefit,[0,65535]), title 'gaussianring' 
figure, imshow (circlefit,[0,65535]) 
  
%Save data to a .txt file with name in the format of 
‘result_startframe_endfram.txt’ 
    j = k-startframe+1; 
if (((abs(xy(3)-xy0(3))/xy0(3)>0.5)||(abs(xy(4)-xy0(4))/xy0(4)>2))) 
% This criteria allows to exclude the images that showed obvious 
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distortion due to electronic malfunction of the confocal computer. 
        xy = xy0; 
        fprintf ('frame %d is wrong!\n', k) 
        intensity (j,:) = 0; 
    else 
         intensity (j,1) = k; %frame number of the image 
         intensity (j,2) = (sum(sum(circlefit)) - 
b*width*height)/(2*pi*xy(3))/sqrt(xy(4)); %Mean intensity of the 
membrane 
         intensity (j,3) = xy(3);%Radius of the GUV 
         intensity (j,4) = (xy(4)).^0.5;%Width of the membrane  
         intensity (j,5) = intensity (j,2)*intensity (j,4)/5;%Mean 
intensity of the membrane corrected for potential focus change. 
Assuming a zoom in factor of 5, for zoom-in of x, divide this value by 
‘x/5’. 
         intensity (j,6) = (intensity (j,3)+intensity (j,4)-5)*0.09207;% 
Radius of the GUV μm. Assuming a zoom in factor of 5, for zoom-in of x, 
divide this value by ‘x/5’. 
    end 
end 
name2 = ['result' framenum0 '_' framenum1 '.txt']; 
save(name2, 'intensity', '-ASCII'); 
end 
 
 
%subfuction: compare the raw image with a Gaussian ring generated from 
parameters in ‘xy’. Return the difference of the fit and raw image 
function [sse] = circlefitter(xy) 
global  b adjustedimage num xmat ymat circlefit xtube ytube; 
x0 = xy(1); 
y0 = xy(2); 
r0 = xy (3); 
sigma_r = xy (4); 
a0 = xy (5); 
rmat = ((xmat-x0).^2+(ymat-y0).^2).^0.5; 
circlefit = a0*exp(-(rmat-r0).^2/sigma_r)+b; 
adjustedimage (1:ytube,xtube:end) = circlefit (1:ytube,xtube:end); % 
the pipette region is represent by the average result of the rest of 
the image 
sse = sum(sum((adjustedimage - circlefit).^2)); 
num = num+1; 
end  
D Matlab file to track the contour of an aspirated GUV 
This code is intended for tracking the contour of a GUV to determine if there are strong 
deformations of the GUV’s global shape. ‘guvfit.m’ is used to find the center and average radius 
of the GUV. Then, the GUV image is scanned row by row and then column by column to 
determine the exact position of the GUV countour. 
 
To run the code, type, for example,  
guvfitcontour (1,150) 
The other steps are the same as the code ‘guvfit.m’. After fitting and scanning each image, a plot 
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of the tracked image will pop out, simultaneously a file named ‘Framencontoursort.txt’will be 
saved to your harddrive 
 
function y = guvcontour(startframe,endframe) 
  
global a b adjustedimage num xmat ymat circlefit xtube ytube; 
  
%global b_in b_out bmat 
framenum0 = int2str (startframe); 
framenum1 = int2str (endframe); 
name = [framenum0 '.tif']; 
name1 = [framenum1 '.tif']; 
J = imread(name); 
J1 = imread(name1); 
height = size (J,1); 
width = size (J,2); 
  
xvec = 1:width; 
xmat = xvec; 
yvec = (1:height)'; 
ymat = yvec; 
for i = 1:width-1 
    ymat = cat(2,ymat,yvec); 
end 
for i = 1:height-1 
    xmat = cat(1,xmat,xvec); 
end 
  
imshow (J) 
figure, imshow (J1) 
[ptsx,ptsy] = getpts; 
close all 
x0 = ptsx(1); 
y0 = ptsy(1);%note ptsx stores the column number, ptsy stores the row 
number 
r0 = ((ptsx(2)-x0).^2+(ptsy(2)-y0).^2).^0.5; 
r02 = ((ptsx(3)-x0).^2+(ptsy(3)-y0).^2).^0.5; 
startsigma = 40;%may need to change depending on the quality of the 
data , good ones, sigma<20 
sintheta1 =(ptsx(2)-ptsx(1))/r0; 
costheta2 = (ptsy(3)-ptsy(1))/r02; 
% upper=round((ptsy(4)+ptsy(5))/2); 
% left=round((ptsy(6)+ptsy(7))/2); 
upper=round(ptsy(4)); 
left=round(ptsx(5)); 
  
a = 2000;%may need to change 
xy = [x0,y0,r0,startsigma,a]; 
intensity = zeros(endframe-startframe+1,6); 
for k = endframe:-1:startframe; 
    num=0; 
    xtube = floor(xy(1)+xy(3)*sintheta1); 
    ytube = ceil(xy(2)+xy(3)*costheta2); 
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    framenum = int2str (k); 
    name = [framenum '.tif']; 
    J = imread(name); 
    adjustedimage = double (J); 
     
    bd_w = sum(adjustedimage(:, 1:3)); 
    bd_w = sum(bd_w)/3/height; 
    bd_e = sum(adjustedimage(ytube:height,width-2:width)); 
    bd_e = sum (bd_e)/3/(height-ytube+1); 
    J2 = adjustedimage'; 
    bd_s = sum(J2(:,height-2:height)); 
    bd_s = sum(bd_s)/width/3; 
    bd_n = sum(J2(1:xtube,1:3)); 
    bd_n = sum(bd_n)/xtube/3; 
    b_out = (bd_e+bd_w+bd_n+bd_s)/4; 
    b = b_out; 
     
    xy0 = xy; 
    [xy,fval,exitflag] = fminsearch 
(@circlefitter,xy,optimset('TolX',1e-5,'TolFun',1e-3)); 
      
xc=xy(1); 
     yc=xy(2); 
     xci=round(xc); 
 
     initialguess1=[10000,ptsx(4),5]; 
     initialguess2=[10000,xc-ptsx(4),5]; 
     contoury=zeros(height,4); 
     for i=upper:2:height-4; 
         maxpix= max (max(adjustedimage(i:i+4,:))); 
         line = mean(adjustedimage(i:i+4,:)); 
         if (max(line)>maxpix/3); 
             line1=line(1:xci); 
             line2=line(xci+1:end);  
              
             xline1=1:size(line1,2); 
             xline2=1:size(line2,2); 
             [pfit1,residual]=fminsearch(@(p) norm(p(1).*exp(-
0.5.*((xline1-p(2))./p(3)).^2)+b -line1) , initialguess1); 
             xpeak1=pfit1(2); 
              
             [pfit2,residual]=fminsearch(@(p) norm(p(1).*exp(-
0.5.*((xline2-p(2))./p(3)).^2)+b -line2) , initialguess2);  
             xpeak2=pfit2(2)+xci; 
              
             ypeak=i+2; 
                if ((xpeak1<xci+1)&&(xpeak1>0)&&(abs(xpeak1-
initialguess1(2))<20)) 
                radius1=((xpeak1-xc)^2+(ypeak-yc)^2)^.5; 
                if (ypeak>yc) 
                 ang1=90-asin((xpeak1-xc)/radius1)*180/pi; 
                else 
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                  ang1=270+asin((xpeak1-xc)/radius1)*180/pi; 
                end 
                contoury (i,1) = ang1; 
                contoury (i,2) = radius1; 
                contoury (i,3)=xpeak1; 
                contoury (i,4)=ypeak; 
                initialguess1=pfit1; 
             end 
              
             if ((xpeak2<width+1)&&(xpeak2>xci)&&(abs(xpeak2-xci-
initialguess2(2))<20)) 
                radius2=((xpeak2-xc)^2+(ypeak-yc)^2)^.5; 
                if (ypeak>yc) 
                 ang2=90-asin((xpeak2-xc)/radius2)*180/pi; 
                else 
                  ang2=270+asin((xpeak2-xc)/radius2)*180/pi; 
                end 
                contoury (i+1,1) = ang2; 
                contoury (i+1,2) = radius2; 
                contoury (i+1,3)=xpeak2; 
                contoury (i+1,4)=ypeak; 
                initialguess2=pfit2; 
             end 
  
         end 
     end 
      
     yci=round(yc); 
     initialguess1=[10000,ptsy(5),5]; 
     initialguess2=[10000,yc-ptsy(5),5]; 
     contourx=zeros(width,4); 
     for i=left:2:width-4; 
         maxpix= max (max(adjustedimage(:,i:i+4))); 
         line = mean(adjustedimage(:,i:i+4),2); 
         if (max(line)>maxpix/3); 
             line1=line(1:yci); 
             line2=line(yci+1:end);  
              
             xline1=1:size(line1,1); 
             xline1=xline1'; 
             xline2=1:size(line2,1); 
             xline2=xline2'; 
             [pfit1,residual]=fminsearch(@(p) norm(p(1).*exp(-
0.5.*((xline1-p(2))./p(3)).^2)+b -line1) , initialguess1); 
             ypeak1=pfit1(2); 
              
             [pfit2,residual]=fminsearch(@(p) norm(p(1).*exp(-
0.5.*((xline2-p(2))./p(3)).^2)+b -line2) , initialguess2);  
             ypeak2=pfit2(2)+yci; 
              
             xpeak=i+2; 
             if ((ypeak1<yci+1)&&(ypeak1>0)&&(abs(ypeak1-
initialguess1(2))<20)) 
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                radius1=((xpeak-xc)^2+(ypeak1-yc)^2)^.5; 
                if (xpeak>xc) 
                 ang1=360+asin((ypeak1-yc)/radius1)*180/pi; 
                else 
                  ang1=180-asin((ypeak1-yc)/radius1)*180/pi; 
                end 
                contourx (i,1) = ang1; 
                contourx (i,2) = radius1; 
                contourx (i,3)=xpeak; 
                contourx (i,4)=ypeak1; 
                initialguess1=pfit1; 
             end 
              
             if ((ypeak2<height+1)&&(ypeak2>yci)&&(abs(ypeak2-yci-
initialguess2(2))<20)) 
                radius2=((ypeak2-yc)^2+(xpeak-xc)^2)^.5; 
                if (xpeak>xc) 
                 ang2=asin((ypeak2-yc)/radius2)*180/pi; 
                else 
                  ang2=180-asin((ypeak2-yc)/radius2)*180/pi; 
                end 
                contourx (i+1,1) = ang2; 
                contourx (i+1,2) = radius2; 
                contourx (i+1,3)=xpeak; 
                contourx (i+1,4)=ypeak2; 
                initialguess2=pfit2; 
             end 
  
         end 
     end 
      
     ang45_135=(contourx(:,1)>=45)&(contourx(:,1)<135); 
     ang45_135mat=ang45_135; 
     for i = 1:3 
         ang45_135mat = cat(2,ang45_135mat,ang45_135); 
     end 
      
     ang225_315=(contourx(:,1)>=225)&(contourx(:,1)<315); 
     ang225_315mat=ang225_315; 
     for i = 1:3 
         ang225_315mat = cat(2,ang225_315mat,ang225_315); 
     end 
     angx=ang45_135mat+ang225_315mat; 
     contourx=contourx.*angx; 
      
     %contoury(contoury==0)=nan; 
     ang135_225=(contoury(:,1)>=135)&(contoury(:,1)<225); 
     ang135_225mat=ang135_225; 
     for i = 1:3 
         ang135_225mat = cat(2,ang135_225mat,ang135_225); 
     end 
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ang315_45=((contoury(:,1)>=315)&(contoury(:,1)<360)|((contoury(:,1)>=0)
&(contoury(:,1)<45))); 
     ang315_45mat=ang315_45; 
     for i = 1:3 
         ang315_45mat = cat(2,ang315_45mat,ang315_45); 
     end 
     angy=ang315_45mat+ang135_225mat; 
     contoury=contoury.*angy; 
  
     contour=cat(1,contourx,contoury); 
     contour(contour==0)=nan; 
     [Y,I]=sort(contour(:,1)); 
     contoursort=contour (I,:); 
     name = ['Frame' framenum 'contoursort' '.txt']; 
     save(name, 'contoursort', '-ASCII'); 
     plot(contoursort(:,1),contoursort(:,2)),hold on; 
end 
end 
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